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Summary 

About two thirds of Earth is covered by oceans of which less than 2 % constitute marine vegetation. 

Yet, marine vegetation serves crucial ecosystem functioning and is especially vital to the health of 

coastal ecosystems. Macroalgae display one group of marine vegetation which can form ecological 

habitats that are not only impressive by their dimensions but also with regards to biodiversity and 

primary production. Among algal compounds, polysaccharides play an important role as bioactive 

polymers and food source for heterotrophic organisms. Especially anionic polysaccharides are of 

high scientific interest as they define the 3D structure of the algae and sequester carbon in form of 

sinking particles from the photic zone to the deep sea. Detailed insights into the enzymatic 

machinery of heterotrophic bacteria capable to utilize algal polysaccharides contributes to a better 

understanding of carbon cycling and food web dynamics in the marine environment. In the present 

dissertation, I investigated different aspects of bacterial utilization of three anionic polysaccharides 

from macroalgae – ulvan, alginate and fucoidan. 

For the first project, I determined the protein structures of ulvan-degrading enzymes from 

Formosa agariphila KMM3901T, an algae-associated bacteria of the phylum Bacteroidetes. 

Bacteroidetes are globally abundant and efficient carbohydrate utilizers and therefore, key 

degraders of algae-derived organic matter. The combination of biochemical, cultivational and 

proteomic approaches alongside with the novel protein structures revealed molecular insights into 

ulvan utilization. We solved the structures of an endo-acting GH39 with a novel activity towards 

α-1,4-L-rhamnose, an exo-acting β-glucuronidase of family GH2, and an arylsulfatase of subfamily 

S1_8 which removes the sulfate group of an ulvan disaccharide. 

In the second project, I combined structural and biochemical characterization of fucosidases 

to elucidate fucoidan utilization by the remarkable carbohydrate-degrader ‘Lentimonas’ sp. CC4. 

Fucoidan is a compositional and structural versatile class of fucose-containing sulfated 

polysaccharides. This complex class of glycans has been considered more resistant to microbial 

degradation than others, and thereby may act as potential carbon sink. 

The research in the present dissertation delivered molecular insights into the function and structure 

of glycan-degrading enzymes. These findings will contribute to a greater understanding of the 

utilization of anionic polysaccharides by marine heterotrophic bacteria. Consequently, using 

bacterial enzymes as analytical tools to investigate the turnover rates of anionic polysaccharides 

will elucidate their fate in the marine carbon cycle.  
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Zusammenfassung 

Etwa zwei Drittel der Erde sind von Ozeanen bedeckt, von denen Vegetation lediglich 2 % 

ausmacht. Nichtsdestotrotz ist diese unerlässlich für die Funktionsweise von marinen Ökosystemen 

und vor allem der Integrität von Küstenhabitaten. Die Gruppe der Makroalgen zeichnen sich durch 

das Ausbilden großer Habitate aus, die sowohl mit einer hohen Biodiversität als auch intensiver 

Primärproduktion einher gehen. Unter den Bestandteilen der Algen nehmen die Polysacharide der 

Makroalgen als bioaktive Polymere and Nahrungsquelle für heterotrophe Organismen eine 

essenzielle Rolle ein. Insbesondere anionische Zucker sind dabei von hohem wissenschaftlichem 

Interesse, da sie nicht nur die 3D-Struktur der Makroalgen definieren, sondern auch die 

Sedimentierung von organischer Materie beeinflussen indem sie Partikel bilden, welche bis in die 

Tiefsee absinken. 

Detaillierte Einblicke in die enzymatischen Abbaumechanismen heterotropher Bakterien tragen zu 

einem besseren Verständnis von der Dynamik der Nahrungsnetzte und dem Kohlenstoffkreislauf 

im Meer bei. In der vorliegenden Dissertation habe ich verschiedene Aspekte der bakteriellen 

Verwertung der folgenden anionischen Polysaccharide untersucht: Ulvan, Alginat und Fucoidan. 

Im ersten Projekt habe ich die Proteinstrukturen von Ulvan-abbauenden Enzymen von 

Formosa agariphila KMM3901T, einem algenassoziierten Bakterium des Stammes Bacteroidetes, 

bestimmt. Bacteroideten sind weltweit vorkommende, effiziente Kohlenhydratabbauer. Folglich 

spielen sie eine Schlüsselrolle im Abbau der aus Algen stammenden organischen Materie. Die 

Kombination von Kultivierungsansätzen, Proteomik und biochemischer Charakterisierung von 

Enzymen zusammen mit den Proteinstrukturen ergab neuartige Einblicke in den Abbauprozess von 

Ulvan auf molekularer Ebene. Wir haben die Strukturen einer neuen endo-α-1,4-L-Rhamnosidase 

der Familie GH39, einer exo-β-Glucuronidase der Familie GH2 und einer Arylsulfatase der 

Unterfamilie S1_8, welche die Sulfatgruppe eines Ulvandissachrids entfernt, gelöst.  

Im zweiten Kapitel befasste ich mich mit dem Abbau von Fucoidan von ‘Lentimonas‘ sp. 

CC4 mit dem Fokus auf der biochemischen und strukturellen Charakterisierung von Fucosidasen. 

Fucoidane bilden eine komplexe Klasse von Fucose-haltigen sulfatisierten Polysacchariden, die 

aufgrund ihrer strukturellen Komplexität eine höhere Resistenz gegenüber mikrobieller Verwertung 

aufweist und somit potenziell als Kohlenstoffsenke dient. 

Die Forschung dieser Dissertation lieferte neue Erkenntnisse in die molekulare Funktionsweise und 

3D-Struktur von Polysaccharid-abbauenden Enzymen. Somit tragen diese Ergebnisse zu einem 

besseren Verständnis der Polysaccharidnutzung durch heterotrophe Bakterien bei. Die Anwendung 

dieser bakteriellen Enzyme als Werkzeuge zur Bestimmung der Umsatzraten kann zukünftig dazu 

beitragen, die Rolle von Algenzuckern im marinen Kohlenstoffkreislauf aufzuschlüsseln. 
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Introduction 

The impact of microbes on the marine carbon cycle 

Since the industrial revolution, humans have introduced more greenhouse gases into the atmosphere 

than ever. These increasing numbers mainly derive from fossil fuel burning and are of great concern 

due to their effect on weather and climate (IPCC report 2013) but also in global biochemical cycles. 

The oceans play a crucial role in the global carbon cycle. They are one of the main reservoirs and 

the most important sink for the greenhouse gas carbon dioxide (CO2), holding 50 times more carbon 

than the atmosphere (Falkowski et al. 2000). 

Carbon is an important component of both oceanic inorganic and organic matter (OM), which is 

not exclusively of marine origin. Terrestrial inputs from rivers in coastal areas (Blair and Aller 

2012), and windblown dust (Mahowald et al. 2005) affect food web dynamics and marine 

communities which in consequence complicate investigations on the composition and fate of 

marine organic matter. Both organic and inorganic carbon occurs in its dissolved or particulate 

form. Dissolved inorganic carbon (DIC) – including carbonate (CO3
2-), bicarbonate (HCO3

-), 

carbonic acid H2CO3 and carbon dioxide (CO2) – precipitate into particulate inorganic carbon (PIC) 

in the form of CaCO3 via both abiotic and biotic processes. Vice versa, PIC can be retransferred 

into DIC via dissolution or can be converted to particulate organic carbon (POC) via 

chemoautotrophy or photosynthesis by primary producers. POC becomes DOC due to abiotic and 

biotic fragmentation and disaggregation, whereas PIC is produced from POC only via consumption 

and respiration by heterotrophs (Wallmann and Aloisi 1992; Emerson and Hedges 2008; Ciais et 

al. 2013). Spontaneous assembly of DOC can result in POC (Chin et al. 2003), while UV exposure 

leads to DOC (e.g. Mopper and Kieber 2002; Cory et al. 2015; Shen and Benner 2018) but also the 

formation of DIC (Porcal et al. 2015). 

Two main processes are driving the flux of carbon from the atmosphere to the oceans – the 

biological and the physical carbon pump, consisting of the solubility and the carbonate pump. The 

biggest oceanic carbon pool is the DIC, which main source is the abiotic dissolution of atmospheric 

CO2 into the surface water. The transformation of CO2 into its aqueous forms carbonic acid 

determines seawater’s pH. The counter process to the so-called solubility pump is the carbonate 

pump, which describes the biotic conversion of DIC to PIC. Marine organisms such as corals and 

coccolithophores – a globally distributed eukaryotic phytoplankton group – produce calcium 

carbonate, which is the main compound of their skeletons and shells, respectively (Wallmann and 

Aloisi 1992; Emerson and Hedges 2008; Ciais et al. 2013).  

In the oceans, inorganic carbon is mainly fixed as CO2 by phytoplankton. Phytoplankton are 

photoautotrophic floating eukaryotic (e.g. diatoms) and bacterial (e.g. cyanobacteria) organisms 
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that are unable to actively swim against a water current. Phytoplankton constitutes the basis of the 

marine food web. Like plants, they convert CO2 into oxygen and biomass, which serves as carbon 

and energy source for all trophic levels (Fig. 1). About one-half of the global net primary production 

(NPP) is performed by marine microalgae (Field et al. 1998), yet they only account for ~ 1% of the 

global plant biomass (Behrenfeld 2014). The turnover rate of organic matter in the oceans, 

especially in the photic zone (first ~ 200 m) is remarkable. About 60-99 % of all assimilated carbon 

is directly used by marine bacteria (Fuhrman and Azam, 1982; Azam and Malfatti, 2007 and 

references therein), while the rest is either processed by other organisms of the food web or is 

exported into the deep sea via the biological pump (Buchan et al. 2014). Marine bacteria transform 

photosynthetically derived organic matter so that it becomes again accessible to other organisms. 

This process is known as the microbial loop (Azam et al. 1983). The most frequent and best studied 

bacteria involved in this process belong to the classes of Flavobacteriia, Alphaproteobacteria and 

Gammaproteobacteria (Buchan et al. 2014 and references therein). But also auto-catalyzed cell 

death (Berges and Falkowski 1998), weathering, viral infection (Suttle et al. 1990) and sloppy 

feeding of zooplankton contribute to the two main carbon pools – dissolved (DOM) and particulate 

organic matter (POM).  

The fate of DOM and POM is currently intensively studied. Global assessment of the turnover rates 

and the degradation of both OM pools help us to identify sinks and sources for carbon as well as to 

gain a better understanding of biochemical cycles and food web dynamics. Certain fractions of 

POM and DOM are more resistant to microbial degradation than others, leading to the transport of 

organic matter into the deep sea (Fig. 1). These processes are known as biological and microbial 

carbon pump (Jiao et al. 2010; Jiao and Zheng 2011; Jiao et al. 2014; Jiao et al. 2018). The long-

term storage of OM of up to thousands of years in the deep sea has an important effect on food web 

dynamics. Nevertheless, microbial degradation of DOM and POM by free-living and particle-

associated bacteria is taking place throughout the water column and even in deep sea sediments 

(Buchan et al. 2014 and references therein). Recent studies suggest that the fate of organic matter 

might be determined due to inorganic matrix shielding these potential substrates from further 

degradation (Hedges et al. 2001). However, the oceans are a constantly changing environment. 

Water masses in the deep sea are transported around the globe. OM from one location gets exposed 

to a different microbial community in another location which might possess a different strategy 

capable to utilize these substances (Shen and Benner 2018).  

The fate of organic matter and the role of microbes is still not completely understood, but what 

seems clear is that the circulation of water masses and the metabolic diversity of bacteria influence 

the type of molecule that is consumed but also its lifetime in the marine environment (Shen and 

Benner 2018). 
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Figure 1. The marine carbon cycle (Buchan et al. 2014). (1) Inorganic carbon is fixed by phytoplankton 

and (2) converted into organic material, which can either be secreted as dissolved organic matter (DOM) or 

released as particulate organic matter (POM) due to weathering and (3) grazing by zooplankton. (4) 

Heterotrophic bacteria remineralize both carbon pools, (5) while a certain proportion cannot be further 

catabolized and becomes recalcitrant (RDOC). (6) Some compounds of the phytoplankton-derived DOM can 

aggregate and become POM, which is extensively colonized by microbes while sinking to the deep sea 

(defined as >1,000 m depth). (7) Viruses affect the release of POM and DOM from the phytoplankton and 

bacterial community due to cell lysis. 

 

Ecological relevance of macroalgae blooms 

“Every second breath one takes comes from the oceans1” 

“Algae contribute to half of the global carbon fixation2” 

“Algae as primary producers are the foundation of aquatic ecosystems3” 

“Algae blooms trigger a subsequently succession of bacterioplankton species4” 

The above-mentioned statements mainly refer to microalgae or phytoplankton, but what is the 

ecological relevance of macroalgae and how do they effect marine ecosystems and food web dyna- 

                                                      
1 Data from: Emerson et al., 2008 and 2010 in Global Biogeochemical Cycles and Deep-Sea Research I 
2 Data from: Field et al., 1998 in Science 
3 Quay et al., 2008 in Global Biogeochemical Cycles 
4 Data from: Teeling et al., 2012 in Science Reports 
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mics? To what extent are macroalgae contributing to the marine carbon cycle? 

About two thirds of Earth is covered by oceans of which less than 2 % are covered by marine 

vegetation (Duarte and Cebrián 1996). Marine vegetation is comprised of seagrasses, mangroves, 

salt marshes and algae. Despite their name, seagrasses are the only marine representatives of 

flowering plants (angiosperms). In contrast, algae do not resemble vascular plants but belong to the 

protists (Macreadie et al. 2017). Algae can be found all over the world and are classified into two 

major groups – macroalgae or seaweed and microalgae or phytoplankton (El Gamal 2010). 

Macroalgae are multicellular or siphonocladous protistan that are divided into three classes – green 

algae (Chlorophyta), brown algae (Phaeophyta) and red algae (Rhodophyta). Today there are more 

than 17000 species within almost 1500 genera known. Macroalgae are more dominant and 

taxonomically diverse in tropical regions but can be found in all latitudes including the polar 

regions, where vertical distribution is limited by light penetration (Garbary et al. 2001; Macreadie 

et al. 2017). 

Contrary to microalgae, the impact of macroalgae on the marine carbon cycle is often not considered 

as they make less contribution to primary production and respiration (Duarte et al. 2004). Yet, they 

serve important ecological roles and are vital to the functioning and health of coastal ecosystems: 

(i) Ecosystem engineers: macroalgae form habitats and nursery grounds for diverse organisms. 

Fishes and invertebrates can be found in kelp forests and beds dominated by the order Laminariales 

and Fucales (Kirkman and Kendrick 1997; Macreadie et al. 2017; Gower and King 2019). By doing 

so they also increase and sustain marine biodiversity (Duarte et al. 2004). (ii) Together with seagrass 

macroalgae are the world’s primary fishing grounds (Macreadie et al. 2017). (iii) Nutrient source: 

algae are an important nutrient source for many herbivore (grazers), but also for marine bacteria as 

they actively and passively release external organic metabolites (Khailov and Burlakova 1969; 

Neumann et al. 2015; Macreadie et al. 2017). (iv) In vegetated ecosystems macroalgae have a high 

contribution to respiration and gross primary production (Duarte et al. 2004) and thereby oxygenate 

the water, recycle nutrients, trap and stabilize sediments (Macreadie et al. 2017). (v) Influence the 

sedimentation of organic material: vegetated marine habitats contribute to almost half of the carbon 

burial in the coastal and global ocean (Duarte et al. 2004). Recent studies propose that they 

contributed to carbon sequestration for more than 2.1 billion years and about 173 TgC per year of 

which ~ 88% is sequestered in the deep sea (Krause-Jensen and Duarte 2016). About 43 % of their 

NPP is exported to sediments (Duarte and Cebrián 1996), especially due to phenols and refractory 

carbon compounds (Krause-Jensen and Duarte 2016). Hence, macroalgae act as important carbon 

donors in coastal ecosystems and make a meaningful impact on global blue carbon sequestration 

(Nellemann et al. 2009). 
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Within recent years, macroalgae gained popularity not only as food source but also as interesting 

candidates for applications in various sectors. They serve as phycocollides in biotechnology (e.g. 

agar for microbial growth) and industry (e.g. ingredient in food and cosmetics), but are also used in 

pharmacy as source for vitamins or drug candidates (El Gamal 2010 and references therein). 

Moreover, they are known as source of a number of oil deposits (Krause-Jensen and Duarte 2016), 

as fertilizer by local farmers (Smetacek and Zingone 2013), for biogas- and fuel (Wargacki et al. 

2012a; Kawai and Murata 2016; Lara et al. 2020) and biomaterial production (Cesário et al. 2018).  

Due to climate change and other anthropogenic activities leading to higher temperatures and 

eutrophication of coastal waters, algae must adapt to changing ecosystems. On one hand loss of 

kelp forests and consequently the loss of habitat for many marine species increases, but on the other 

hand biomass proliferation of specific algal species increases (Krause-Jensen and Duarte 2016). 

Seaweed tides like microalgae blooms are normal ecological phenomena known for centuries. For 

instance, golden tides composed of Sargassum sp. are known to occur along beaches between the 

Gulf of Mexico and Bermuda in summer, whereas green tides of Ulva sp. occur all over the world. 

Within the last years, seaweed tides have extended dramatically, reaching an unprecedented degree 

of dimensions and geographical areas (Liu et al. 2013; Smetacek and Zingone 2013; Wang et al. 

2019a). The exact impacts of such events remain unclear, but certain shore-based activities 

including tourism already note negative effects (Gower and King 2019). Seaweed tides can drift 

long-distances on a horizontal but also vertical scale (Krause-Jensen and Duarte 2016), thereby 

acting as carbon donors to other long-term sequestration habitats (Hill et al. 2015). Macro- but also 

microalgae are capable of outcompeting other marine groups due to higher nutrient up‐take rates. 

Especially coastal ecosystems under high nutrient input from e.g. rivers due to agriculture have an 

increased risk of shift in primary producers, which can lead to alterations in community and food 

web structures and ultimately in a loss of biodiversity and carbon sequestration function (Macreadie 

et al. 2017). 

As for many other ecosystems such as corals or the intestinal system of ruminants, the health of 

macroalgae depends on its microbiota (Fernandes et al. 2012). Macroalgae interact with microbes 

located in the surrounded seawater or on the algae itself. The microbial surface colonization is 

characterized by a strong taxonomically diversity and depends greatly on host specificity as well as 

spatial and temporal variations (Martin et al. 2014 and references therein). Epiphytic communities 

include Alpha- and Gammaproteobacteria, Bacteroidetes, Cyanobacteria and members of the PCV 

(Planctomycetes-Clamydia-Verrucomicrobia) superphylum (Lachnit et al. 2011; Mann et al. 2013; 

Barbeyron et al. 2016b; Avcı et al. 2017). The so-called seaweed-holobiont represent a symbiosis, 

in which the algae provides oxygen, nutrients and carbon sources (e.g. in form of polysaccharides) 

for associated microbes, which in return improve the performance and the resilience of algae by 

providing CO2, fixed nitrogen, inhibitors against other biofouling organisms (Egan et al. 2013 and 
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references therein). Epibiotic microbes are often fast colonizers, highly adaptive and enriched in 

polysaccharide-degrading bacteria which play a key role in the rapid metabolization of algal 

biomass and exudates (Goecke et al. 2010; Martin et al. 2015; Ihua et al. 2019). Polysaccharide-

degrading bacteria are specialized for certain algal glycans to deal with intra- and interspecies 

competition. Marine Vibrios repeatedly acquired and expanded their metabolic repertoire leading 

to a fine scale ecophysiological differentiation among species. Their macroalgae associated lifestyle 

specialized on the same macroalgal glycan has led to a specialization into three ecophysiological 

types: (i) the pioneers which degrade the glycan into smaller oligosaccharides, which can directly 

be taken up by the (ii) scavengers or (iii) further extracellular degraded by harvesters (Hehemann 

et al. 2016; Corzett et al. 2018). This concept of coexistence of microbes has been further expanded 

to Bacteroidetes, Planctomycetes and Gammaproteobacteria. Selfish bacteria degrade glycans 

which are directly taken up, whereas sharing bacteria provide hydrolysis byproducts to scavenging 

bacteria which do not possess hydrolytic capacity (Reintjes et al. 2018). 

 

Anionic polysaccharides and the degrading enzymatic machinery 

Macroalgae are taxonomically diverse, consisting of several lineages with complex, independent 

evolutionary histories. Like plants they have evolved structurally versatile, dynamic, carbohydrate-

rich cell walls over millions of years. Because of the unique biochemistry as well as the arrangement 

and interlinkage of polymers, the biosynthesis and also the metabolism of algae cell walls is still 

not fully understood (Popper et al. 2011). In general, algal cell walls are composed of a fibrillar 

skeletal framework with phenols and an extensive polysaccharide matrix (Macreadie et al. 2017). 

Especially the structural complexity of cell wall polysaccharides leads to a high variability in 

decomposition rates (Hill et al. 2015). The polysaccharide composition differs depending on the 

algal species, the part of the algae, the developmental and life-cycle stage but also abiotic factors 

such as temperature and geographical location (Popper et al. 2011). 

Polysaccharides or glycans are monosaccharides linked by glycosidic bonds, resulting in either 

homoglycans (i.e. single sugar constitute) or heteroglycans constituted of multiple different 

monosaccharides. Both types are characterized and distinguished by the ring size of the monomer, 

anomeric configuration, position of linkage, absence or presence of branching and their charge – 

neutral (e.g. laminarin), positively or cationic (e.g. chitosan) or negatively charged or anionic 

polysaccharides (e.g. fucoidan, ulvan, alginate). The classification is based on the repetitive features 

(Aspinall 1983), which in theory leads to an almost infinite number of possible structures (Laine 

1994). Polysaccharides are polymeric macromolecules that are synthesized by fungi, plants, 

bacteria and algae. Most marine organisms produce heteroglycans (Bajpai et al. 2014). Algae 

produce polysaccharides as energy and carbon source or to structure their cell wall. Due to their 
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location in coastal areas macroalgae are exposed to rapid changes of large amplitude in physical 

and chemical parameters because of the tidal cycles. Therefore, they have evolved structural 

versatile and complex cell wall systems (Fig. 2) to support the thallus (Deniaud-Bouët et al. 2017 

and references therein). The cell wall rigidity of the brown algae order Fucales is caused by fucose-

containing sulfated polysaccharides (FCSPs) and alginate, which is cross-linked with polyphenols 

and ions such as calcium (Deniaud-Bouët et al. 2014). In addition, cell wall polymers have 

specialized functions in algal development, cell adhesion and cell differentiation as well as 

protectant against pathogens (Deniaud-Bouët et al. 2017 and references therein) and heavy metals 

(Andrade et al. 2010). Especially anionic, i.e. negatively charged, polysaccharides seem to be of 

great importance. For instance, they can assist in the passive cellular ion transport by selective 

cation binding (Deniaud-Bouët et al. 2017 and references therein). Carboxylated polysaccharides 

like alginate are known to elicit the expression of defense responses in Laminaria digitate (Küpper 

et al. 2001), whereas sulfated polysaccharides cope with desiccation and osmotic stress at low tide. 

They facilitate water and ion retention in extracellular matrices (Mabeau and Kloareg 1987; 

Shepherd et al. 1999) and are excreted as slime to protect the algae from excessive UV exposure 

(Aspinall 1983). 

 

Figure 2. Cell wall structure of brown algae (Deniaud-Bouët et al. 2014). The cell walls of algae species 

from the order Fucales are characterized by hemicellulose and cellulose microfibrils, which are interlinked 

by the polysaccharides fucoidan and alginates.  

 

Anionic polysaccharides are widely used in industry and pharmacy. Their main applications are 

stabilizers, thickeners and emulsifiers in food and cosmetics due to their gelling property (Kraan 

2012; Bajpai et al. 2014). Recent clinical investigations demonstrated antioxidant, anticancer, 
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anticoagulant, anti-inflammatory, immunostimulatory, anticoagulant, antiviral, antiproliferative, 

anti-apoptic and antitumor properties (Laurienzo 2010; Croci et al. 2011; Ustyuzhanina et al. 2014; 

De Jesus Raposo et al. 2015; Thirumurugan and Dhanaraju 2017). Especially fucoidans are heavily 

studied for their potential drug usage treating several diseases (Gurpilhares et al. 2016; Garcia-

Vaquero et al. 2017). 

Nonetheless, the role of anionic polysaccharides in the marine carbon cycle is still barely 

understood. In the presence of divalent cations such as calcium, anionic polysaccharide form gel 

particles, which are three-dimensional networks of biopolymers imbedded in seawater. They can 

be formed from DOM or polymer chains released by phytoplankton or bacteria. Marine gels vary 

in composition, size and formation time. Anionic polysaccharides increase the stickiness of 

particles, which in turn influences the fate of sinking particles. Micro- and nanogels can gain size 

by continued annealing and collision forming macrogels such as transparent exopolymers (TEP), 

which is important regarding sedimentation processes of organic matter and thereby affecting deep 

sea communities. Hence, marine gels play an important role in the transition of DOM to POM, 

carbon cycling and the microbial loop of the marine food web (Passow et al. 1994; Chin et al. 1998; 

Passow 2000; Engel 2000; Passow 2002; Engel et al. 2004; Verdugo et al. 2004).  

Marine heterotrophic bacteria have evolved highly specific and efficient enzymatic machinery to 

utilize all manner of polysaccharides, resulting into the key degrader of DOM and regulator of 

organic matter cycling in the marine environment. 

 

Glycan degrading enzymes  

Many heterotrophic bacteria possess operon-like or regulator-like gene clusters for glycan 

utilization. These gene cluster are characterized by transporters, carbohydrate-active enzymes 

(CAZymes) and associated protein such as binding proteins and sulfatases specific for a certain 

type of polysaccharide. Depending on the presence of SusCD-like proteins, which bind and 

transport glycans, the gene clusters are called polysaccharide utilization clusters (PULs) (Bjursell 

et al. 2006) or carbohydrate utilizing system (CUTs) (Hemsworth et al. 2016) such as the ulvan 

utilization loci in Alteromonas sp. LOR (Foran et al. 2017) or the alginate utilizing system in 

Alteromonas macleodii (Neumann et al. 2015). In CUTs, SusCD-like proteins are replaced by 

functional-equal proteins such as ABC transporter system (Poretsky et al. 2010) or carbohydrate-

binding modules (CBMs) (e.g. Boraston et al. 2004; Mystkowska et al. 2018). 

CAZymes catalyze the breakdown, biosynthesis or modification of carbohydrates and 

glycoconjugates and are therefore classified into glycoside hydrolases (GHs), polysaccharide lyases 

(PLs), glycosyl transferases (GTs), carbohydrate esterases (CEs) and auxiliary activities (AAs). 
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Each enzyme class harbors up to hundreds of different families and subfamilies, which are defined 

by amino acid sequence identity. The degradation of polysaccharides is carried out by PLs, which 

perform β-elimination (i.e. a non-hydrolytic cleavage) and GHs, which hydrolyze glyosidic bonds 

(Lombard et al. 2014a). PLs cleave uronic acid containing polysaccharides such as alginate and 

ulvan via a syn- or anti-elimination mechanism (Fig. 3), sharing the same three steps: First, a basic 

amino acid side chain or charge stabilizing cation such as Ca2+ or Mn2+ is removing the C5 proton 

of the uronic acid. The resulting anion is stabilized, and the charge is delocalized onto the C6 

carbonyl group. The cleavage of the O-4:C-4 bonding that is facilitated by proton donation from a 

catalytic acid results into an unsaturated hexenuronic acid residue and a new reducing end at the 

point of cleavage. Glx/Asx act as neutralizer assisted by other charged amino acids (His, Arg or 

Glu) in the active site. The catalytic residues tyrosine or histidine/tyrosine act as Brønsted acid and 

base during syn or anti-elimination, respectively (Yip and Withers 2006; Garron and Cygler 2010; 

Garron and Cygler 2014).  

Compared to β-elimination, hydrolysis is used much more frequently in glycan-degrading microbes 

(Garron and Cygler 2014). GHs perform the hydrolysis of the glycoside bond at C-1:O-4 either via 

a retaining or inverting mechanism. Both mechanisms are characterized by a pair of negatively 

charged amino acids as catalytic residues, which are either separated by ~ 5 or 6-12 Å, respectively. 

The retention or inversion of the anomeric configuration is either achieved via a direct displacement 

of by a nucleophilic and a general acid/base catalyst pair or a double-displacement of the aglycone 

moiety by a general acid and base catalyst pair (Yip and Withers 2004; Hemsworth et al. 2016).  

 

 

Figure 3. Enzymatic cleavage of glycans by GHs and PLs. A) cleavage of a hexose-uronate disaccharide 

by an inverting glycoside hydrolase and lyase, respectively. (B) Syn- and anti-pathways of D-glucoronide 

and L-iduronine, respectively (Garron and Cygler 2014). 

 

Like CAZymes, sulfatases have been grouped into families based on amino acid sequence identity 

and classified into subfamilies corresponding to their substrate specificity (Barbeyron et al. 2016a). 

Till date, there are four sulfatase families: Family S1 (EC 3.1.6 and .10.1) is characterized by its 
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catalytic residue cysteine or serine, which is post translationally modified into the Cα-formylglycine 

(FGly), arylsulfatases of family S2 (EC 1.14.11.-) which catalyze the oxygenolytic cleavage of 

alkyl sulfate esters, and families S3 (EC 3.1.6.- and 3.1.6.19) and S4 (EC 3.1.6.1), which both 

belong to the metallo-beta-lactamase superfamily characterized by its zinc-binding motif. Even 

though sulfatases have been identified in many glycan degrading pathways, the number of 

biochemically and structurally characterized sulfatases are limited compared to CAZymes. 

For a better understanding of the mechanistic motif, sulfatases, PLs and GHs have been 

distinguished into endo- or exo-acting enzymes. These terms describe where the enzymes act on 

the backbone of a poly- or oligosaccharide. Endo-acting enzymes hydrolyze or cleave within the 

backbone generating oligosaccharides, whereas exo-acting enzymes cleave mono- or disaccharides 

off the reducing or non-reducing end of the glycan chain, respectively (Fig. 4A). In both cases, the 

positions of the glycan’s building blocks bound closely to the active site are called sugar-binding 

subunits (n), which are numbered (i.e. 1,2,3) according to their position towards the non-reducing 

(-) or reducing (+) end, respectively. The difference between sulfatases and CAZymes is the 

position where the catalytic mechanism takes place. In CAZymes, the cleavage occurs between the 

+1 and -1 subsite of the glycan. In case of sulfatases, the monosaccharide which is harboring the 

sulfate group is bound to the 0 subsite, and the cleavage occurs between the 0- and sulfate-binding 

subsite (Davies et al. 1997; Hettle et al. 2018). Nevertheless, the mode of action in sulfatases and 

CAZymes results in similar structural features. The active site of endo-acting enzymes is 

characterized by an open cleft, whereas exo-acting enzymes have a small pocket architecture (Fig. 

4B). Structural techniques like X-ray crystallography can provide valid indications on the enzyme’s 

function and putative substrates even if protein-ligand complexes cannot be achieved: (i) 

Identification of catalytic residues: With very few exceptions, catalytic residues possess polar and 

charged side chains, which are involved in proton shuttling (via protonation and deprotonation) and 

stabilization of the transition state or other intermediates mainly through electrostatic interactions 

(Zhou and Pang 2018). (ii) Interbiopolymer interactions, i.e. the attraction and repulsion between 

unlike macromolecules, are responsible for complex formation, which is mainly influenced by pH, 

ionic strength, confirmation, charge density and the ratio of protein to polysaccharide. Thus, the 

surface of the enzyme can provide valuable information on potential complex formation. The 

surface of proteins is non-uniform, allowing both attraction and repulsion interaction with its 

substrate by specific local patches (Schmitt et al. 1998; Doublier et al. 2000; Turgeon 2003; 

Turgeon et al. 2007). Many GH families possess secondary binding sites (SBSs), which are located 

relative to the active site and bind one or more carbohydrates. They are not conserved among related 

enzymes but are characterized by aromatic residues that recognize the substrate, accompanied by 

one or more other sites which act as “molecular tweezers” that orientate the side chains of the glycan 

prior hydrolysis in the active site. Their functional motif is very similar to CBMs. Hence, it is likely 



Introduction 
 

- 11 - 

that GHs compensate for the absence of CBMs by having one or multiple SBSs (Cuyvers et al. 

2012). Another example besides hydrophobicity is the amino acid electrostatic potential of the 

enzyme’s surface. Electrostatic interactions are the fundamental interaction between oppositely 

charged proteins and polysaccharides (Dubin 1988; Zhou and Pang 2018). For instance, anionic 

polysaccharides are bound by oppositely charged regions of the enzyme’s surface, which results in 

a neutral net charge (de Kruif et al. 2004). Charged residues are crucial for the binding of not only 

ligands but also metals such as Ca2+ as cofactor certain for alginate lyases (Wong et al. 2000).  

 

 

Figure 4. Structural insights of endo- and exo-acting enzymes. (A) Glycan degrading enzymes either act 

within the polysaccharide chain or at its reducing and non-reducing ends. (B) Exo-acting enzymes possess a 

small pocket architecture, whereas the active site of (C) endo-acting enzymes is characterized by an open 

cleft. Modified from (Davies et al. 2018; Hettle et al. 2018; Ndeh et al. 2020). 

 

The structural and compositional variety of (anionic) polysaccharides influences the enzymatic 

machinery needed to degrade the glycans. The more complex the polysaccharide, the more and 

diverse enzymes are found in heterotrophic bacteria and/or several utilizing steps by various 

bacteria are needed. For instance, the catabolism of the neutral polysaccharide laminarin involves 

less enzymatic steps and CAZyme families compared to the anionic polysaccharides ulvan, 

fucoidan or carrageenan (Ficko-Blean et al. 2017; Unfried et al. 2018; Reisky et al. 2019; Sichert 

et al. 2020). The following sections compare the rather simple anionic polysaccharide alginate with 

the more complex glycans ulvan and fucoidans. 
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Alginate – a carboxylated and acetylated glycan from algae and bacteria 

Alginate is the main cell wall component of brown algae (Phaeophyceae) and can contribute > 45 % 

to the dry weight (Mabeau and Kloareg 1987). Alginate is an unbranched, binary copolymer firstly 

discovered in the 1880s (Kraan 2012) and available in the acid and salt form. It is composed of 

uronic acids ß-D-mannuronate (M) and its C5-epimer α-L-guluronate (G) occurring in 1,4-linked 

blocks of either polyguluronate (polyG), polymannuronate (polyM), or alternating polyguluronate 

and polymannuronate (polyGM). The number and the ratio of M and G in the blocks depend on the 

species and affect the mechanical strength and flexibility of the algae. Alginate is an anionic 

polysaccharide containing one carboxylic acid per sugar monomer (Draget et al. 2005). Besides 

brown seaweed, alginate is also synthesized by two heterotrophic bacterial families, the 

Azotobacteriaceae and the Pseudomonadaceae (Rehm and Valla 1997; Sabra et al. 2001). In 

contrast to algal alginate, bacterial alginate is often substituted with O-acetyl groups at the C2 and/or 

C3 of D-mannuronate (Davidson et al. 2009), which affects the biochemical properties of alginate 

such as the binding of selective ions (Wong et al. 2000). 

Alginate is widely used in industry, pharmacy and waste water treatment (Yabur et al. 2007; 

Langkamp and Uijterlinde 2015; Bedê et al. 2017). It is used as stabilizer, viscosifier (Draget et al. 

2005) and hydrocolloid (Kraan 2012) due to its ability to retain water and from gels because of 

selective binding of multivalent cations such as Ca2+ and Mg2+. Salts of alginate are soluble in water 

at low ionic strengths, but in aquatic environments alginate is mainly found in its insoluble form 

due to cross-linking by Ca2+ and to lesser extent Sr2+ ions in seawater (Aspinall 1983). Especially 

the interactions of Ca2+ ions with guluronate and MG residues leads to the formation of the so-

called egg model in which the cations bind to the carboxyl groups and thereby form helical Ca-

alginate fibers (Grant et al. 1973; Li et al. 2007b). 

In algae, alginates are an essential component of the cell wall. They maintain the 3D structure due 

to the so-called intracellular egg-box junctions, which contribute to tissue stiffness and cell wall 

resistance during mechanical stress such as osmotic pressure during tides (Rabillé et al. 2019). The 

egg-box consist of cross linkages with guluronate residues from opposing chains of Ca-alginate 

(Grant et al. 1973; Li et al. 2007b). High L-guluronic acid content is found in old and tough tissue, 

but the overall ratio of M:G building blocks is also affected by the algal species as well as seasonal 

and spatial factors (Draget et al. 2005). 

Marine heterotrophic bacterial lineages known for alginate degradation are Bacteroidetes and 

Proteobacteria (Thomas et al. 2012; Neumann et al. 2015). In-depth phylogenetic analysis has 

shown that the ancestral origin of alginolytic operons was probably a marine flavobacterium. Via 

independent lateral gene transfer, alginolytic operons were transferred to marine Proteobacteria 

(Alpha- and Gammaproteobacteria) and Japanese gut Bacteroides as a result of algae-based dietary 
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(Thomas et al. 2012). Alginate lyases (Aly) are typically extracellular or periplasmic (Wong et al. 

2000), classified into the PL families 5-7, 14, 15, 17 and 18 (Lombard et al. 2014a). They cleave 

the glycosidic bond resulting in the oligomers L-guluronate or D-mannuronate and a nonreducing 

end with a 4-deoxy-L-erythro-hex-4en pyranosyl uronate residue (Fig. 5). The 4,5-unsaturated 

monosaccharide is converted to the intermediate 4-deoxy- L-erythro-5-hexoseulose (DEH) by 

KdgF, which is finally catalyzed to 2-keto-3-deoxy-gluconate (KDG) by DEH reductases. Alginate 

degrader gain energy from the conversion of KDG to pyruvate and 3-phosphoglyceraldehyde via 

the Enter-Doudoroff pathway (Hobbs et al. 2016). An alginate deacetylase to cleave acetyl groups 

of bacterial alginates has not been reported so far. 

 

Figure 5. Enzymatic degradation of alginate. Endo-acting Alys of families PL7 and PL6 generate 

oligosaccharides, which are further degraded into the monosaccharides mannuronate and guluronate. Their 

activity can be observed at 235 nm representing the formation of unsaturated residues (double bond between 

C4 and C5) at the non-reducing end. KdgF further utilizes the unsaturated monosaccharide to DEH, resulting 

in a decrease at 235 nm. The activity of the DEH reductase can be measured at 320 nm, which represents the 

formation of NAD(P)+.  
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Ulvan – the sulfated cell well polysaccharide of green seaweed 

Ulvan is the main cell wall polysaccharide of the algae order Ulvales from the globally distributed 

green algae (Chlorophyta) contributing up to 29 % of the algal dry weight (Lahaye and Robic 2007) 

with an average molecular weight of 189 – 8200 kDa (Lahaye 1998). There are two types of ulvan 

in nature – water-soluble and insoluble cellulose-like material (Kraan, 2012). Ulvan is structurally 

versatile with regards to charge density and molecular weight but consists mainly of L-rhamnose 

(Rha), D-xylose (Xyl) and uronic acids (Lahaye and Robic 2007). 13C NMR spectroscopy identified 

branched glucuronic acid on O2 of rhamnose 3-sulfate (Lahaye 1998) and sulfate groups at C3 of 

rhamnose and/or C2 of xylose. The degree of sulfation varies among Ulvales species from 

16 – 23 %. Ulvan is composed of repeating disaccharides of D-glucuronic acid (GlcA) and L-

iduronic acid (IdoA) linked to 3-sulfated rhamnose (R3S). These building blocks are termed 

ulvanobiuronic acid A or B, respectively. There are also lower amounts of disaccharides of RS3 

linked to Xyl (Lahaye and Robic 2007). In comparison to polysaccharides derived from brown and 

red algae such as alginate, polysaccharides of green algae are less exploited (Kopel et al. 2016).  

Bacteria known for degrading ulvan belong to the orders Flavobacteriales and Alteromonadales, 

such as Formosa agariphila (Mann et al. 2013; Salinas and French 2017; Reisky et al. 2018; Reisky 

et al. 2019), Nonlabens ulvanivorans (Collen et al. 2011; Kopel et al. 2014a; Collén et al. 2014), 

Pseudoalteromonas sp. PLSV (Kopel et al. 2014b), Alteromonas spp. (Kopel et al. 2014c; Foran et 

al. 2017). Due to the large structural variability of ulvan, a multistep pathway including various 

endo- and exo-acting enzyme classes is required for a complete degradation (Salinas and French 

2017; Reisky et al. 2019). These enzymes belong to ulvan hydrolases of families GH105, GH88, 

GH78, GH43 GH39, GH3 and GH2 and sulfatases S1_7 and S1_25. Ulvan hydrolases and 

sulfatases are highly specific towards the linkage of the sugar residue, i.e. α-L-rhamnosidases, β-

xylosidases, β-galactosidases, iduronate-2-sulfatase, etc. Ulvan lyases belong to the families PL24 

(Ulaganathan et al. 2018b), PL25 (Ulaganathan et al. 2017), PL28 (Collen et al. 2011; Reisky et al. 

2018), PL37 and PL40 (Kopel et al. 2016; Li et al. 2020) and cleave the ß-1,4 glycosidic bond 

between the building blocks ulvanobiuronic acid A or B, resulting in the formation of a reducing 

end on one fragment and an unsaturated ring (Δ, 4-deoxy-L-threo-hex-4-enopyranosiduronic acid) 

on the non-reducing end of the second fragment (Ulaganathan et al. 2018a). 

 

Fucoidan – sulfated fucans in algae and seagrass 

Fucoidan or fucoidin is a synonym for fucose-containing sulfated polysaccharides (FCSPs). In some 

studies, fucoidan is also referred to as sulfated fucan, which rather describes the main characteristic 

of the macromolecule. To establish a coherent use of the term henceforth this molecule is called 

fucoidan. Fucoidans can be found in marine invertebrates (Ribeiro et al. 1994; Mulloy et al. 1994; 
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Yu et al. 2014a; Yu et al. 2014b) and in the cell walls of macroalgae (Deniaud-Bouët et al. 2017). 

This class of polysaccharide has been first described more than 100 years ago (Kylin 1913), but 

still our knowledge of its role in the marine environment is limited. This results mainly from its 

compositional and structural versatility which has been described for different brown algal species 

of the orders Fucales, Ectocarpales and Laminariales. Homofucans mainly consist of α-1,3- or 

alternating α-1,2/3/4-L-fucose, whereas heterofucans are additionally enriched in other 

monosaccharides like galactose, glucuronic acid, mannose and xylose. In both cases, fucose 

residues can be substituted with sulfate at C2, C3 and/or C4, 2-O-acetylation (Tab. 1). The 

composition does not only depend on the algal species (Fitton et al. 2015; Sichert et al. 2020), but 

is also influenced by seasonal and spatial factors (Anastyuk et al. 2010; Fletcher et al. 2017). In 

recent years, there was a significant improvement in extraction, purification and methodological 

approaches as well as combinations of different techniques leading to detailed insights into the 3D 

structure of different fucoidans compared to analyses of crude algal extracts in the past (Ale et al. 

2011; Ale and Meyer 2013).  

Fucoidan-like polysaccharides are also found in seagrasses (Kannan et al. 2013) and microalgae 

(Fig. 6). Microalgal cells and their exudates are known to contain high amounts of fucose and 

galactose (Gügi et al. 2015), yet little is known on the glycan composition and their 3D structure. 

FCSPs were detected in laboratory cultures of the diatom species Thalassiosira weissflogii, 

Thalassiosira pseudonana and on Chaetoceros affinis as well as in environmental samples from the 

diatoms spring bloom dominated by Chaetoceros spp. Moreover, putative fucoidans were also 

found in exudates of T. weissflogii (Vidal-Melgosa and Hehemann 2019), raising the questions of 

its functional properties in microalgae as well as its role in the marine carbon cycling.  

 

Figure 6. Fucose-containing sulfated polysaccharides in microalgae. Microscopic image of Chaetoceros 

spp. (red) from a spring bloom in Helgoland, German Bight, North Sea contain FCSPs (green). DNA staining 

using DAPI (blue). Image taken from (Vidal-Melgosa and Hehemann 2019). 
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Tab. 1. Structural complexity of macroalgal fucoidans. Presence (), absence (-) and no information available (/). 
 

Order Species 
Fucoidan characteristics 

L-Fucose D-Galactose Sulfation Acetylation Additional References 

Fucales 

Fucus 

vesiculosus 

α1,3 
α1,4 

 
 

Fuc2S 
Fuc3S 
Fuc4S 

 

-  
Man, Xyl, Ara, Rha, 

Uronic acids 
(Nishino et al. 1994; Espinel-Ingroff et al. 
2007; Fitton et al. 2015) 

Fucus 

serratus 

α1,2 
α1,3 
α1,4 

 
Fuc2S 
Fuc4S 

Fuc3S 
Fuc4S 

Man, Xyl, 
Uronic acids 

(Bilan et al. 2006; Sichert et al. 2020) 

Durvillaea 

potatorum 
   / 

Man, Xyl, Ara, Rha, 
Uronic acids 

(Fitton et al. 2015; Sichert et al. 2020) 

Sarassum 

fusiforme 

α1,3 
β1,4 
β1,3 
β1,4 

α1,3 
α1,4 
α1,6 

Fuc2S 
Fuc3S 
Fuc4S 
Gal2S 
Gal3S 
Man6S 

-  
Man, Xyl, Glc, 
Uronic acids 

(Hu et al. 2014; Hu et al. 2016; Sichert et al. 
2020) 

Lamiariales 

Ecklonia 

maxmima 

α1,2 
α1,3 

α1,4 Fuc4S  
Man, Xyl, 

Uronic acids 
(Sichert et al. 2020) 

Lessoia 

nigrescens 
   / 

Xyl, Ara, Rha, 
Uronic acids 

(Fitton et al. 2015) 

Undaria 

pinnatifida 
α1,3 

β1,3 
β1,4 
β1,6 

Fuc2S 
Fuc4S 
Gal3S 
Gal4S 
Gal6S 

 
Man, Xyl, Rha, Ara, 

Glc 

(Lee et al. 2004; Hemmingson et al. 2006; 
Skriptsova et al. 2010; Synytsya et al. 2010; 
Fitton et al. 2015; Zhao et al. 2018) 

Macrocystis 

pyrifera 
   / 

Xyl, Rha, 
Uronic acids 

(Fitton et al. 2015) 

Ectocarpales 
Cladosiphon 

okamuranus 

α1,3 
branches 
of α1,2 

 
Fuc4S 

 
O-2 or O-4 

of Fuc 
Man, Xyl, Rha, Ara, 

Glc 
(Nagaoka et al. 1999; Lim et al. 2019; Sichert 
et al. 2020) 
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Fucoidan is presumably the most complex class of marine glycans, comparable to the pectin plant 

polysaccharide rhamnogalacturonan-II (RG-II). RG-II contains 13 different sugars and 21 distinct 

glycosidic linkages. Still, it can be degraded by an individual bacteria possessing 25 highly specific 

enzymes (Ndeh et al. 2017). Fucoidan-degrading organisms and putative candidates have been 

identified by a combination of metagenomic, transcriptomic and proteomic analyses combined with 

classical cultivation approaches and biochemical studies. These bacteria are mainly found in the 

PCV (Planctomycetes-Chlamydia-Verrucomicrobia) superphylum (Sakai et al. 2003; Wegner et al. 

2013; van Vliet et al. 2019; Sichert et al. 2020), Flavobacteriaceae (Descamps et al. 2006; 

Barbeyron et al. 2008; Chen et al. 2016) and Alteromonadales (Bakunina et al. 2002). Fucoidan-

specialized bacteria possess hundreds of CAZymes and sulfatases to tackle the structural versatility 

of this class of glycans (Wegner et al. 2013; van Vliet et al. 2019; Sichert et al. 2020). The complete 

enzymatic pathway to degrade fucoidans has not been elucidated yet. The pronounced substrate 

specificity of fucoidan-degrading enzymes in combination with the structural versatility of 

fucoidans suggest an individual multistep utilization process depending on the type and source of 

fucoidan. Similar to other complex anionic glycans, the utilization process presumably involves 

dozens of enzymes acting in a distinct order (Ficko-Blean et al. 2017; Reisky et al. 2019). Fucoidan 

hydrolyzing CAZymes belong to three different classes: (i) fucoidanases, (ii) fucosidases, and (iii) 

sulfatases (Kusaykin et al. 2015).  

Fucosidases (EC 3.2.1.51, -.111) are CAZymes belong to the glycoside hydrolase (GH) 

family GH29. They hydrolyze the α-1,2/3/4 or /6 fucosyl linkages of fucose-containing conjugates. 

Members of family GH29 are exo-acting CAZymes, i.e. they catalyze the removal of the 

nonreducing terminal L-fucose (6-deoxy-galactose, Fuc) (White Jr. et al. 1987; Eneyskaya et al. 

2001a). The active site of GH29 is built of six highly conserved residues and is located in a (β/α)8 

triosephosphate isomerase (TIM) barrel domain (Sela et al. 2012; Sulzenbacher et al. 2004; 

Summers et al. 2016) and harbors the catalytic residues aspartic acid (Asp) and glutamic acid (Glu) 

as nucleophile and Bronsted acid/base, respectively (Tarling et al. 2003; Cobucci-Ponzano et al. 

2003a; Sulzenbacher et al. 2004). So far, there is only one structure known which deviates from the 

highly conserved active site found in family GH29. The structural analyses of a GH29 in complex 

with competitive inhibitors of β-D-galactosidases identified two pockets. One binds fucose, 

whereas the other one binds galactose. This observation is in line with biochemical analyses 

demonstrating that BT2192 from B. thetaiotaomicron is the first GH29 with a dual activity towards 

α-1,3/4-L-fucose and β-D-galactose. Like other fucosidases, BT2192 possesses the typical catalytic 

pair of Asp and Glu, which are located in between both pockets. Structural insights suggest, that 

BT2192 possesses a Glu as second nucleophile which can attack the intermediate to release D-

galactose (Guillotin et al. 2014). 
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Family GH29 is highly upregulated in macroalgae associated and fucoidan degrading bacteria from 

the PCV superphylum (Kim et al. 2016; Sichert et al. 2020) and Flavobacteria dominating 

microalgae blooms (Teeling et al. 2012; Kappelmann et al. 2019). However, biochemical and 

structural studies revealing the linkage and substrate specificity for FCPS from macro- and 

presumably also microalgae are still limited. So far, only two fucosidases from marine mollusks 

Haliotis gigunteu and Pecten maximus have been reported to be active on macroalgal fucoidans 

(Tanaka and Sorai 1970; Berteau et al. 2002). In contrast, endo-acting fucoidanases have been 

studied more extensively. 

Fucoidanases (EC 3.2.1.-) are either unclassified or belong to family GH107 (Kusaykin et al. 2006; 

Silchenko et al. 2013; Silchenko et al. 2014; Kim et al. 2015; Silchenko et al. 2016; Silchenko et 

al. 2017; Cao et al. 2018; Schultz‐Johansen et al. 2018), which displays structural similarities to 

family GH29 (Vickers et al. 2018). They are characterized by a retaining mechanism with conserved 

histidine and aspartic acid to act as an acid/base and nucleophile pair. Family GH107 have been 

only reported to cleave α-1,4-fucosidic linkages with a pronounced substrate specificity. FFA2 from 

Formosa algae KMM 3553T cleaves between repeating units of L-fucose-2-sulfate-α-1,3-L-fucose-

2-sulfate in fucoidan from Fucus evanescens (Silchenko et al. 2016), whereas FcnA from 

Mariniflexile fucanivorans SW5 hydrolyses between repeating units of L-fucose-2,3-disulfate-α-

1,3-L-fucose-2-sulfate in fucoidan from Pelvetia canaliculata (Colin et al. 2006). P5AFcnA and 

P19DFcnA from marine Psychromonas sp. SW5A and SW19D, respectively, are active on 

fucoidans from Laminaria hyperborea and Macrocystis pyrifera (Vickers et al. 2018). 

Similar to GHs, sulfatases (EC 3.1.6) can be found in all kingdoms of life, have high specificity for 

the targeted carbohydrate backbone (Hettle et al. 2018) and are grouped into homologous enzyme 

families (Barbeyron et al. 2016a). Sulfatase family S1 is the biggest family consisting of 72 

subfamilies and non-classified candidates. S1 family is characterized by a small C-terminal and a 

large N-terminal domain harboring the active site. The active site is consisting of ten conserved 

residues: five basic and four acidic/polar amino acids as well as a formylglycine (FGly) residue, 

which derives from post-translational oxidation of a Cys or Ser and is essential for the activation of 

many sulfatases (Schmidt et al. 1995; Lukatela et al. 1998; Dierks et al. 1998). Fucoidan-degrading 

bacteria are especially enriched in sulfatases. For example, Rhodopirellula baltica SWK7 has 181 

sulfatases (Wegner et al. 2013), Lentisphaera araneosa HTCC2155T has 267 sulfatases (Thrash et 

al. 2010) and Kiritimatiellales F1 has 521 sulfatases (van Vliet et al. 2019). However, to date, only 

three sulfatases of families S1_17 and S1_15 from the marine mollusk Pecten maximus (Daniel et 

al. 2001; Berteau et al. 2004) and Wenyingzhuangia fucanilytica CZ1127T (Silchenko et al. 2018) 

have been shown to act on fucoidan, whereas most uncharacterized enzymes remain potential 

candidates. The most abundant and upregulated candidates belong to the subfamilies S1_7, S1_8, 

S1_15, S1_16 and S1_25 (van Vliet et al. 2019; Sichert et al. 2020). 
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Based on the structural versatility of fucoidans, there are presumably fucoidan-degrading enzymes 

from various other families, which are capable to act on different building blocks than sulfated 

fucose. Such enzymes could be galactosidases, xylosidases and mannosidases as well as enzymes 

capable to cleave uronic acids. Family GH95 appears to be a promising candidate. Similar to 

GH29s, family GH95 is exo-active and enriched in Flavobacteria dominating microalgae blooms 

(Teeling et al. 2012; Kappelmann et al. 2019) and fucoidan-degrading bacteria (Kim et al. 2016; 

Sichert et al. 2020). Compared to family GH29, GH95s are inverting CAZymes that are either 

fucosidases (Nagae et al. 2007; Sela et al. 2012; Fan et al. 2016; Zeuner et al. 2018; Hobbs et al. 

2019) or galactosidases (Rogowski et al. 2015). Both families have not been reported to be active 

on decorated fucose- or galactose-containing substrates. Hence, they might require enzymatic 

partners to remove fucoidan decoration with regards to sulfation and acetylation. To date, there is 

only one study reporting enzymatic deactelyation of macroalgal fucoidans. The marine bacterium 

Luteolibacter algae H18 produces an intracellular enzyme that cleaves acetate from fucoidan C. 

okamuranus. This enzyme shares sequence identity with many uncharacterized proteins as well as 

with a dienelactone hydrolase and an acetylxylan esterase (Nagao et al. 2017). The low sequence 

identity suggests that there might be many more fucoidan-degrading enzymes with novel functions 

from existing and maybe even novel CAZyme and sulfatases families yet to be discovered.  

 

Figure 7. Fucoidan-degrading enzymes. (A) Tertiary structure of macroalgal fucoidan modified after 

(Kopplin et al. 2018). Structure of heterofucoidan from (B) Undaria pinnatifida and (C) homofucoidan 

from Fucus vesiculosus. CAZymes and sulfatase families with known function are shown in bold, whereas 

candidates and unknown sugar linkages are marked with a question mark.   



Introduction 
 

- 20 - 

CAZymes as quantitative tools in oceanography 

In recent years, technological innovations have led to great improvements of existing techniques 

but also to new methods investigating carbohydrates. Elucidating the composition, structure and 

mixture of glycans is still a challenging task because many approaches have strict requirements of 

the samples (i.e. concentration, purity, sample matrix, interfering substances such as salts). 

Techniques like mass spectrometry (MS) or nuclear magnetic resonance (NMR) are often cost- and 

lab-intensive (Gray et al. 2019). Others provide insights into the monosaccharide composition but 

lack the information of 3D-structure, i.e. linkage type, branching, and substitutions (e.g. carboxyl, 

acetyl or sulfate groups), as it is the case with non-standardized acid hydrolysis of carbohydrates 

combined with chromatography (Panagiotopoulos and Sempéré 2005 and references therein). 

Enzyme-based methods however are less lab- and cost-intensive, faster and highly accurate (Garcia-

Vaquero et al. 2017 and references therein). Such methods take advantage of substrate specific 

CAZymes and have been mainly applied to plant polysaccharides and carbohydrate detection in 

food industry (McCleary 1981; Gibson et al. 1992; McCleary et al. 1997; McCleary and Blakeney 

1999; McCleary et al. 2007; Vidal-Melgosa et al. 2015; Mangan et al. 2019). Recently, this 

approach has been transferred to the marine environment to quantify the storage and cell wall 

polysaccharide laminarin of macro- and microalgae (Becker et al. 2017; Scheschonk et al. 2019). 

The usage of CAZymes overcomes the need of highly purified and/or concentrated samples and 

hence, allows the analyses of glycan mixtures from environmental samples. The enzymatic 

laminarin assay revealed spatial and temporal variations of its concentration in algal cells and its 

contribution to the marine POC pool (Becker et al. 2020). Developing enzyme-based methods also 

for other marine glycans can help to determine their abundance and turnover rates in the carbon 

cycle.  
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Aim of the study 

Anionic polysaccharides are an important class of biological macromolecules in the marine 

environment. They are shaping the three-dimensional structure of flora, enzymatic feeding 

strategies of bacteria and potentially sequestering carbon in form of sinking particles. However, 

little is known about their turnover rates by bacteria and their exact role in the marine carbon cycle. 

Therefore, the anionic polysaccharides ulvan and fucoidan were chosen to shed light on different 

aspects on the bacterial degradation of algal polysaccharides and their fate in the marine 

environment. The objectives of the present dissertation are displayed as chapters, each presented 

by one of the model glycans. 

 

1. Identification of fucoidan-degrading enzymes from ‘Lentimonas’ sp. CC4 

The fucoidan-degrading marine Verrucomicrobium ‘Lenitmonas’ sp. CC4 has been studied recently 

by combining transcriptomic and proteomic analyses with classical microbial cultivation 

approaches. ‘Lentimonas’ sp. CC4 possesses over two hundred putative fucoidan-degrading 

enzymes, which are primarily located on a 0.89 mbp plasmid. Strain CC4 has 113 sulfatases, 100 

glycoside hydrolases and 17 carbohydrate esterases. The isolate exhibits a remarkable substrate 

specificity for fucoidans from different macroalgal species in combination with an enhanced 

repertoire of exo-acting CAZymes and sulfatases (Sichert et al. 2020). To shed light on its 

enzymatic pathways for fucoidan degradation as well as to investigate the hypothesis of an exo-

acting growth strategy, I focused on exo-acting CAZymes and sulfatases that were upregulated in 

the presence of fucoidan. I performed intense biochemical characterizations of fucosidases of the 

families GH29 and GH95 as well as one sulfatase of family S1_15. Fucoidan activity was 

investigated using nine structurally different fucoidans originated of the three macroalgal orders 

Fucales, Laminariales and Ectocarpales. Our detailed mechanistic insights were combined with 

structural biology to determine the substrate and linkage specificity of these enzymes. The 

biochemical and structural characterization of these enzymes is the base for future studies studying 

the complete utilization of fucoidan degradation. 

 

2. Structural analysis of ulvan-degrading enzymes from Formosa agariphila KMM3901T  

Formosa agariphila KMM3901T is a Gram-negative, aerobic, and motile bacterium (Ivanova et al. 

2004) originally isolated from Troitsa Bay, Gulf of Peter the Great, East Sea from the green alga 

Acrosiphonia sonderi (Nedashkovskaya et al. 2006). Genome analysis revealed that strain 

KMM3901 exhibits an algae-associated lifestyle, using many putative genes for the degradation of 

algal polysaccharides in at least 13 PULs. These PULS are characterized by dozens of sulfatases, 
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PLs, GHs, SusD-like proteins, transporter proteins, transcriptional regulators and other proteins 

(Mann et al. 2013). One of these PULs contains genes essential for the degradation of sulfated algal 

polysaccharide ulvan, including GH105 and ulvan lyase homologs which have been previously 

described as ulvanases (Kopel et al. 2016). To elucidate the ulvan degradation pathway from F. 

agariphila, a collaborative approach was needed combining different research fields. We 

contributed to this multidisciplinary study by investigating the structure of enzymes by X-ray 

crystallography. Primarily, I focused on endo-acting enzymes initiating the hydrolysis and genes 

with low sequence identity compared to their known structural homologues, indicating a novel 

activity and/or 3D structure.  
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Chapter 1 – Structural analysis of ulvan-utilizing enzymes 

 

 

 

Study motivation in brief: 

 

Have you ever wondered who cleans up this “mess”? Continue reading! 
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Chapter 1.1. A marine bacterial enzymatic cascade degrades the algal 

polysaccharide ulvan 
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Abstract  

Marine seaweeds increasingly grow into extensive algal blooms, which are detrimental to coastal 

ecosystems, tourism, and aquaculture. However, algal biomass is also emerging as sustainable raw 

material for the bioeconomy. The potential exploitation of algae is hindered by our limited knowledge 

of the microbial pathways – and hence the distinct biochemical functions of the enzymes involved – that 

convert algal polysaccharides into oligo- and monosaccharides. Understanding these processes would 

be essential, however, for applications like the fermentation of algal biomass into bioethanol or other 

value-added compounds. Here we describe the metabolic pathway that enables the marine 

flavobacterium Formosa agariphila to degrade ulvan, the major cell wall polysaccharide of bloom 

forming Ulva species. The pathway involves 12 biochemically characterized carbohydrate-active 

enzymes, including two polysaccharide lyases, three sulfatases and seven glycoside hydrolases that 

sequentially break down ulvan into fermentable monosaccharides. This way, the enzymes turn a 

previously unexploited renewable into a valuable and ecologically sustainable bioresource. 

 

Introduction  

Algal photosynthesis provides half of the global primary production (Field et al. 1998). Carbon dioxide 

is converted into carbohydrates, which are polymerized into polysaccharides to store energy, build cell 

walls, and perform other biological functions. Algae are furthermore considered as a promising 

renewable carbon source, due to their competitive growth rates and unique cell walls. Unlike plants that 

are rich in woody tissue, comprising the insoluble polysaccharides cellulose and the aromatic polymer 

lignin, which increases recalcitrance against enzymatic digestion, algal cell walls are rich in gel-forming 

polysaccharides that are highly hydrated (Kloareg and Quatrano 1988). Hydration and the absence of 

lignin make harsh chemical and physical pretreatment of cell walls unnecessary and allow for easy 

access of enzymes that can digest the polysaccharides into fermentable monosaccharides. Accordingly, 

recent studies showed that bioengineered microbes equipped with agarases and alginate lyases can 

efficiently digest and rapidly convert polysaccharides from brown and red algae into bioethanol 

(Wargacki et al. 2012b). 

Sessile macroalgae, such as brown algae that form kelp forests, are ecologically valuable because they 

provide nutrition and habitats for fish and other organisms and, consequently, harvesting them would 

exacerbate pressure on natural populations. However, the planktonic macroalgae Ulva armoricana, Ulva 

rotunda and other Ulva spp. that thrive in eutrophic, nutrient-rich coastal waters, grow into expansive 

blooms that occur with increasing frequency in recent years. They pose ecological but also economical 

threats when they accumulate on beaches used for recreation (Ménesguen and Piriou 1995; Liu et al. 

2013; Smetacek and Zingone 2013). Fertilized by nitrate from agriculture that is washed into the ocean 

by rivers, Ulva blooms during summer produce up to 50–100 000 tons of biomass every year, which 

must be removed at high expense from the northern and western coast of France (Ménesguen and Piriou 
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1995). Even larger blooms occur in China (Liu et al. 2013). Blooms of Ulva are thus a global 

phenomenon that is bound to increase with farming activities, rendering the polysaccharide ulvan, which 

accounts for up to 30 % of the algal dry weight (Lahaye and Robic 2007), an emerging yet untapped 

resource. 

Ulvan is a branched polysaccharide composed of repeating disaccharide units, in which D-glucuronic 

acid (GlcA) is β-1,4-linked or L-iduronic acid (IdoA) is α-1,4-linked to L-rhamnose-3-sulfate (Rha3S), 

which is α-1,4-linked within the main chain. Some of the uronic acids are replaced by β-1,4-linked D-

xylose (Xyl), which can be sulfated at position 2 (Xyl2S). Furthermore, Rha3S can be modified by β-

1,2-linked GlcA side chains and the GlcA-Rha3S or IdoA-Rha3S pattern can be interrupted by 

consecutive GlcA residues (Lahaye et al. 1997; Lahaye 1998; Lahaye and Robic 2007). Increased 

interest in the enzymatic degradation of ulvan recently led to the description of several ulvan-active 

enzymes (Ulaganathan et al. 2017; Melcher et al. 2017; Ulaganathan et al. 2018b; Ulaganathan et al. 

2018a; Reisky et al. 2018). So far, and to the best of our knowledge, only two types of enzymes from 

different carbohydrate-active enzyme (CAZyme) families showed activity on ulvan. Ulvan 

polysaccharide lyases of the families PL24, PL25 and PL28 catalyze the initial cleavage between Rha3S 

and GlcA or IdoA, resulting in the formation of unsaturated uronic acid residues at the end of the formed 

oligosaccharide. Unsaturated uronic acid residues are removed by glycoside hydrolases (GHs) from the 

family GH105 (Collén et al. 2014; Salinas and French 2017). Ulvan-specific degradation-related gene 

loci (‘polysaccharide utilization loci’, PULs) such as PUL H from Formosa agariphila encode PL28 

and GH105 together with over 10 additional, putative enzymes, which were predicted to be involved in 

ulvan utilization. While PL28 and GH105 degrade ulvan, the other enzymes that were produced in 

Escherichia coli did not show activity (Salinas and French 2017). This result suggested that a complex 

cascade of sequential enzymatic reactions is required for complete ulvan degradation (Foran et al. 2017; 

Salinas and French 2017). 

Here, we experimentally established the complex ulvan degradation pathway of F. agariphila KMM 

3901T, a marine flavobacterium, which was isolated from a green alga in the Sea of Japan (Mann et al. 

2013). These degradation-related enzymes are encoded in an ulvan-specific PUL in the bacterial genome 

(Salinas and French 2017). 

 

Results 

Bacterial ulvan-specific PULs  

To decipher the ulvan degradation pathway, we first searched microbial genomes hosted at NCBI for 

potential ulvan-specific PULs using the known ulvan lyase PL28 as query. We identified 12 putative 

ulvan PULs in 12 Bacteroidetes genomes (Fig. 1a), including the recently discovered PUL H of F. 

agariphila  (Mann et al. 2013; Salinas and French 2017), a more than 75 kb long genomic region 



Chapter 1 – Structural analysis of ulvan-utilizing enzymes 
 

- 28 - 

consisting of 39 genes (Fig. 1b). We verified the boundaries of PUL H with a comparative global 

proteome analysis of F. agariphila cells fed with ulvan and with control substrates (rhamnose and 

fructose), respectively, as sole carbon source. Ulvan promoted bacterial growth (Supplementary Fig. 1) 

and elicited quantitative changes of most proteins that are encoded by PUL H (Fig. 1b and 2, and 

Supplementary Fig. 2). Besides ulvan, also the monosaccharide rhamnose induced, albeit less strongly, 

the expression of PUL H genes. For a few proteins (P2_SusD, P3_TBDR, P8_GH2) even higher protein 

amounts were detected with rhamnose, compared to ulvan. The increased abundance of enzymes 

involved in the degradation of ulvan-derived monosaccharides indicated a co-regulation of genes for the 

metabolization of ulvan and its corresponding monosaccharides (Fig 2, Supplementary Figs. 2 and 3, 

Supplementary Data Sets 1 and 2). PUL H includes 17 potential carbohydrate-active enzymes 

(CAZymes) from different GH and PL families (http://www.cazy.org/ (Lombard et al. 2014a)) and eight 

sulfatases from five S1 subfamilies (http://abims.sb-roscoff.fr/sulfatlas/ (Barbeyron et al. 2016a)). For 

most of these enzymes, their role in ulvan depolymerization remains unknown. A co-occurrence analysis 

of putative enzymes and associated genes within the set of 12 PULs from marine Bacteroidetes identified 

conserved CAZymes in the putative ulvan pathways (Fig. 1c). This analysis allowed us to focus our 

biochemical experiments on a smaller subset of CAZymes and sulfatases, whose involvement in ulvan 

utilization was suggested by our proteomic results (Fig. 1b). In addition to the two already known 

(Salinas and French 2017) ulvanolytic enzyme activities (ulvan lyase and unsaturated glucuronyl 

hydrolase, GH105) we uncovered eight so far unknown enzyme functions for the complete 

depolymerization of ulvan. Besides a novel PL family, we identified and characterized six GH families 

(GH2, GH3, GH39, GH43, GH78, GH88) and three sulfatases. Activity-based screenings of these 

enzymes were used to identify their function in the ulvan degradation pathway. The selection of putative 

CAZymes and sulfatases for cloning, heterologous expression and characterization was guided by the 

co-occurrence analysis of genes in the diverse ulvan PULs (Fig. 1c).  
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Fig. 1 Genomic overview of putative ulvan PUL in marine Bacteroidetes and the proteomic response of the 

F. agariphila PUL to ulvan and rhamnose. a, Comparative genomics of ulvan PUL that contain the known PL28 

ulvan lyase (connected with blue lines when over 50% identical) revealed that the enzymes are encoded by 

conserved genes in diverse marine Bacteroidetes genomes, including the model organism of this study, F. 

agariphila, shown as no. 1; the complete list of all analyzed strains is provided in c. SusD and TBDR proteins are 

colored as ‘other’ in this panel. b, Ulvan and rhamnose as sole carbon sources elicit quantitative changes in proteins 

encoded in the putative ulvan PUL in F. agariphila. Bars indicate relative changes between both conditions. A 

positive ∆log2 value corresponds to higher protein abundance with ulvan, whereas a negative value corresponds to 

higher protein abundance with rhamnose. Stars mark proteins that were exclusively quantified in either ulvan- or 

rhamnose-grown cells (Fig. 2, Supplementary Fig. 2 and Supplementary Dataset 1). Arrows refer to the orientation 

of genes that encode the respective proteins. Proteins encoded by the ulvan PUL were numbered (P1–P39) and 

protein function was indicated (Fig. 2). In the case of GH and sulfatases (S), families and subfamilies were 

specified (Lombard et al. 2014a; Barbeyron et al. 2016a); for example, GH2 (family) or S1_7 (family and 

subfamily). c, Co-occurrence analysis of genes in the predicted 12 putative bacteroidetal ulvan PUL highlights a 

conserved set of ulvan-degrading enzymes. The dendograms shown above and to the left of the similarity heatmap 

depict the pairwise similarities between rows and columns, respectively. 
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Sulfatases active on ulvan 

Ulvans feature a large structural variability, with substitution by sulfate esters at various positions. This 

chemical diversity is influenced by several factors such as the algal species, the environmental 

conditions or the seasons (Lahaye and Robic 2007). The studied PUL of F. agariphila encodes 8 

formylglycine-dependent sulfatases belonging to 5 subfamilies of the SulfAtlas S1 family (Fig. 2): S1_7: 

3 genes; S1_8: 2 genes; S1_16: 1 gene; S1_25: 1 gene; S1_27: 1 gene (http://abims.sbroscoff.fr/sulfatlas 

(Barbeyron et al. 2016a)). With such a diversity of S1 subfamilies, these sulfatases likely display 

significant differences in substrate recognition, even though they are all predicted to act on ulvans. We 

expressed 7 sulfatases in soluble form in E. coli. After purification, these recombinant sulfatases were 

incubated with ulvan polymers from three different sources (Agrival, Elicityl, and one extracted from 

an Altantic Ulva sp. collected in Roscoff, France). As shown by the HPAEC analyzes of released sulfate 

ions, 6 sulfatases are clearly active on ulvan polymers, although their activity varies depending on the 

polysaccharide sources (Supplementary Fig. 4). The sulfatase P18_S1_7 (for numbering/nomenclature 

see Fig. 2) was most active on ulvan polymers, particularly on the xylose-rich ulvan (Supplementary 

Figs. 4 and 5) and can desulfate oligosaccharides containing the motif Rha3S-Xyl2S-Rha3S. Thus, this 

sulfatase likely proceeds in an endolytic mode of action. This assumption is consistent with the “open 

groove” topology of the active site unraveled by the P18_S1_7 crystal structure (Fig. 2a and 2g). 

Interestingly, P14_S1_7 (predicted as exolytic, since this sulfatase is almost inactive on ulvan, 

Supplementary Fig. 4) and P18_S1_7 (predicted as endolytic) belong to the same subfamily (S1_7). 

Such dissimilar modes of action within the same (sub)family have been described in glycoside hydrolase 

and polysaccharide lyase families (Thomas et al. 2013; Mewis et al. 2016). In comparison to P18_S1_7, 

the S1_25 sulfatase module of P36 (referred to as P36_S1_25) presents moderate activities on polymers. 

On oligosaccharides, P36_S1_25 was the most active enzyme. This enzyme specifically desulfates L-

rhamnose at the 3-position and can act on the motif Rha3S-Xyl-Rha3S in an exolytic mode of action. 

Sequence analyses revealed that P18_S1_7 (485 residues) and the S1_25 sulfatase module of 

P36_S1_25 (443 residues) are only distantly related (25% identity) and thus belong to two different 

SulfAtlas S1 subfamilies20, S1_7 and S1_25, respectively. We determined the crystal structure of these 

two sulfatases, with higher resolution for P18_S1_7 (1.23 Å) and lower resolution for the sulfatase 

module of P36_S1_25 (2.91 Å). P18_S1_7 and P36_S1_25 adopt a similar fold with two α/β-structural 

domains, an N-terminal catalytic domain SD1 (Ser25-Asp388; P18_S1_7) separated by a structured 

linker (Arg389-Val397) from a C-terminal domain SD2 (Ala398-Pro483). Nonetheless, the sulfatase 

module of P36_S1_25 is a smaller protein and lacks some secondary elements, which are present in 

P18_S1_7 (the β-strands β6 and β8, the α-helices α5, α7, α8 and several short 3:10 helices). Notably, 

the helix α7 and the loops connecting it to the main part of SD1 constitute a protruding extension, which 

overhangs the active site (Fig. 2d). The active site of P18_S1_7 is a large, open groove with a strong 

basic character (Fig. 2a and 2g). This type of active site topology is consistent with the endo-character 

and its efficiency on polymeric ulvan (Supplementary Fig. 4). In contrast, the active site of P36_S1_25 
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is a pocket (Fig. 2c), which is consistent with its activity on oligosaccharides (Supplementary Fig. 4). 

The most similar protein in the Protein Data Bank (PDB) is the human iduronate 2-sulfatase (IDS, 31% 

sequence identity; PDB: 5FQL; Fig. 3b,e) (Demydchuk et al. 2017). Interestingly, IDS also displays a 

pocket active site topology (Fig. 3b). Therefore, different active sites (and subsequently different modes 

of action) can exist within the same S1 subfamily. Such differences in topology likely explain the 

varying efficiencies at the polymer level observed for P11_S1_7, P14_S1_7 and P18_S1_7 although 

they all belong to the S1_7 subfamily (Supplementary Fig. 4). 

The catalytic machinery of the S1 family sulfatases (Hanson et al. 2004) is well conserved in P18_S1_7 

and P36_S1_25. We find the catalytic nucleophile (Cys74 and Cys58, respectively), residues involved 

in Ca2+ coordination (Asp35, Asp36, Asp312 and His313; Asp18, Asp19, Asp284 and Asn285), residues 

stabilizing the catalytic nucleophile (Arg78 and His128; Arg62 and Gly110), and residues of the sulfate-

binding S subsite, as defined in the recent nomenclature for sulfatase-binding subsites (Hettle et al. 2018) 

(Lys125, His213 and Lys325; Lys108, His182 and Lys297) (Fig. 3g, Supplementary Figs. 6-8). His313 

in P18_S1_7 is not the most frequent residue for the coordination of the calcium ion (usually an 

asparagine), but a histidine at this position is found in a minority of sulfatases and is part of the updated 

PROSITE signature “Calcium-binding site 2” (Barbeyron et al. 2016a). Most surprising is the 

replacement of His128 in P18_S1_7 by Gly100 in the sulfatase module of P36_S1_25. Indeed, a 

histidine at this position is supposed not only to stabilize the catalytic formylglycine, but also to abstract 

its Oγ2 proton at the end of the catalytic cycle to induce the sulfate elimination and the aldehyde 

regeneration (Hanson et al. 2004). Nonetheless, this glycine is strictly conserved in the closest homologs 

of the sulfatase module of P36_S1_25 (105 sequences with >50% identity; Supplementary Fig. 7), 

suggesting that the function of the histidine at this position may not be essential in this ulvan sulfatase 

subgroup.  

While some sulfatases were not quantified in our metabolic labeling approach (Fig. 1b and 2), they were 

detected by subproteome analysis in the membrane-enriched fraction. In five cases, lipoprotein signal 

peptides were predicted and P18_S1_7 and P36_S1_25 were highly abundant in the intracellular soluble 

fraction (Supplementary Data Set 3). Taken together, these results indicate a periplasmic localization of 

sulfatases, with some of them putatively membrane-bound. Notably, the sulfatase P36_S1_25 activity 

is found in a multimodular enzyme that contains also a GH78 domain. Comparative genome analyses 

indicated multimodular enzyme structures in the ulvan PUL H of F. agariphila (Salinas and French 

2017) and other putative ulvan-degrading Bacteroidetes strains (Supplementary Data Set 4).  
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Fig. 2 List of PUL H-encoded and relevant non-PUL H-encoded proteins, corresponding locus tags and 

functional annotation as well as their relative abundance (mean log2 ratio) with the respective carbon 

source. Empty/white squares refer to non-quantified proteins while gray squares indicate OFF proteins that could 

not be quantified due to a lack of 14N signals (see Methods). Proteins were numbered (P1–P39, PUL H-encoded 

proteins; NP1–NP20, non-PUL H-encoded proteins) and protein function was indicated. In the case of GH and S, 

families and subfamilies were specified (Lombard et al. 2014a; Barbeyron et al. 2016a), for example GH2 (family) 

or S1_7 (family and subfamily). *BN863_, for example *21900 refers to locus tag BN863_21900. a Identified by 

BLAST against the Uniprot database, previously annotated as xylose isomerase-like TIM barrel domain protein. b 

4-hydroxy-2-oxoglutarate aldolase/2-dehydro-3-deoxyphosphogluconate aldolase. c Only captured by sub-

proteome analysis of ulvan-grown cells (Supplementary Dataset 2). fru, fructose; rha, rhamnose; ulv, ulvan. 
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Fig. 3 structural analyses of ulvan-specific sulfatases. a-c, Molecular surface of P18_S1_7 (a) and the human 

iduronate 2-sulfatase (PDB: 5FQL) (b), both of which belong to the S1_7 subfamily, as well as that of the S1_25 

sulfatase module of P36 (P36_S1_25) (c). These molecular surfaces are colored according to electrostatic potential 

ranging from deep blue, +, to red, −. d–f, Fold representation of P18_S1_7 (d), the human iduronate 2-sulfatase 

(e) and P36_S1_25 (f). The structures are shown in cartoon style. The α-helices and the β-strands are colored in 

cyan and magenta, respectively. g, Key conserved residues in the catalytic groove of P18_S1_7. The amino acids 

are presented as sticks. The calcium ion is shown as a yellow sphere. The molecular surface of P18_S1_7 is shown 

as semi-transparent background. h, Electron density around the catalytic calcium-binding site of P18_S1_7. The 

coordination residues (Asp35, Asp36, Asp312 and His313) and the catalytic residue Cys74 are shown as sticks. 

Interactions with the calcium are represented by black dashed lines. The map shown is σA-weighted 2mFo− DFc 

maps (with m the figure of merit and D the Sigma-A weighting factor) contoured at 1.2σ ((0.07 × 10)/Å3) 

 

Enzymatic ulvan degradation  

In brief, the distinct function of each enzyme was established by activity testing on ulvan and on defined 

enzymatically produced ulvan oligomers using photometric assays, fluorophore-assisted carbohydrate 

electrophoresis (FACE) and carbohydrate polyacrylamide gel electrophoresis (C-PAGE), high 

performance anionic exchange chromatography with pulsed amperometric detection (HPAEC-PAD) 

and mass-spectrometry. Detailed procedures of these steps are outlined in the Online Methods section. 
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Structures of all-important carbohydrate intermediates were confirmed by 1D and 2D nuclear magnetic 

resonance (NMR) spectroscopy together with mass-spectrometry analysis.  

We performed an initial photometric screening, which detects the unsaturated uronic acid moiety (Δ) 

introduced by the lytic mechanism of lyases. We show that P10_PLnc and P30_PL28 are both endo-

acting ulvan lyases generating the same product pattern, implying that they have a similar specificity 

(Supplementary Fig. 9). P30_PL28 accepts GlcA and IdoA at the cleavage site and generates the dimer 

Δ-Rha3S and the tetramer Δ-Rha3S-Xyl-Rha3S as main products (Reisky et al. 2018). Both ulvan 

lyases, P30_PL28 (Kopel et al. 2016) and P10_PLnc, appear to initiate ulvan depolymerization outside 

of the bacterial cell. P30_PL28 contains an additional ulvan-binding module (Melcher et al. 2017) and 

a type IX secretion system signal that drives secretion (Sato et al. 2010), corroborating the proteomic 

results (Supplementary Fig. 10, Supplementary Data Sets 2 and 3). P10_PLnc might be associated to 

the outer membrane (Supplementary Data Set 3), although a periplasmic localization is also possible 

(Supplementary Fig. 10, Supplementary Data Set 2). 

Two variants of ulvan lyase with distinct localizations indicate synergistic functions: while P30_PL28 

is an extracellular enzyme catalyzing rapid dissolution of insoluble ulvan, P10_PLnc most likely 

dissolves soluble ulvan oligomers at the cell surface, where uptake proceeds through the expressed 

TonB-dependent receptor system into the periplasm. Here, the unsaturated uronyl residue (Δ) at the non-

reducing end of oligomers is removed by the exo-acting unsaturated glucuronyl hydrolases (outer 

membrane P1_GH88 and periplasmic P33_GH105) (Supplementary Figs. 11-13), thus forming 5-

dehydro-4-deoxy-D-glucuronate. The resulting Rha3S was purified and the structure was confirmed by 

NMR (Supplementary Figs. 14 and 15, Supplementary Table 1). This monosaccharide is desulfated by 

the S1_25 sulfatase domain of P36_S1_25 yielding rhamnose, which can enter the cellular sugar 

metabolism (Fig. 3, Supplementary Fig. 16). Rha3S-Xyl-Rha3S was another major intermediate which 

was isolated (Supplementary Figs. 17 and 18, Supplementary Table 2). Rha3S-Xyl-Rha3S was 

desulfated by the sulfatase P36_S1_25 to yield Rha-Xyl-Rha3S, which was isolated to confirm the 

desulfation site at the non-reducing end (Supplementary Figs. 19-21, Supplementary Table 3). Next, 

Rha-Xyl-Rha3S is converted by the periplasmic P20_GH78 to Rha and Xyl-Rha3S (Fig. 4, 

Supplementary Fig. 22). The CBM67 domain of P20_GH78 likely elevates specificity for rhamnose and 

contributes to substrate recognition28. Finally, the dimer Xyl-Rha3S is further cleaved by P24_GH3 or 

P27_GH43 to yield Xyl and Rha3S, making these the first identified β-xylosidases that are active on 

ulvan oligosaccharides (Fig. 3, Supplementary Figs. 22 and 23). Notably, only the P24_GH3 was 

previously found to be active on 4-methylumbelliferyl-β-D-xylopyranoside (MUX) showing that the two 

enzymes have different substrate specificity at the aglycone site (Salinas and French 2017). 

Besides ulvan lyases, the endo-active alpha-1,4-L-rhamnosidase GH39 cleaves rhamnose sections 

interspersed between xylose residues within the polymer. Such a function has, to the best of our 

knowledge, not been described in this family before. Accordingly, larger oligomers with consecutive 
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Xyl-Rha3S units that are resistant to the ulvan lyases P30_PL28 and P10_PLnc were efficiently 

degraded by P31_GH39 (Supplementary Fig. 24). The catalytic order of ulvan lyases and P31_GH39 

was interchangeable as the larger degradation products of P31_GH39 were prime substrates for both 

ulvan lyases (Supplementary Fig. 25). The dimers Xyl-Rha3S and Xyl2S-Rha3S were isolated as the 

smallest products and the structure was elucidated by NMR, identifying GH39 as an α-rhamnosidase 

active on ulvan (Supplementary Figs. 26-29, Supplementary Tables 4 and 5). While Xyl-Rha3S is 

further degraded as described above, Xyl2S-Rha3S was resistant to P24_GH3 or P27_GH43 and needs 

to be desulfated by the P32_S1_8 sulfatase prior to enzymatic conversion by these enzymes 

(Supplementary Fig. 30). Desulfation of Xyl2S within the trimer Rha3S-Xyl2S-Rha3S, released by 

P30_PL28 and P33_105 digestion (Supplementary Figs. 31 and 32, Supplementary Table 6), was 

catalyzed by the P18_S1_7 sulfatase (Supplementary Fig. 33). 

GlcA side chains present on some O2 residues of Rha3S7 are removed by P17_GH2. When P17_GH2 

was added to untreated ulvan, it produced a single band in FACE with the same mobility as a GlcA 

(Supplementary Fig. 34a) while not decreasing the overall molecular weight of the raw ulvan as seen by 

C-PAGE (Supplementary Fig. 9). To confirm this activity, defined oligomers with GlcA side chains 

were produced from ulvan with P30_PL28 and P31_GH39 with or without P33_GH105. The structure 

of Δ-Rha3S[2GlcA]-Xyl-Rha3S and Rha3S[2GlcA]-Xyl-Rha3S, was confirmed by NMR 

(Supplementary Figs. 35–38, Supplementary Tables 7 and 8) and these products were used as substrates 

for P17_GH2. This enzyme was also active on these smaller oligomers (Fig. 3, Supplementary Fig. 34b). 

This result indicates that the GlcA side chains were removed from polymeric ulvan or from smaller 

intermediates (Supplementary Fig. 34c), although in F. agariphila we predict P17_GH2 to be localized 

in the periplasm and thus to be active on oligomers, which also applies to P31_GH39. 

GlcA side chains partially shielded the main chain against hydrolysis by P31_GH39. When the GlcA 

residues were removed by P17_GH2, a higher degree of degradation was observed with P31_GH39 

(Supplementary Fig. 39). The newly determined crystal structure of P17_GH2 (Supplementary Fig. 40) 

contains a pair of N-terminal β-sandwich domains, a TIM-barrel with the active site, two more β-

sandwich domains and a C-terminal putative carbohydrate-binding module connected by an extended 

flexible linker at the C-terminus that places the CBM over the active site (Supplementary Fig. 40a). The 

active site pocket is at the surface of the catalytic domain; its size provides just enough space to 

accommodate one GlcA residue. The catalytic site of this enzyme, obscured by the aforementioned 

CBM, further deviates from other members of the GH2 family. In most GH2 the nucleophile and 

acid/base catalytic residues are approximately 200 residues apart at the C-terminal ends of strands 4 and 

7 of the conserved (α/β)8-TIM barrel fold. In P17_GH2, the nucleophile is conserved (Glu509) but the 

acid/base position has a tryptophan (Trp447) (Supplementary Fig. 40d). Two alternative possibilities 

exist for the acid/base of P17_GH2 Glu411 found on strand 3 and Asp908 from the C-terminal domain 

(CTD) are both approximately 6.8 Å from Glu509 and could contribute to catalyzing hydrolysis as 

acid/base residues (Supplementary Fig. 40c). 
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Monosaccharide metabolism 

Ulvan degradation releases different monosaccharides to be further utilized by F. agariphila. Many of 

the enzymes involved in monosaccharide metabolism had significantly higher relative abundances with 

ulvan compared to fructose or rhamnose as substrate (Fig 2, Supplementary Fig. 3, Supplementary Data 

Set 1). Based on this result and on the MetaCyc database (Caspi et al. 2018), pathways for 

monosaccharide utilization were deduced, which are consistent with previously proposed pathways 

(Salinas and French 2017). Unlike the PUL H-encoded polysaccharide-degrading proteins, these 

monosaccharide-utilizing proteins are randomly distributed across the F. agariphila genome 

(Supplementary Fig. 3). 

The spontaneous conversion of α- to β-anomer (mutarotation) of free α-L-rhamnose is a relatively slow 

process. This rate-limiting step affects growth of L-rhamnose-utilizing bacteria (Ryu et al. 2005; 

Richardson et al. 2008) because the first metabolic enzyme rhamnose isomerase (EC 5.3.1.14) is specific 

for the β-anomer (Korndörfer et al. 2000). Various bacteria, such as E. coli and Rhizobium 

leguminosarum, contain the L-rhamnose mutarotase, accelerating the rate of mutarotation of α- to β-L-

rhamnose (Bateman 2002; Camacho et al. 2009). In contrast to the proteobacterial L-rhamnose 

mutarotase genes, which are part of small operons dedicated to the uptake and use of free L-rhamnose 

(Ryu et al. 2005; Richardson et al. 2008), the P21_mutarotase gene is localized in PUL H. We solved 

the crystal structure of the P21_mutarotase at 1.47 Å (Fig. 4, Supplementary Table 9) with one molecule 

in the asymmetric unit. P21_mutarotase adopts a ferredoxin-like fold with an antiparallel β-sheet of 4 β-

strands flanked by a bundle of 3 α-helices. The P21_mutarotase structure superimposed with the 

characterized L-rhamnose mutarotases YiiL (PDB: 1x8d) and RhaU (PDB: 2qlw) with rmsd on Cα of 

0.76 Å and 0.73 Å, respectively (Ryu et al. 2005; Richardson et al. 2008). Similar to these, the 

P21_mutarotase (Fig. 5a,b) formed a dimer with a large hydrophobic dimeric interface antiparallel β-

sheets from each monomer (Fig. 5c). All key residues of the active site are well conserved in the 

P21_mutarotase (Fig. 5d,e). 

F. agariphila further metabolizes the β-L-rhamnose via L-rhamnulose-1-phosphate, which is then 

cleaved by an aldolase (putatively NP3_ or/and NP6_aldolase, Fig. 2) into L-lactaldehyde and 

dihydroxyacetone phosphate (Fig. 6) (Salinas and French 2017). The corresponding genes are located 

directly upstream of PUL H (Supplementary Figs. 2 and 3). Glucuronic and unsaturated uronic acids are 

stepwise converted into KDG (2-dehydro-3-deoxy-D-gluconate), which enters the central metabolism 

via D-glyceraldehyde 3-phosphate and pyruvate (Fig. 6). Corresponding genes are encoded within PUL 

H, PUL A or elsewhere in the genome (Supplementary Figs. 3 and 41). NP8_isomerase and NP7_kinase 

convert D-xylose to D-xylulose-5P, which is an intermediate of the pentose phosphate pathway. In 

addition, putative monosaccharide transporters were identified (Fig. 6). A d-xylose transporter 

(NP16_XylE) was quantified in the mem- brane fraction in the subproteome experiments 

(Supplementary Dataset 2).  
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Fig. 4 Zooming into the degradation of ulvan fragments. The experimental procedure to uncover the order of 

enzymes for ulvan degradation is shown exemplarily for an ulvan pentamer. All other investigated enzyme 

activities are shown in the Supplementary Information. All intermediate products were purified and their structures 

were confirmed by NMR and mass spectrometry. Mass spectrometry spectra for individual oligomers are shown 

on the left next to the respective oligomer. Full spectra for all purified oligomers are shown in the Supplementary 

Information together with the corresponding NMR spectra. Red arrows indicate cleavage points of the following 

step. FACE gels for the analysis of the enzymatic interconversion steps are displayed on the right next to the 

respective enzyme. Full gel images including standards are shown in the Supplementary Information. The 

desulfation of Rha3S was detected by HPAEC–PAD and the full chromatograms are shown in the Supplementary 

Information. Numbers with ’S’ attached to the sugar symbols indicate the position of sulfate groups. n.e., no 

additional enzyme. 
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Four ATP-binding proteins of ATP-binding cassette transporters were more abundant with ulvan or with 

rhamnose in the metabolic labeling experiments (Fig. 2 and Supplementary Dataset 1), indicating that 

ATP-binding cassette transporters are involved in monosaccharide uptake. Specific mono- or oligosac- 

charides generated by the above-described enzymatic steps were also verified by high-performance 

liquid chromatography–evaporative light scattering–electrospray ionization–mass spectrometry 

(HPLC–ELS–ESI–MS) (Supplementary Figs. 42–48). 

 

 

Fig. 5 Structure of the l-rhamnose mutarotase P21_mutarotase. a, P21_mutarotase dimer shown in cartoon 

style. b, Molecular surface of the P21_mutarotase dimer color coded according to electrostatic potential ranging 

from deep blue, +, to red, −. c, Electron density around the inter-subunit β-sheet in the mutarotase P21_mutarotase 

dimer. The β4-strand found at the C-terminal extremity of the subunit B is involved in β-sheet formation with the 

subunit A through hydrogen bonding with the β2-strand. Subunits A and B are green and yellow, respectively. 

Hydrogen bonds between β2 and β4 are shown as black dashed lines. The map shown is σA-weighted 2mFo − DFc 

maps contoured at 1.2σ ((0.12 × 10)/Å3). d,e, Active site of P21_mutarotase (d) and of YiiL bound to an l-rhamnose 

(e). The amino acids are presented as sticks. The carbon atoms are colored in yellow and in cyan in P21_mutarotase 

and YiiL, respectively. The small red spheres are water molecules in the P21_mutarotase structure. 

 

Discussion 

Using the DNA sequence of the known ulvan polysaccharide lyase PL28 as query, 12 ulvan PULs were 

extracted from the NCBI-GenBank, including the biochemically characterized F. agariphila ulvan PUL. 

All PULs were from Bacteroidetes, indicating that our procedure was selective for this phylum since 

ulvan PULs also exist in Gammaproteobacteria (Koch et al. 2019b). Interestingly, although four ulvan 

PULs were from the genus Polaribacter, they did not cluster on the heatmap (Fig. 1c) indicating that 

ulvan PULs are diverse at the genus level. Also, within different ulvan PULs, PL28 or PLs from PLnc 

are over 50% identical at the pairwise amino acid sequence level. Conservation and invariable presence 

suggest that the first steps of the ulvan degradation cascade proceed through similar enzymes in these 

organisms. On the other hand, the GH88 enzyme was only present in ulvan PULs of Flammeovirga 
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pacifica and F. agariphila. GH88 is an exo-acting, unsaturated glucuronyl hydrolase. Its absence in 

other ulvan PULs could be compensated for by the presence of a GH105, which has the same function. 

Thus, the later steps in ulvan degradation proceed in dissimilar ways in bacteria. 

As shown in the protein domain distribution analysis, the most abundant proteins are sulfatases, which 

catalyze the removal of sulfate from ulvan. Sulfatase copy numbers ranged from 4-12. At the same time, 

PLs or GHs such as GH2, GH78 and GH39 in the F. agariphila ulvan PUL were also abundant and have 

several copies in the other predicted ulvan PULs. Notably, some of the proteins of the ulvan PUL, such 

as the sulfatase P36_GH78/S1_25, are multimodular enzymes. Our analyses indicated similar domain 

structures of ulvan-degrading enzymes in other marine Bacteroidetes strains. However, the cursory 

inspection of gut Bacteroides genomes revealed no multimodular GH78 and sulfatase fusion proteins. 

This suggests that some gene fusions involved in polysaccharide degradation could be more abundant 

in the marine environment (Hehemann et al. 2017). 

Our biochemical analyses demonstrated that six of the putative sulfatases (P11_S1_7, P12_S1_8, 

P18_S1_7, P19_S1_27, P32_S1_8 and P36_S1_25) are indeed ulvan-active sulfatases (Supplementary 

Fig. 4). However, the sulfatase P14_S1_7 was inactive on both, ulvan from Elicityl and a xylose-rich 

ulvan from Atlantic Ulva spp. and displayed only faint activity on an ulvan from Agrival. This apparent 

inactivity may be due to a strict exolytic character of P14_S1_7. Consequently, activity maxima are not 

the same for different types of ulvans. Substrate diversity may cause the variable enzyme content in 

Bacteroidetes (Fig. 1c). This diversity may reflect an adaptation to the different types of ulvans present 

in Ulva spp. Such fine scale adaptation points towards the exploration of PUL microdiversity as a 

promising avenue for enzyme discovery and for the biocatalytic elucidation of ulvan structures.  

Our elucidation of the enzymatic ulvan degradation cascade and characterization of 12 of its enzymes 

has major implications. Firstly, the conservation of CAZyme- and sulfatase-encoding genes in ulvan 

PULs of different bacteria underlines their importance and provides a mean to reliably predict new ulvan 

degradation pathways for bioengineering. Secondly, the substantially extended knowledge of the 

specific substrate scope of each enzyme enables the targeted use of these enzymes for the production of 

a variety of novel defined, tailor-made ulvan oligomers, representing useful products, e.g., for 

pharmaceutical or cosmetic applications. Moreover, these enzymes provide a way to deconstruct ulvan 

cell walls, which may facilitate the extraction of marine poly- or oligosaccharides and other valuable 

molecules such as proteins from Ulva spp. Finally, the enzymatic cascade allows for the production of 

bulk monomeric sugars from the abundant, so far underexplored renewable, the green tide Ulva.  
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Fig. 6 Model of the ulvan degradation pathway in F. agariphila as suggested by the proteogenomic, 

biochemical and structural biological analyses in this study. Redundant pathways are omitted to maintain 

clarity. The ulvan molecule on top represents a part within the larger ulvan chain where rhamnose and iduronate 

are α- while xylose and glucuronate are β-configured. The formed products - at both ends of the initial ulvan 

molecule after cleavage with P30_PL28 - are not shown in the downstream degradation pathway. Activity of ulvan 

lyases P30_PL28 and P10_PLnc will form an unsaturated uronic acid residue from glucuronic acid or iduronic 

acid at the non-reducing end of the products. Numbers with ‘S’ attached to the sugar symbols indicate the position 

of sulfate groups. Black arrows indicate pathways elucidated by proteogenomic, biochemical and structural 

biological analyses, while gray arrows only refer to proteome analyses or additional structural analyses in the case 

of P21_mutarotase. For numbering and nomenclature see Fig. 2. For reasons of simplicity, the linkage of the 

TBDRs to the TonB-ExbBD complex or a putative membrane association of certain enzymes were not included. 

KDG, 2-dehydro-3-deoxy-d-gluconate; DKI, 5-dehydro-4-deoxy-d-glucuronate; DKII, 3-deoxy-d-glycero-2,5-

hexodiulosonate. 
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Methods 

Prediction of ulvan PUL. A total of 118,981 bacterial genomes were downloaded from the NCBI-

GenBank using an in-house script (updated in 9 October 2018). Hmmer v.3.0 was used to identify 

proteins with a PL28 or sulfatase domain, using a cut-off value of 1 × 10−10 (Finn et al. 2011). Hidden 

Markov models of PL28 and sulfatase were obtained from dbCAN2 and the pfam database, respectively 

(Bateman 2002; Zhang et al. 2018). Models for the new PLnc family have not been released, thus blastp 

was used to identify its homologs, using 1 × 10−50 and 30% sequence identity as cut-off values 

(Camacho et al. 2009). In each bacterial genome, if the adjacent 50 proteins to the aforementioned 

marker genes contained three marker genes (PL28, PLnc and sulfatase), this locus was considered as a 

potential ulvan PUL hit. To further determine PUL boundaries, 100 proteins surrounding the predicted 

ulvan PUL were collected and then locally annotated using pfam and dbCAN Hidden Marikov models 

(cut-off value 1 × 10−10). First, PL28 or PLnc families were set as boundaries, which were extended if 

adjacent genes are annotated as sugar utilization proteins, such as GH, PL, sugar transporter and 

transcription factors. In cases where five continuous genes were not related to sugar utilization or ulvan 

degradation, the last functionally relevant protein was taken as the putative ulvan PUL boundary. Protein 

sequences within putative ulvan PUL were collected for further analysis. Circos was used to visualize 

the different ulvan PUL (Connors et al. 2009). Blastp was used to calculate the identity between PL28 

sequences from different ulvan PUL (cut-off value: 1 × 10−10, over 50% identity). To simplify and 

reduce non-conserved proteins, domains with less than 80% presence among the predicted ulvan PUL 

were excluded. Domain numbers in each PUL were counted, summarized and displayed in R studio. 

Proteome analyses. Whole cell proteome—metabolic labeling. A 14N/15N relative quantification 

approach, based on metabolic labeling, was used for protein quantification as described previously 

(MacCoss et al. 2003). For this purpose, F. agariphila KMM 3901T was cultivated in a synthetic 

seawater medium (MPM) (Schut et al. 1993) containing either 14N- or 15N-ammonium chloride, 

supplemented with 0.2% of the individual carbon source: ulvan, rhamnose or fructose. Cultivation (21 

°C, 170 r.p.m.) comprised three steps: (1) 24 h of marine broth 2216-cultivation and subsequent (2) pre-

cultures as well as (3) main cultures in the above-described minimal medium. At an optical density 

(OD600 nm) of 0.5, cells were collected from main cultures by centrifugation (30 min, 9,384g, 4 °C). 

Cell pellets were suspended in TE-buffer (10 mM Tris, 10 mM EDTA) and cells were disrupted by 

sonication (four cycles of 25 s). Cell debris and protein extract were separated by centrifugation (10 

min, 21,460g, 4 °C). In case of the 15N-labeled samples, protein extracts of all samples from all three 

carbon sources were combined to form the 15N-labeled reference pool, which served as an internal 



Chapter 1 – Structural analysis of ulvan-utilizing enzymes 
 

- 43 - 

standard. Protein concentration was determined using the Pierce BCA Protein Assay Kit (Thermo Fisher 

Scientific). Then, 12.5 μg of protein of each 14N-sample was combined with 12.5 μg protein of the 15N-

labeled pool. These mixtures were separated by one-dimensional SDS–PAGE. Protein lanes were cut 

into ten equal-sized pieces, destained and proteins were in-gel-digested with a 1 μg ml−1 trypsin solution 

(Grube et al. 2015). Peptides were separated by reversed-phase chromatography and analyzed in an 

LTQ-Orbitrap Classic mass spectrometer equipped with a nanoelectrospray ion source (Otto et al. 2010). 

Data represent three independent experiments (n = 3).Mass spectrometry data were searched with 

Sorcerer SEQUEST v.27, rev.11 (Thermo-Finnigan, Thermo Fisher Scientific) against a target decoy 

database including all F. agariphila KMM 3901T protein sequences, corresponding reversed sequences 

(decoys) as well as common laboratory contaminants (total 7,224 entries) as described previously (Otto 

et al. 2010), but using a false positive rate of 0.05. In brief, peak intensities of the 14N-peptide ions of a 

protein versus its 15N-peptide ions were compared to calculate a regression ratio. Only unique peptides 

and peptides with an R2 above 0.7 were taken into account. Non-quantified peptides were manually 

checked. Average regression ratios were then exported. Proteins with at least two quantified peptides 

were considered for the following calculations: ratios were median-centered and log-transformed, 

termed as log2 ratios, per sample. If proteins were quantified in at least two of the three replicates, means 

and s.d. were calculated from these values. To identify relative changes between the different carbon 

sources, log2 ratios of fructose- or rhamnose-cultivated cells were subtracted from log2 ratios of ulvan-

cultivated cells, termed ∆log2. Fold-changes correspond to the exponentials of these ∆log2 values. 

Statistical analyses were performed with Welch’s two-sided t-test (permutation-based false discovery 

rate 0.01) using Perseus v.1.6.0.7 (Tyanova and Cox 2018), based on the log2 ratios. Putative ON/OFF 

proteins were marked with 15N (OFF) or 14N (ON) in Supplementary Dataset 1 but were not included in 

any of the calculations. Only if a protein was identified as an ON/OFF protein in all three replicates, it 

was assigned to a fixed value (10/−10), to highlight these proteins. 

Subproteome fractionation. F. agariphila KMM 3901T was cultivated as described above, except that 

no 15N-labeling was performed and only ulvan was applied as a carbon source. For the surface proteome 

(trypsin-shaving approach), 1.5 ml of cell suspension was removed from the culture and centrifuged (5 

min, 5,867g, 4 °C). Cells were washed with 50 mM triethylammoniumbicarbonate-buffer and finally 

resuspended in 45 µl triethylammoniumbicarbonate-buffer. To cleave proteins from the cell surface, 5 

µl of a 1 µg ml−1 trypsin solution was added. The solution was transferred onto a 0.22 µm cellulose-

acetate spin-column and incubated for 15 min at 900 r.p.m. and 37 °C. The flow-through was collected 

by centrifugation (10 min, 4,000g, 4 °C), another 1 µl of trypsin was added and the sample was incubated 

at 900 r.p.m. and 37 °C overnight. The peptide mixture was desalted using C18 StageTips. The following 

solutions were used: 0.1% (v/v) acetic acid in ultra-pure water (buffer A) and 0.1% (v/v) acetic acid in 

acetonitrile (buffer B). Before the sample was added, C18 material was rinsed and equilibrated with 

buffer A and washed with buffer B in between these steps. After the sample was added, buffer A was 

used for washing and buffer B for elution. In the case of cytosolic, membrane-associated and 
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extracellular protein fractions, cells from 100 ml of culture were collected by centrifugation (30 min, 

9,384g, 4 °C). Cell pellets and supernatants were processed separately as previously described 

(Antelmann et al. 2001; Eymann et al. 2004). One-dimensional-SDS–PAGE, in-gel-digestion and liquid 

chromatography–tandem mass spectrometry analysis were performed as described above. Experiments 

were carried out in triplicates (n = 3). Database searches were done with Sorcerer SEQUEST v.27, rev. 

11 (see above). Results were summarized and filtered using Scaffold v.4.4.1.1 (Proteome Software): 

protein and peptide false discovery rate was set to 0.01 and protein identification required two peptides 

minimum. For protein quantification, the normalized spectral abundance factor was calculated for each 

protein giving the percentage (%NSAF) of all proteins in the same sample (Zybailov et al. 2006). If 

proteins were identified in at least two of the three replicates, they were considered for further 

calculations. 

Gene cloning and expression. Expression constructs were prepared using the FastCloning strategy (Li 

et al. 2011) with genomic DNA from F. agariphila KMM 3901T (collection number DSM15362 at 

DSMZ) as template for the amplification of the inserts. Generally, the pET28 constructs were prepared 

as described previously (Reisky et al. 2018) with the gene primers shown in Supplementary Table 10. 

To clone the gene for the formylglycine-generating enzyme from F. agariphila, the vector backbone 

was amplified with the primers 5′-AATA GCGC CGTC GACC ATCA TCAT CATC ATCAT-3′ and 

5′-CATG GTTA ATTC CTCC TGTT AGCC CAAA AA-3′ from pBAD/myc-his A. For the pFA, 

constructs were cloned and overexpressed as previously described (Groisillier et al. 2010). Briefly, genes 

were PCR-amplified using the NEB Q5 High-Fidelity DNA Polymerase system. PCR reactions were 

done with 30 cycles (denaturation: 95 °C; annealing: 60 °C; elongation: 72 °C) using 0.5 units of enzyme 

in a total reaction of 50 μl using the primers shown in Supplementary Table 10. Amplicons were cleaned 

up using the QIAquick PCR Purification Kit (Qiagen) and digested with the appropriate restriction 

endonucleases. All ligations were done in the linearized T7 system vector pFO4. Genes encoding the 

sulfatases P18_S1_7, P19_S1_27, P32_S1_8 and P36_S1_25 were ordered codon-optimized for E. coli 

and sub-cloned into pET28 with NheI and XhoI from Genscript. The optimized nucleotide sequences 

are shown in the Supplementary Information. E. coli BL21(DE3) was transformed with pET28-based 

plasmids. For the overexpression, 50 ml ZYP-5052 (Studier 2005) with 100 µg ml−1 kanamycin were 

inoculated from an overnight culture in LB medium containing 50 µg ml−1 kanamycin. The culture was 

grown at 30 °C and 180 r.p.m. until the OD600 nm reached 1.0 and was then cooled to 20 °C for 48 h. 

In the case of sulfatases, the formylglycine-generating enzyme from F. agariphila was co-expressed. 

LB medium with 100 µg ml−1 ampicillin and 50 µg ml−1 kanamycin was inoculated from an overnight 

culture in the same medium and incubated at 37 °C and 180 r.p.m. until the OD600 nm reached 0.3 to 

0.5. After the addition of 1.5 mM l-arabinose and incubation for 90 min at 37 °C, the culture was cooled 

to 18 °C for 2 h before 0.5 mM isopropyl-β-d-1-thiogalactopyranoside (IPTG) was added and the culture 

was incubated overnight at 18 °C. Alternatively, sulfatases were expressed from the pFA constructs in 

E. coli BL21(DE3) cells grown in LB medium supplemented with 15 µg ml−1 ampicillin, at 37 °C, until 
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reaching an OD600 nm of 0.8. Expression was induced with 0.1 mM IPTG overnight at 18 °C. For 

crystallization screening, E. coli BL21(DE3) cells were transformed with the plasmids containing the 

gene fragment of interest, then grown in the autoinduction ZYP-5052 medium (200 μg ml−1 ampicillin, 

20 °C, 72 h). Cells were collected by centrifugation (10,000g, 4 °C, 20 min) and the cell pellets were 

stored at −20 °C until further use. Samples from the cultivations equivalent to 1 ml of culture with an 

OD600 nm of 7 were taken before collection and the cells were collected by centrifugation (13,000g, 4 

°C, 2 min). Pellets were resuspended in 500 µl 50 mM HEPES with 100 mM NaCl (pH 7.4). After 

chemical lysis with BugBuster (Merck), whole cell protein (W) samples were obtained before removal 

of the cell debris by centrifugation (13,000g, 4 °C, 10 min). Samples of the soluble protein fraction were 

taken from the respective supernatant. 

Enzyme purification. Cell pellets were thawed and resuspended in 50 mM NaPi with 300 mM NaCl 

(pH 8.0) and lysed by three cycles of sonication (2.0 min, 30% pulse, 50% power). After centrifugation 

(10,000g, 4 °C, 20 min), the supernatant was filtered (0.45 µm) and loaded onto a 5 ml HisTrap FF crude 

column (GE Healthcare) equilibrated with lysis buffer. Alternatively, Rotigarose-His/Ni beads (Karl 

Roth) were used in gravity flow columns. After washing, the protein was eluted with 50 mM NaPi and 

300 mM NaCl containing 300 mM imidazole (pH 8.0). Fractions containing the protein of interest were 

pooled and desalted using PD-10 columns (GE Healthcare) equilibrated with 50 mM NaPi pH 7.4. 

Proteins were analyzed by SDS–PAGE on 12.5% acrylamide gels. Then, 1% (v/v) 2,2,2-trichloroethanol 

was used for the visualization of proteins under ultraviolet light (Ladner et al. 2004). Alternatively, 

proteins were stained with Coomassie Blue (PhastGel Blue R). All enzymes were used undiluted, or in 

dilutions of 1:5, 1:10 or 1:20 with enzyme storage buffer (Supplementary Table 11). Alternatively, cells 

were subjected to mechanical lysis and cytoplasmic extracts were loaded onto an HisTrap column (5 ml, 

GE Healthcare) equilibrated with 50 mM Tris, 0.2 M NaCl, 20 mM imidazol, 1 mM CaCl2 at pH 8.0. 

Recombinant proteins were eluted with around 250 mM imidazole and then loaded onto a Hiprep 

Desalting column (26/10, 53 ml, GE Healthcare) to eliminate the imidazole, which notably interfered 

with sulfatase activity. Purified enzymes were concentrated (Amicon Ultra Centrifugal Filter, 30 kDa) 

to a concentration of 1 mg ml−1 (Nanodrop). 

Purification of ulvan. Green tide Ulva sp. was collected near Roscoff (France) and dried. Alternatively, 

dried Ulva biomass from the Atlantic coast in Spain was purchased as organic sea lettuce (Kulau). Ulvan 

was extracted according to the literature (Robic et al. 2009). The dialysis step was exchanged by 

precipitation with acetone (80% (v/v) final concentration). After washing, acetone-precipitated ulvan 

was dissolved in deionized water and freeze-dried. Alternatively, ulvan was obtained from Agrival or 

Elicityl. Enzyme assays. Generally, reactions were performed in 50 mM HEPES pH 7.4 with 100 mM 

NaCl or 35 mM Tris pH 8.0 with 50 mM NaCl. Initial degradation of ulvan into larger oligomers was 

monitored by C–PAGE, while smaller degradation products and the conversion of purified oligomers 

was analyzed by FACE. For lyases, the increase in absorbance at 235 nm was recorded over time. For 

unsaturated uronyl hydrolases (GH88 and GH105), the decrease in absorbance at 235 nm of ulvan lyase 
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products was monitored. For screening reactions, 10% (v/v) clarified lysate as used for the SDS–PAGE 

was added. Untreated ulvan was generally used at a concentration of 1 g l−1 while purified oligomers 

were used at 0.25 gl-1. Incubation was performed overnight at room temperature. 

Sulfatase activity assay on ulvan polymers. Activity assays were conducted on three different ulvan 

polymers from Ulva species: a commercial ulvan from Elicityl, an ulvan that was a gift from the 

company Agrival, and an ulvan extracted from Ulva sp. collected on the north cost of Brittany (Roscoff). 

Then, 10 µl of each ulvan solution (1% w/v in H2O) was incubated with 10 µl of purified sulfatase (1 

mg ml−1) in a final volume of 80 µl of 25 mM Tris-HCl, 0.1 M NaCl, 0.5 mM CaCl2, pH 8.0 buffer mix, 

for 18 h at 37 °C. For each reaction, a control sample was prepared using similar conditions but with an 

inactivated enzyme (100 °C, 10 min). Reaction mixtures and blanks were then filtered (10 kDa, Amicon 

Ultra, Millipore) to measure the amount of free sulfate in the filtrates. Ulvan-specific sulfatase activity 

was measured by HPAEC. Using an ICS5000 system (Thermo Scientific Dionex), anions from reaction 

mixture filtrates were injected (AS–AP Autosampler) and separated using an AG11-HC guard column 

(4 × 50 mm) mounted in series with an AS11-HC anion-exchange column (4 × 250 mm). Elutions were 

performed with isocratic 12 mM NaOH at a flow rate of 1 ml min−1 (Single Pump-5), and the detection 

of anions was leaded by an Analytical CD Conductivity Detector associated to a suppressor (ASRS 500, 

4 mm) running at 50 mA. Using a standard curve of sulfate, concentration of sulfate released by the 

enzymatic reaction was calculated from the difference of the amount of sulfate between samples and the 

associated blanks. 

Sulfatase activity assay on characterized ulvan oligosaccharides. Here, 10 µl of ulvan 

oligosaccharides (0.5–1% w/v in H2O) were incubated with 15 µl of purified sulfatase (0.5 mg ml−1) in 

a final volume of 75 µl of 5 mM Tris-HCl, 10 mM NaCl, 0.5 mM CaCl2, pH 8.0 buffer, for 18 h at 37 

°C. The recombinant enzymes P33_GH105 or P36_GH78 were added (2 µl, 3 mg ml−1). Each reaction 

mixture was centrifuged (14,000g for 10 min) before injection. Oligosaccharide detection was realized 

by HPAEC analyzes on the same ICS 5000 system described for the sulfate quantification. Elutions 

were performed at a flow rate of 0.5 ml min−1 using a NaOH multistep gradient from 8 to 280 mM (45 

min). Oligosaccharides were detected by conductivity mode under a current suppression of 50–300 mA. 

Carbohydrate electrophoresis. FACE was performed with 2-aminoacridone as a fluorophore 

(Hehemann et al. 2010). For C–PAGE, samples were mixed with an equal volume of FACE loading 

buffer (Hehemann et al. 2010). Gels and running conditions were identical to FACE. Carbohydrates 

were visualized by staining with Stains-All solution (0.25 g l−1 in 1.7 mM Tris-HCl pH 7.5 with 25% 

(v/v) isopropanol). The gels were destained with 25% (v/v) isopropanol in deionized water. 

Purification of oligomers and structure determination. Ulvan was digested with purified enzymes in 

Tris-HCl pH 8.5 at room temperature. Oligomers were separated on two XK 26/100 (GE Healthcare) in 

series filled with Bio-Gel P-2 (Rio- Rad) using 100 mM (NH4)2CO3 as mobile phase at a flow rate of 1 

ml min−1. After lyophilization of the fractions containing the products, oligomers were dissolved in D2O 
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and lyophilized three times before NMR spectra were recorded on a Bruker Avance III HD 600 (600 

MHz) spectrometer (Bruker) in D2O solutions. The structures were independently elucidated based on 

one- and two-dimensional (correlated spectrometry, heteronuclear single quantum coherence, 

heteronuclear multiple bond correlation and total correlated spectrometry) methods, and the assigned 1H 

and 13C-NMR signals were then compared with literature data, showing excellent consistency (Lahaye 

et al. 1997; Lahaye 1998). For samples containing uronic acid structures, it was required to neutralize 

the otherwise acidic NMR samples with Na2HPO4 to pH 7–8 (pH-electrode calibrated to H+) to achieve 

fully resolved signals for the carboxylic acid and neighboring positions (13C). HPLC–ELS–MS analysis 

was performed by injection of ~0.1% solutions (1–5 μl) on a Nexera ultra-HPLC system from Shimadzu 

(equipped with two binary LC-30AD pumps plus degassers, a CTO-20 column oven) and a LC–MS-

2200 EV mass spectrometry detector and an additional evaporative light scattering detector (JASCO 

ELS-2041). Analysis was performed with mobile phase A = H2O (0.1% HCOOH) and mobile phase B 

= CH3CN on a C18 column (XSelect CSH XP C18 2.5 µm 3 × 50 mm) at 40 °C. Flow rate was 1.3 ml 

min−1 (0–3 min) with 5% B from 0–0.15 min, 5–98% B from 0.15–2.2 min and 98–5% B from 2.2–2.5 

min. 

Crystallization of proteins and structure determination. Crystallization trials of P18_S1_7 (pFA13 

construct) and of the family S1_25 sulfatase module of the bimodular GH78 l-rhamnosidase P36 (pET28 

construct, referred to as P36_S1_25) were undertaken at room temperature using the vapor-diffusion 

method in sitting drops containing a 2:1 ratio of pure protein (12.9 and 13.0 mg ml−1, respectively) and 

of precipitant solution. P18_S1_7 and P36_S1_25 were mixed with reservoir solution containing 100 

mM MIB pH 5.0 and 25% PEG 1,500 and 100 mM MES pH 6.5 and 25% PEG 2,000 MME, 

respectively. Crystals of the l-rhamnose mutarotase P21_mutarotase (pFA16 construct, concentration: 

14.9 mg ml−1) were obtained by the hanging-drop vapor-diffusion method at room temperature and also 

at a 2:1 protein:precipitant ratio with a reservoir solution containing 100 mM sodium acetate pH 4.6 and 

4.3 M sodium formate. Crystals of P18_S1_7, P21_mutarotase and P36_S1_25 were cryo-protected 

with 10, 14 and 14% glycerol, respectively, and flash-frozen in liquid nitrogen. X-ray diffraction 

experiments were carried out at 100 K at beamlines PROXIMA-1 (PX1) for P18_S1_7 and P21_ 

mutarotase and PROXIMA-2 for P36_S1_25 (SOLEIL Synchrotron). Diffraction data of P18_S1_7, 

P21_mutarotase and P36_S1_25 were obtained at 1.23, 1.47 and 2.91 Å, respectively, and were 

processed using XDS (Kabsch et al. 2010). Scaling and merging were performed using the program 

Aimless from the CCP4 package(Winn et al. 2011). The structure of P21_mutarotase (a dimer of 2 × 

115 residues), P18_S1_7 (475 residues) and P36_S1_25 (467 residues) were solved by molecular 

replacement with the CCP4 suite program MolRep56 using the structures of the rhamnose mutarotase 

RhaU from R. leguminosarum (PDB: 2QLX) (Richardson et al. 2008), of the human iduronate-2-

sulfatase (PDB: 5FQL) (Demydchuk et al. 2017) and of the putative sulfatase YidJ from Bacteroides 

fragilis (PDB: 2QZU) as starting models, respectively. Refinement and model building of P18_S1_7 

and P21_mutarotase were undertaken using the PHENIX program suite57 and the Coot software 
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(Emsley et al. 2010). Initial refinement of the P36_S1_25 structure was performed with BUSTER (Smart 

et al. 2012) and PHENIX (Adams et al. 2010), and then manual examination and rebuilding of the 

refined coordinates were carried out in Coot (Emsley et al. 2010). Structural validation was undertaken 

using MOLPROBITY (Chen et al. 2010). SEC-purified P17_GH2 crystallized in a 1:1 ratio of 7 mg 

ml−1 protein in 20 mM Tris pH 8.0 and mother liquor in the JBScreen PACT++ HTS and JBScreen Classic 

HTS I (Jena Bioscience). A single crystal from the screen grown in 20 % PEG 3350, 0.1 M Bis-Tris pH 

7.5, 0.2 M sodium bromide was cryo-protected in 30 % glycerol before X-ray crystallography. The 

diffraction data were collected at DESY P11 automatically integrated in XDS and scaled and merged in 

Aimless (Hehemann et al. 2010; Evans and Murshudov 2013). The structure of P17_GH2 was solved 

by molecular replacement using PDB: 5dmy as a search model in Phaser (McCoy et al. 2007). The 

structure was built automatically using buccaneer and manually in Coot building directly into the 2Fo − 

Fc maps (Cowtan 2006; Emsley et al. 2010). Structural validation was carried out using MOLPROBITY 

(Chen et al. 2010). 

 

Reporting Summary. Further information on research design is available in the Nature Research 

Reporting Summary linked to this article. 

 

Data availability  

All data that support the findings of this study are available from the corresponding authors upon 

reasonable request. The protein structures are deposited in the PDB under 6HHM, 6HHN, 6HPD and 

6HR5. Mass spectrometry data were deposited to the ProteomeXchange Consortium via the PRIDE 

partner repository (Vizcaíno et al. 2016) with the dataset identifier PXD009299.  
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Abstract 

Microbial utilization of glycans involves an individual enzymatic cascade reflecting the structural 

complexity of the substrate. The enzymatic machinery includes carbohydrate-active enzymes 

(CAZymes), receptors, transporters and binding proteins. CAZymes like glycoside hydrolases and 

polysaccharide lyases often possess non-catalytic domains with auxiliary activities which enhance the 

enzyme function. Glycan recognition and binding is a crucial step in polysaccharide utilization and is 

intensively studied for microbes found in the intestinal of ruminants. In a diluted environment like the 

oceans, little is known how marine microbes interact with their substrates. Here, we describe the 

carbohydrate-binding module (CBM) of an exo-acting β-glucuronidase involved in the degradation of 

the sulfated polysaccharide ulvan by Formosa agariphila KMM3901T. We combined biochemical 

analyses of more than 30 terrestrial and marine polysaccharides with X-ray crystallography to shed light 

on its mechanistic function. FaGH2CBM is located at the enzyme’s C-terminus and characterized by a 

versatile binding motif including ulvan and other marine polysaccharides from macroalgae such as 

fucoidans. Our study further contributes to the enzymatic pathway of ulvan utilization by marine 

microbes. 

 

Key words: algal polysaccharide, X-ray crystallography, CBM, ulvan, fucoidan, binding protein 

 

Introduction 

Marine macroalgae consist of up to 70 % of polysaccharides, which are mainly found in the cell walls 

maintaining the 3D structure (Kraan 2012). Algal glycans are remineralized by heterotrophic bacteria 

(Teeling et al. 2012; Teeling et al. 2016) and introduced into the marine carbon cycle. Ulvan is the main 

cell wall polysaccharide of the algae order Ulvales belonging to the globally distributed green algae 

(Chlorophyta). Ulvan is composed of repeating disaccharide units of D-glucuronic acid (GlcA) and L-

iduronic acid (IdoA) linked to 3-sulfated rhamnose (R3S). These building blocks are termed 

ulvanobiuronic acid A or B, respectively. There are also disaccharides of RS3 linked to D-xylose (Xyl) 

found in lower amounts. The degree of sulfation varies, with a maximum of 30 % (Lahaye and Robic 

2007). Ulvan is a water-soluble, anionic polysaccharide contributing up to 29 % of algal dry weight 

(Lahaye and Robic 2007) and therefore serving as an important food and energy source for marine 

heterotrophic bacteria. Recently, it has been shown that heterotrophic bacteria require a multistep 

utilization process which involves several sulfatases and carbohydrate-active enzymes (CAZymes) to 

degrade ulvan into fermentable monosaccharides (Reisky et al. 2019). Formosa agariphila KMM3901T 

is a highly adapted flavobacterium possessing 13 polysaccharide utilization loci (PULs) to maintain an 

algae-associated lifestyle. PUL H consist of receptors, transporters, binding proteins, sulfatases and 

CAZymes for ulvan utilization (Mann et al. 2013). Out of these 39 enzymes, 12 enzymes of 11 families 
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act in a distinct order to perform the complete degradation of ulvan (Reisky et al. 2019). The structural 

analysis of a β-glucuronidase of glycoside hydrolase (GH) family 2 revealed a putative C-terminal 

carbohydrate binding module (CBM). P17_GH2 is an exo-acting enzyme which cleaves β-1,2-linked 

glucuronic acid from Rha3S[GlcA]-Xyl-Rha3S (Reisky et al. 2019). Many CAZymes are multimodular 

enzymes, which often possess non-catalytic domains to support the enzyme function (Ficko-Blean and 

Boraston 2012). These auxiliary activities are frequently involved in substrate recognition and binding 

(Boraston et al. 2004).  

CBMs are defined as contiguous amino acid sequences with discrete folds within the modular structures 

of CAZYmes and cellulosomal scaffolding proteins with carbohydrate-binding activity. The initial 

discovery classified CBMs as cellulose-binding domains (CBDs) due to binding of several GH modules 

to cellulose (Tomme et al. 1996). Since then, CBDs were reclassified after other specifications were 

found. CBMs consist of 30 to 200 amino acids and can be located at both termini of a protein (Shoseyov 

et al. 2006). These modules can have ligand specificity of poly- and oligosaccharides because the 

carbohydrate-recognition site mirrors the solution confirmation of the targeted substrate and thereby 

minimizes the energetic costs upon binding. At present, CBMs are divided into 81 families (Lombard et 

al. 2014a) based on amino acid similarities (Tomme et al. 1996), fold or structural and functional 

similarities such as surface-binding, glycan-chain-binding, small-sugar-binding (Boraston et al. 2004).  

CBMs play a pivotal role in polysaccharide-degrading enzymes (Boraston et al. 2004). For many 

CAZyme families putative CBMs are reported but overall, they are not well studied yet. To date, there 

is only one study reporting an ulvan-binding domain located at the C-terminus of an endo-acting ulvan 

lyase from Nonlabens ulvanivorans (Melcher et al. 2017). In the present work, we performed 

biochemical and structural analyses of a binding protein originated from an exo-acting β-glucuronidase 

of family GH2. Our biochemical and structural analyses add on to previous studies elucidating ulvan 

utilization pathway of marine microbes.  

 

Results and discussion  

Sequence analysis and global abundance. 

Structural analysis of an exo-acting β-glucuronidase of family GH2 from Formosa agariphila 

KMM3901T identified a putative carbohydrate binding domain located at the C-terminus (Reisky et al. 

2019). Since no structural homologue is found in the PDB, we analyzed the sequence of FaGH2CBM 

in more detail. We performed a pBLAST in NCBI and five protein databases of microbial metagenomes 

(MAR). In total, 261 hits were analyzed varying from 98 % (100 % coverage) to 27 % (70 % coverage) 

sequence identity. Out of these hits 57 % were annotated as hypothetical protein, 16 % as GH2, 10 % as 

DUF4982, 4 % as beta-galactosidase and cytochrome C (Fig. S1A). FaGH2CBM-like sequences were 

mainly found in the superphylum Planctomycetes-Verrucomicrobia-Chlamydiae (PCV) and the phylum 
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Bacteroidetes together accounting for 73 % of all hits. Additionally, FaGH2CBM-like sequences were 

also detected in archaea and the phyla Proteobacteria as well as Chloroflexi, Actinobacteria and 

Firmicutes of the Terrabacteria group (Fig. S1B). Closest similarities were found in GH2s from Tamlana 

sp., Jejuia pallidilutea and Algibacter pectinivorans of the order Flavobacteriales. Comparing the hits 

from NCBI and MAR suggested that FaGH2CBM-like sequences from the marine environment are 

highly enriched in PVC (Fig. S1C). Various studies demonstrated the potential of marine PVC members 

as sulfated-glycan degrader (Reintjes et al. 2017; Reintjes et al. 2018; Wiegand et al. 2020). They are 

equipped with specialized sulfatases and CAZymes to utilize complex polysaccharides such as 

chondroitin or fucoidan (Wegner et al. 2013; Kim et al. 2016; van Vliet et al. 2019; Sichert et al. 2020). 

FaGH2CBM was detected in 31 metagenomes from the environmental surveys of TARA Oceans (31 

samples) and Malaspina (6 samples) accounting to 0.0002 - 0.0004 % and 0.0006 % of the total amount 

of ORFs, respectively. Overall, FaGH2CBM-like sequences were found in surface waters of the 

Atlantic, Pacific and Indian Ocean in temperate, subtropical and tropical regions (Fig. 1). 

 

Figure 1. Distribution and abundance of FaGH2CBM in global metagenomes. Relative abundance is shown 

as % of the total metagenome of ORF’s in each sample. 

 

Structural insights.  

FaGH2CBM consists of 143 amino acids with a theoretical isoeletric point (pI) of 5.5. We performed 

co-crystallization of FaGH2CBM with its putative ligand resulting from a multistep enzymatic 

hydrolysis of ulvan. Prior crystallization, the thermal stability and the oligomerization state were 

determined. FaGH2CBM is stable until 25 °C (Fig. 2A) and assembles as a monomer of about 16 kDa 

(Fig. 2B). 
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Figure 2. Determination of thermal stability and oligomerization state. (A) SDS-PAGE and analytical SEC of 

IMAC-purified protein (▲) and standards (●). MW: molecular mass. (B) Thermal stability is defined by a constant 

hydrodynamic radius (nm).  

 

In total, six data sets were collected of co-crystallized FaGH2CBM. The structures were solved my 

molecular replacement ranging from 1.2 to 1.6 Å. FaGH2CBM is composed of three α-helices (Arg887-

Leu889, Asn899-Asp901, Glu932-Asp937) and nine β-strands which are connected by 16 β-turns (Tab. 

S1). The β-strands are aligned in two antiparallel β-sheets of 6 and 3 strands (Fig. S2). Additionally, two 

beta hairpains (Met863-Arg865 and Glu939-Val947, Glu893-Arg896 and Ala950-Ala959) and four beta 

bulges were found (Tab.S2). The overall structure of FaGH2CBM is characterized by a unique β-

topology, which is not found in any structural homologue and characterized by a low degree of 

conserved residues (Fig. 3A-B). FaGH2CBM is enriched in residues with charged and hydrophobic 

sidechains (Tab. S3, Fig. 3C-D) suggesting interaction with anionic polysaccharides like ulvan 

(Rahikainen et al. 2013). The binding of enzymes to glycans is driven by a favorable enthalpy, i.e. energy 

in form of heat is released. The binding is mediated by hydrogen bonds involving polar amino acid 

residues and water molecules as well as van der Waals’ forces and hydrophobic stacking due to aromatic 

residues. Weaker interactions involve electrostatic forces and van der Waals’ interactions (Holgersson 

et al. 2005). Since no electron density for bound substrate (Rha3S[GlcA]XylRha3S) was detected, we 

combined multiple sequence and structural alignment with web tools to predict putative residues 

involved in glycan binding. No putative binding site was identified using PLIP, PDBMotif and PDBe 

ProFun. PDBSum detected four significant clefts with a volume > 300 Å3. The biggest cleft had a volume 

of 890 Å3 containing 12 charged, three aromatic and two aliphatic residues (Fig. S3). Based on multiple 

sequence and structural alignment we identified two potential binding regions (Fig. S4). The first region 

consists of R865, K872 and R896 which are located 5.5, 6.9 and 9.9 Å apart. The second region contains 

residues T857, D908 and Q911 which are 3.8, 4 and 4.8 Å apart and are located above the active site of 

P17_GH2. The flexible loop (amino acids 840 - 847), which connects the catalytic domain with the 

putative binding domain, is likely involved in substrate binding. Hence, the second region is either 

exposed to putative substrates or re-directed above the active site in case FaGH2CBM is bound to a 
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substrate. Residues R865, K872, R896 and Q911 are highly conserved in GH2s but have not been 

described yet. 

 

Figure 3. Structural insights into FaGH2CBM. Degree of conservation is shown as (A) cartoon representation 

of conserved amino acid residues and as (B) match correlation matrix: Heuristic PDB search compares query 

structure (x-axis) against those in the Protein Data Bank (y-axis).  (C+D) Electrostatic potential shown is surface 

representation: cationic (blue) and anionic (red). 

 

FaGH2CBM binds to macroalgal fucoidan 

Besides co-crystallization experiments, we tested 30 marine and terrestrial polysaccharides using 

carbohydrate microarrays, ELISA and affinity gels to detect binding of FaGH2CBM. 

No binding activity of FaGH2CBM was observed using carbohydrate microarray (data not shown). 

CBMs are known for their low binding affinity which usually varies in the millimolar range and allows 

a fast on/off binding rate of the ligand (Holgersson et al. 2005). Therefore, we performed affinity gel 

electrophoresis (AGE) using 0.05 – 0.15 % polysaccharide concentration. We observed no binding of 

the negative control BSA to any of the tested glycans. FaGH2CBM did not bind to glucomannan but 

retention in gels containing alginate, ulvan, laminarin, polygalacturonic acid and rhamnogalacturonan 

was observed (Fig. S5). CBMs are known for their promiscuity, i.e. binding of multiple different ligands, 

which is thought to enhance the efficiency for enzymes in environments where a variety of substrates 

are present (Boraston et al. 2004). To confirm the promiscuity of FaGH2CB, we performed ELISA using 

0.5 µg ml-1 glycan concentration. Binding was only detected for anionic polysaccharides. The strongest 
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signal was observed for Durvillaea potatorum fucoidan, Sargassum fusiforme fucoidan, λ-carrageenan, 

Macrocystis pyrifera fucoidan, Undaria pinnatifida fucoidan, alginate as well as fucoidans from 

Ecklonia maxima, Fucus serratus and Lessonia nigrescens. No binding activity was found for ulvans or 

neutral and terrestrial polysaccharides. Non-productive protein-glycan-interaction due to electrostatic 

forces and hydrophobic interactions have been reported for CBMs binding to e.g. lignin (Rahikainen et 

al. 2013). Therefore, we repeated ELISA with 500 mM NaCl to reveal cationic interactions. The binding 

signal was diminished for alginate and λ-carrageenan and significantly reduced for fucoidans. The signal 

for D. potatorum fucoidan remained pronounced (Fig. S3).  

 

 

Figure 4. ELISA. Plates were coated with polysaccharides with and without NaCl and incubated with 

FaGH2CBM. Ani-His tag secondary antibody was used to detect recombinant plasmid bound to the 

polysaccharide. Binding activity was measured spectrophometrically at 450 nm. Error bars represent technical 

triplicates. 

 

Conclusions 

Similar to CAZymes, the activity of binding proteins depends on the core structure and confirmation of 

the substrate (Davies et al. 1997; Holgersson et al. 2005). Hence, it is not surprising that FaGH2CBM 

did not bind to ulvans in the carbohydrate microarray and ELISA but presumably to the ulvan 

tetrasaccharide which is cleaved by the exo-acting β-glucuronidase P17_GH2 (Reisky et al. 2019). Our 

binding assays indicates that FaGH2CBM is not monospecific to ulvan. Fucoidans from macroalgae are 

both structurally and compositionally versatile glycans. Depending on the algal species as well as 
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seasonal and spatial factors they contain ~ 20 – 50 % fucose and sulfate, respectively (Anastyuk et al. 

2010; Fitton et al. 2015; Fletcher et al. 2017; Sichert et al. 2020). Certain species are enriched in other 

monosaccharides such as galactose(Shevchenko et al. 2015) or xylose (Bilan et al. 2014). The 

pronounced ELISA signal for fucoidan from Durvillaea potatorum suggests that it contains a similar 

building block of rhamnose, xylose and glucuronic acid which results from the degradation of ulvan 

(Fitton et al. 2015; Sichert et al. 2020). Formosa agariphila KMM309T possesses the metabolic 

equipment to utilize pentoses like fucose, xylose and rhamnose as well as CAZymes which are organized 

in PULs targeting alginate, fucoidan and sulfated RG, mannan and laminarin (Berteau et al. 2002; Mann 

et al. 2013). To date, no fucoidan-binding protein has been reported and the only known ulvan-binding 

protein stems from the C-terminus of an endo-acting ulvan lyase from the marine flavobacterium 

Nonlabens ulvanivorans (Collen et al. 2011). This CBM bound to ulvan but not to alginate, heparin, 

dextran sulfate, iota carrageenan (Melcher et al. 2017). In contrast, FaGH2CBM and the binding domain 

of the ulvan lyase show no sequence similarities which together with their localization suggest different 

binding motifs (Ficko-Blean and Boraston 2012). Structural studies with enzyme-complexes are 

required to elucidate the binding activity with ulvan oligosaccharides and fucoidans. 

 

Material and methods 

Cloning and heterologous gene expression. The CBM from Formosa agariphila KM3901T was 

PCR-amplified with a NheI restriction site at the forward primer and a XhoI restriction site at the reverse 

primer (Tab. S4) prior cloning into the expression plasmid pet28a(+) (69864, Merck Millipore) with a 

single 6x-His-Tag at the N-terminus (Hochuli et al. 1988). Recombinant purified plasmids were 

transformed into Escherichia coli BL21(DE3) according to the manufacturer’s instructions (C2527H, 

New England Biolabs). Transformed cells were grown on lysogeny broth (LB) agar plates with 50 µg 

ml-1 kanamycin (Sigma Aldrich) at 37 °C overnight prior growing in 5 l Erlenmeyer flasks with 1 l of 

ZYP5052 auto-induction medium (Studier 2005) for four days at 20 °C and 150 rpm. Bacterial cultures 

were harvested at 4900 g and 4 °C for 15 minutes. For cell lysis, the pellet was resuspended in 20 ml 

buffer (25 % sucrose, 50 mM Tris pH 8), 30 mg of lysozyme (~ 7000 U mg-1, Sigma Aldrich) was added 

and the mixture was incubated at room temperature (~ 25 °C) for 10 minutes while stirring. 40 ml of 

deoxycholate solution (20 mM Tris pH 8, 1 % w/v deoxycholate, 100 mM NaCl, 1 % w/v Triton X-

100), MgSO4 (5 mM final concentration) and 100 µl of 10 mg ml-1 DNase I (≥ 400 Kunitz mg-1, Sigma 

Aldrich) were added. The mixture was incubated at room temperature (~ 25 °C) until it was no longer 

viscous and centrifuged at 30966 g and 4 °C for 45 minutes. 

Protein purification. Immobilized metal affinity chromatography (IMAC) was carried out on a 

ÄKTATM start chromatography system (29-0220-94, GE Healthcare Life Sciences) with a 5 ml cobalt 

column (HiTrapTM Talon® crude, 28953766, GE Healthcare Life Sciences). The supernatant from 

chemical lysis was applied to the column equilibrated in binding buffer (20 mM Tris pH 8, 500 mM 
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NaCl) at a flow rate of 5 ml min-1. The column was subsequently washed with 40 ml binding buffer 

followed by elution with a linear gradient of 0 – 100 % elution buffer (20 mM Tris pH 8, 0.5 M NaCl, 

0.5 M imidazole) over 25 ml. Size exclusion chromatography (SEC) was performed for concentrated 

IMAC fractions in NGCTM Chromatography System (Biorad) using a HiPrep 16/60 SephacrylTM S-200 

HR column (17116601, GE Healthcare Life Sciences) and 20 mM Tris pH 8 elution buffer. 

IMAC and SEC fractions were verified for purity via sodium dodecyl sulfate polyacrylamide gel 

electrophoresis (SDS-PAGE) for soluble proteins (LAEMMLI 1970) according to the manufacturer’s 

manual (Biorad). Purified protein fractions were concentrated in a stirred ultrafiltration unit (Amicon) 

using 50 psi nitrogen pressure and a 5 kDa membrane (Biomax®). The concentration was determined 

measuring the absorbance at 280 nm (BioSpectrophotometer basic, Eppendorf) using the calculated 

molar extinction coefficient (Tab. S4) computed by ExPASy ProtParam(Wilkins et al. 2005). 

Thermal stability. Dynamic light scattering (DLS) was carried out to determine the thermal 

stability of the protein. Triplicates of 30 µl of SEC-purified protein were transferred into a microtiter 

plate (Aurora), centrifuged at 4500 g and 4 °C for 10 min to remove air bubbles, and analyzed in a 

DynaPro plate reader-II (Wyatt Technology). Thermal stability was monitored using a temperature 

gradient of 25 – 80 °C with an increase of 0.1 °C min-1 and 5 acquisitions per sample each measured for 

5 s. 

Analytical size exclusion chromatography. To confirm the molecular size of the protein and the 

state of oligomerization, analytical size exclusion chromatography (SEC) was performed using pooled 

and concentrated SEC fractions containing protein with low polydispersity. SEC was carried out in 

NGCTM Chromatography System (Bio Rad) using a high-resolution column ENrich™ SEC 650 10 x 

300 (Bio Rad) and 1 ml min-1 flow rate with 20 mM Tris pH 8, 250 mM NaCl. The absorbance at 280 

nm of 60 µl Gel Filtration Standard (1511901, Bio Rad) and protein sample was measured. 

Protein crystallization and X-ray data collection. 10 sparse matrix and grid screens were tested 

to find conditions which allow the protein to crystallize. All screens were set up in 96-well sitting drop 

trials at 16 °C. Conditions which showed crystallized protein were repeated and optimized with slight 

modifications to the original recipe. Optimization was performed using hanging drop vapor diffusion 

method at 20 °C. 24-well hanging drop crystal trials were set up containing 500 µl mother liquor and 

three different dilutions (1:2, 2:1 and 1:1) of protein and crystallization solution with a total volume of 

3 µl. Additionally, FaGH2CBM was co-crystallized (Hehemann et al. 2012) with 1 and 0.5 mg ml-1 Δ-

Rha3S[2GlcA]-Xyl-Rha3S and Rha3S[2GlcA]-Xyl-Rha3S. Ulvan from Ulva armoricana was digested 

with ulvan lyase P30_PL28 and P33_GH105 from Formosa agariphila KMM3901T and purified by 

SEC using a ~ 0.5 m column with P2 resin (Biorad) and 0.1 M ammonium carbonate buffer.  
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Protein crystals were soaked in mother liquor containing 25-30 % glycerol and flash-frozen to cryo-

temperatures using liquid nitrogen. Data collection was done at beam line P11 (Meents et al. 2013) of 

PETRA III (Burkhardt et al. 2016) from the Deutsches Elektronen Synchrotron (DESY, Hamburg). 

Structure determination. Data processing was done using XDS (Kabsch et al. 2010) and 

AIMLESS (Evans 2011) of the CCP4i Cloud (Krissinel et al. 2018). The structure was solved by 

molecular replacement using PHASER (McCoy et al. 2007) and the structural homologue PDB: 6HPD. 

The model was built using CCP4Build (Winn et al. 2011) and BUCCANER (Cowtan 2006). Refinement 

was done based on a Maximum Likelihood method using REFMAC V5.5 (Murshudov et al. 2011), 

manually finalized in COOT V0.8.7.1 (Emsley et al. 2010) and visualized in PyMOL Version 2.0 

(Schrödinger, LLC). Statistics of data collection and structure determination are given in Tab. S5 in the 

supplements. ConSurf (Glaser et al. 2003) and DALI(Holm and Elofsson 2019) were used to visualize 

the degree of conserved residues in the 3D structure. The protein structure was analyzed with PDBSum 

(Laskowski et al. 2018). β-glucuronidases containing a CBM57 (PDB: 5UJ6) or a DUF4982 (PDB: 

6MFV, 6ECA) originated from B. unifroms, Pyrococcus horikoshii and Lactobacillus rhamnosus, 

respectively, were used for structural alignment.  

The atomic coordinates and structure factors have been deposited in the Protein Data Bank, Research 

Collaboratory for Structural Bioinformatics, Rutgers University, New Brunswick, NJ 

(http://www.rcsb.org/). 

Binding studies. The binding properties of FaGH2CBM were determined using commercially 

glycans as well as self-made mannuronate-enriched alginate, guluronate-enriched alginate 

oligosaccharides and mixed-linked alginate oligosaccharides (Haug et al. 1967) as well as purified 

fucoidans (Sichert et al. 2020) (Tab. S6). 

Carbohydrate microarray. Carbohydrate binding arrays were set up as previously described (Vidal-

Melgosa et al. 2015; Mystkowska et al. 2018). In short, polysaccharides were dissolved in 55.2% 

glycerol, 44 % water, 0.8 % Triton X-100 and printed in triplicates onto nitrocellulose membrane with 

a pore size of 0.45 µm (Whatman, Sigma-Aldrich) using a microarray robot (Sprint, Arrayjet). Each of 

the polysaccharides was represented by 8 spots in the array: 2 spots with a concentration of 2.5 mg ml-

1, 2 x 0.5 mg ml-1, 2 x 0.1 mg ml-1 and 2x 0.02 mg ml-1. After blocking, the microarrays were incubated 

with 50 µg ml-1 FaGH2CBM, washed and incubated with anti-His tag for recombinant proteins produced 

in E. coli. Developed arrays were scanned at 2400 dots inch-1 and analyzed using Array Pro Analyzer 

6.3 (Media Cybernetics).  

Enzyme linked immunosorbent assay (ELISA). ELISA was set up in triplicates as previously 

described (Cornuault et al. 2014). In short, microtiter plates (NUNC Maxisorp, Thermo Fisher 

Scientific) were coated with 0.5 µg ml-1 polysaccharides dissolved in MilliQ at 4 °C overnight, washed, 

blocked with 5% w/v low fat milk powder (Sigma Aldrich) in 1x PBS (MPBS) and washed. 
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Polysaccharide-coated plates were incubated with ~ 30 µg ml-1 FaGH2CBM in 5% MPBS for 1.5 hours, 

washed, incubated with anti-His-tag secondary antibody conjugated to horseradish peroxidase (A7058-

1VL, Sigma Aldrich) at 5-11 µg ml-1 in in 5% MPBS and washed prior developing with 

tetramethylbenzidine (TMB) for 10 min. the reaction was stopped with an equal volume of 1 M HCl and 

analyzed at 405 nm using FLUOstar Omega microplate reader (BMG Labtech GmbH). The control set 

up contained only the enzyme buffer of FaGH2BM and was subtracted from the readout with enzyme 

to exclude unspecific binding signal from the anti-His-tag antibody. 

Affinity gel electrophoresis (AGE). AGE was carried out as previously described (Mystkowska et al. 

2018). In short, 12 % native gels containing 0.1 to 1 % glycans were electrophoresed for 2 h at constant 

100 V on ice. Bovine serum albumin (BSA, Sigma Aldrich) was run as a negative control. The gels were 

stained using Coomassie blue and visualized in Gel Doc™ EZ Gel Imager (Biorad). 

Sequence analyses. Relative sequences were retrieved from NCBI BLASTp, CAZy (Lombard 

et al. 2014b), TARA Ocean (Karsenti et al. 2011), Malaspina and MAR (Klemetsen et al. 2018). 

Sequences were aligned using MUSCLE (Edgar 2004). MSA was processed in ESPript 3.0(Robert and 

Gouet 2014) in order to identify conserved residues.  

 

Acknowledgments and funding 

We acknowledge DESY (Hamburg, Germany) for the provision of experimental facilities. Parts of this 

research were carried out at PETRAIII and we would like to thank Dr. Anja Burkhardt for assistance in 

using the beamline P11. We thank Silvia Vidal-Melagosa for microarray analysis, Craig S. Robb for 

input of experimental design and Lukas Reisky for providing purified ulvan oligos. J.H.H. acknowledges 

funding from the Max-Planck-Gesellschaft, the Emmy Noether Program of the DFG (grant number HE 

7217/1-1) and the framework of the research unit FOR 2406 ‘Proteogenomics of Marine Polysaccharide 

Utilization’ (POMPU) of the DFG. 

 

Conflict of interest 

The authors declare no conflict of interest. 

 

Author contributions 

JHH and NG designed the study. NG collected X-ray diffraction data, performed binding studies and 

structural analyses. NG and CV performed metagenomic analyses. NG and JHH wrote the manuscript. 

All authors contributed to editing of the manuscript. 



Chapter 1 – Structural analysis of ulvan-utilizing enzymes 
 

- 60 - 

Supplementary material 

In appendix. 

  



Chapter 2 – Mechanistic insights into fucoidan degradation 
 

- 61 - 

Chapter 2 – Mechanistic insights into fucoidan degradation 

 

Study motivation in brief: 

 
Let us dive into another universe, shall we? 
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Abstract 

The remineralization of algal polysaccharides by heterotrophic bacteria is a crucial step in the 

marine carbon cycle. Many marine glycans are characterized by a structural and compositional 

variety. Bacteria capable to degrade such complex polysaccharides require an individual multistep 

degradation pathway of several enzymes acting in a distinct order. Key degraders possess up to 

several hundreds of sulfatases indicating the importance of sulfated glycans as carbon source. Yet, 

the role of marine sulfatases in the utilization pathways of algal glycans remains poorly understood. 

Here, we identified a putative fucoidan sulfatase of subfamily S1_15 from the marine 

Verrucomicrobium ‘Lentimonas’ sp. CC4. Previous transcript- and proteomic analyses revealed 

that 21_S1_15 is involved in the utilization of sulfated polysaccharides found in the cell walls of 

brown macroalgae. We solved the structure of 21_S1_15 to a resolution of 1.7 Å by X-ray 

crystallography. 21_S1_15 is a C-FGE type sulfatase, which assembles as monomer of 53 kDa. The 

highly conserved active site has a pocket-like topology surrounded by cationic amino acids, 

supporting the proteomic result that this sulfatase is involved in the degradation of sulfated fucans. 

 

Key words: sulfatase family S1, fucoidan, marine bacteria, algal polysaccharides  

 

Introduction 

Sulfatases cleave sulfate ester groups from various biomolecules including carbohydrates, proteins 

and steroids, and thereby serve an important role in numerous physiological processes as well as 

biogeochemical cycles (Hanson et al. 2004). Similar to carbohydrate-active enzymes (CAZymes), 

sulfatases are specific for the targeted carbohydrate backbone (Hettle et al. 2018) and grouped into 

homologous enzyme families based on sequence similarities (Lombard et al. 2014a; Barbeyron et 

al. 2016a). More than 41000 entries for sulfatases from viruses and all kingdom of lives are grouped 

into four families. About two thirds are arylsulfatases belonging to family S1 (formylglycine-

dependent sulfohydrolases, FGly-sulfatases, EC 3.1.6. and 3.10.1), which consist of 73 substrate-

specific subfamilies as well as several non-classified members (Barbeyron et al. 2016a). S1 

sulfatases have been reported to be highly specific, acting on various substrates including 

chondroitin (Wang et al. 2019b), glycosaminoglycans (Cartmell et al. 2017; Ndeh et al. 2020), ulvan 

(Reisky et al. 2019) and carrageenan (Hettle et al. 2019). Structural studies have revealed that S1 is 

highly conserved consisting of a small C-terminal and a large N-terminal domain harboring the 

active site. The active site is composed of ten conserved residues: five basic and four acidic/polar 

amino acids as well as a formylglycine (FGly), which derives from post-translational oxidation of 

a Cys or Ser. Both types of FGly residues (C- or S-FGE) are crucial for the sulfate ester hydrolysis 
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where first a sulfate diester is formed in the nucleophilic attack of the oxygen atom of the sulfate 

group with the aldehyde group of the FGly prior the release of the alcohol conjugated by an 

activated water (nucleophile) (Schmidt et al. 1995; Lukatela et al. 1998; Dierks et al. 1998). 

Furthermore, family S1 are metal-dependent enzymes. Divalent cations such as Mg2+ or Ca2+ are 

coordinated by negatively charged amino acids, whereas positively charged amino acids are 

responsible for substrate binding (Hanson et al. 2004). Despite the fact that family S1 is 

mechanistically and structurally very conserved, the subfamilies have been reported to be very 

substrate specific (Hanson et al. 2004; Barbeyron et al. 2016a), which raises the questions what 

feature of the enzyme structure is determining substrate specificity.  

In this study we identified a putative fucoidan sulfatase from subfamily S1_15 (EC 3.1.6.4), which 

is upregulated in the presence of macroalgal fucoidan from Fucus vesiculosus. Fucoidans are a 

structurally highly diverse class of polysaccharides consisting of several monosaccharides which 

vary in the degree of sulfation (Ale and Meyer 2013; Skriptsova 2015; Deniaud-Bouët et al. 2017). 

Bacteria capable to utilize these complex glycans belong to the phyla Bacteroidetes and 

Gammaproteobacteria and the superphylum Planctomycetes–Verrucomicrobia–Chlamydiae (PVC) 

(Sakai et al. 2003; Descamps et al. 2006; Barbeyron et al. 2008; Silchenko et al. 2013; Chen et al. 

2016; van Vliet et al. 2019; Sichert et al. 2020). These species upregulate the expression of substrate 

specific enzymes of various families including endo-acting fucoidanases of family GH107 and exo-

acting fucosidases of family GH29. However, the most striking genetic feature of fucoidan-

degraders is their possession of several hundreds of sulfatases (Thrash et al. 2010; Wegner et al. 

2013; van Vliet et al. 2019; Sichert et al. 2020), of which none characterized member has been 

shown to act on fucoidan yet. The only known sulfatases to act on fucoidan originate from the 

marine mollusk Pecten maximus and the marine bacterium Wenyingzhuangia fucanilytica 

CZ1127T, which belong to the subfamilies S1_17 and S1_25. These fucoidan sulfatases have been 

reported to be highly substrate specific exo-acting enzymes, exclusively cleaving 2,3-di-O-sulfate 

of sulfated fucoidan-oligosaccharides and Ascophyllum nodosum fucoidan. Other brown algae 

species such as Fucus vesiculosus, Fucus evanescens or Sargassum horneri do not get degraded by 

these enzymes (Daniel et al. 2001; Berteau et al. 2002; Silchenko et al. 2018). Such findings show 

that fucoidan sulfatases require enzymatic partners to be active. To date, there are no 3D structures 

of fucoidan sulfatases available which could contribute to a better understanding of their 

mechanistically motif. 

To shed light on the role of subfamily S1_15 in fucoidan degradation, we combined biochemical 

analyses with X-ray crystallography. We solved the structure of 21_S1_15 to 1.7 Å and identified 

striking structural differences with other members of this subfamily. The enzyme was inactive on 

chromogenic substrates as well as various sulfated marine oligo- and polysaccharides from various 

marine algae species. The absence of activity suggest that the utilization of the structurally diverse 
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and complex polysaccharide fucoidan may require an individual multistep degradation pathway of 

several enzyme families in a distinct order as seen for RGII (Ndeh et al. 2017), ulvan (Reisky et al. 

2019) and carrageenan (Ficko-Blean et al. 2017). 

 

Results and discussion 

Identification of a putative fucoidan sulfatase 

Recently, the capacity of the marine bacterium ‘Lentimonas’ sp. CC4 to grown on and utilize 

sulfated marine polysaccharides like fucoidan and iota-carrageenan has been reported (Sichert et 

al. 2020). Transcriptomic and proteomic analyses revealed that genes involved in glycan utilization 

are regulated in substrate-specific operons similar to polysaccharide-utilization loci (PULs) in 

Bacteroidetes. We re-inspected the data and found a fucosidase of family GH29 (22_GH29) and a 

sulfatase of subfamily S1_15 (21_S1_15) reached up to 0.5% and 0.25% of the total proteome of 

‘Lentimonas’ grown on fucoidan from F. vesiculosus. Both genes are potentially regulated by one 

promotor, since we identified an AT-rich -10 and -35 region upstream of the 22_GH29 gene but 

not upstream of 21_S1_15. Both genes are only separated by a three bp intergenic distance and read 

mapping of the RNA-seq data showed that both genes and the intergenic region have similar 

expression values. This indicates that both genes are transcribed as polycistronic mRNA (Fig. S1) 

and this transcriptional wiring suggests that both enzymes act together on fucoidan and therefore, 

we chose 21S1_15 for further characterization. 

Domain organization and clustering of subfamily S1_15 

Subfamily S1_15 is mainly found in marine bacteria of the phylum Firmicutes as well as the 

superphylum Planctomycetes-Verrucomicrobia-Chlamydia (PVC) as well as in soil or gut microbes 

belonging to the classes Bacteroidia, Flavobacteriia and Cytophagia of the phylum Bacteroidetes 

(Fig. S2). Marine members of the PCV have been shown to be highly specialized sulfated glycan 

degraders (Kim et al. 2016; Reintjes et al. 2017; Reintjes et al. 2018; Wiegand et al. 2020), 

suggesting that this subfamily might play an essential role in the degradation pathways of 

macroalgal fucoidans. BLAST analysis revealed that 21_S1_15 shares above 77 % identity (99 % 

coverage) and 64 % identity (98 % coverage) with sulfatases S1_15 from Kiritimatiellaeota 

(WP_136078751) and R. sallentina (EMI56448.1), respectively.  

Subfamily clusters into 19 clades, displaying structural differences. The comparison of the sequence 

alignment among all 2000 available sequences indicates gene transfer among clades, involved with 

structural differences in the catalytic domain and, presumably impacting substrate specificity within 

this subfamily. Overall, marine S1_15 are characterized by a greater structural diversity than host 

associated/terrestrial Bacteroidetes (Fig. S2).  
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Sulfatase 21_S1_15 has a molecular mass of 53.96 kDa (Fig. 1A) and a predicted isoelectric point 

of pH 6.24. The functional domain consists of a N-terminal signal peptide of 0-19 amino acids, the 

catalytic domain and a C-terminal DUF4994 domain. Members missing the DUF4994 domain or 

having additional domains such as a carbohydrate-binding domain are rarely found (Fig. S2). 

 

Activity screening  

So far, S1_15 have been reported to be exo-acting enzymes, cleaving 6O sulfate of N-

acetylgalactosamine from sulfated glycosaminglycans6 and galactose from keratan sulfate (Tohru 

et al. 1982). To shed light on the role of subfamily S1_15 in fucoidan utilization, we performed 

heterologous gene expression. Since family S1 requires the posttranslational modification to an 

FGly residue (Hettle et al. 2018), we have co-expressed 21_S1_15 with and without the maturing 

enzyme FGE to ensure the post-translational maturation of the cysteine. Prior activity assays, the 

thermal stability of 21_S1_15 was determined to be below ~ 37 °C by DLS (Fig. 1B). Hence, digests 

were set up at 30 °C. In total, we have tested five sulfated oligosaccharides and 16 sulfated 

polysaccharides originated from marine organisms including micro- and macroalgae.  

Firstly, 21_S1_15 was tested for activity using the chromogenic substrate pNP sulfate which is a 

commonly used to measure sulfatase activity (Hanson et al. 2004). Neither 21_S1_15 nor the 

enzyme with co-expressed FGE were active on pNP sulfate. It has been shown that many sulfatases 

are not active on pNP sulfate but on their natural substrate as they require binding to the 

carbohydrate backbone (Hettle et al. 2018). Therefore, we tested variety of sulfated substrates from 

marine macroalgae including ulvan and fucoidan, sulfate rich exopolymers of microalgae and 

carrageenan oligosaccharides. As expected, 21_S1_15 was not active on chondroitin sulfate, the 

two ulvans from Ulva sp. and Enteromorpha sp., nor the five carrageenan oligosaccharides (Fig. 

S3). However, we could also not observe sulfate release from any of the nine structurally different 

fucoidans nor the exopolymers of four microalgae species. Since it was previously reported that 

sulfatases increase the activity of exo-fucosidases (Berteau et al. 2002), we tested if the adjacent 

sulfatase 21_S1_15 increases the yield of fucose release by 22_GH29. Therefore, both enzymes 

were incubated with two structurally different fucoidans from F. vesiculosus and C. okamurans. 

Neither sulfate was detected nor an increase of fucose could be observed by ion exchange 

chromatography. 
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Figure 1. Molecular size and thermal stability of 21_S1_15.  (A) Determination of molecular mass by 

analytical SEC and SDS-PAGE and (B) thermal protein stability indicated by a constant hydrodynamic radius 

(nm) until ~ 37 °C. 

 

Overall structure of 21_S1_15 

To gain a better understanding for the mechanically motif of 21_S1_15 we performed X-ray 

crystallography to gain detailed structural insights into this subfamily. 

21_S1_15 crystallized at 4, 9 and 12 mg ml-1 in various conditions covering a wide range of 

concentration (4 – 20 %) and molecular weight of PEGs (2000 MME, 3350, 4000, 6000, 8000, 

10000, 20000). The conditions contained different buffer system of 0.1 M pH 5.6 – 9, as well as 

0.1 – 0.2 M cations (MgCl2, CaCl2, NaCl) or sodium iodide, ammonium sulfate, lithium sulfate, 

calcium acetate or sodium acetate. In total, 11 data sets from 1.3 – 2.5 Å of different conditions 

were collected of needle-like and cubic crystals. The holo-structure of 21_S1_15 was solved to 1.7 

Å resolution of a P21 crystal (Tab. S1). The structure was built from 17 – 494 amino acid with one 

molecule in the asymmetric unit at 44 % solvent and a Matthew Coefficient of 2.32 at 481995.91 Å3. 

21_S1_15 assembles as a monomer (confirmed by analytical SEC, Fig. 1A) with overall dimensions 

of about 60x60x47 Å (Fig. 2A). 

In total, 21_S1_15 consists of seven α-helices and 18 β-strands which are connected by six gamma 

turns and 46 β-turns. Additionally, one psi loop (F337-S340 and T349-S351), four β- bulges and 

seven helix-helix interactions were found. 21_S1_15 is characterized by three tunnels of 16.6, 20.2 

and 50.1 Å length and four significant clefts, which have a volume > 900 Å3 and enriched in 

aliphatic and charged residues. 
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Structural comparison of subfamily S1_15 

21_S1_15 displays the same overall heart-like fold as the only structural homologue PDB:6S20 

within this subfamily. The N-terminal region is composed of one β-sheet of 10 parallel strands 

which are surround by two times three α-helices. It harbors the active site containing additional 

electron density for a calcium ion, which interacts with C73, D31, D32, D289 and N299. The C-

terminus consists of a β-sheet of four parallel strands and one α-helix (Fig. 2A). The degree of 

conserved amino acids is highest in the N-terminal domain (Fig. 2B). A correlation matrix of 

matched PDB structures (Holm and Elofsson 2019) along 21_S1_15 showed that the DUF4994 

domain at the C-terminus is the least conserved part of this subfamily (Fig. S4). This region has 

been proposed to be the candidate for a substrate-discerning region in family S1 since it is the most 

structural diverse region (Hanson et al. 2004). However, 21_S1_15 and its structural homologue 

PDB:6S20 do not only share a similar N- but also C-terminal domain structure at 33 % sequence 

identity (93 % coverage). Structural differences can be found superimposing the structures of both 

enzymes. PDB:6S20 has two extended loop regions surrounding the active, of which the first is not 

present in 21_S1_15 and the second region is displayed as a short α-helix (302-315 aa). These 

structural differences lead a small pocket architecture typically found in exo-acting enzymes (Hettle 

et al. 2018) for PDB:6S20, but to a one-side open active site in 21_S1_15 (Fig. 2C, D). This 

structural difference could leave room for the backbone of the natural substrate of which only a 

terminal sulfate group can face towards the sulfate binding subsite (S-subsite) of the active site. 

Conceivably, these regions are involved in substrate specificity within this subfamily rather than 

the structurally diverse C-terminal domain comparing all subfamilies within family S1 (Hanson et 

al. 2004) by influencing the recognition of the leaving group component, i.e. the glycan backbone 

(Hettle et al. 2018).  

 

Insights into the active site of subfamily S1_15 

Like glycoside hydrolases, the active site of sulfatases is described in sugar-binding subsites for a 

better understanding of the mechanically motif of endo- and exo-acting enzymes (Davies et al. 

1997; Hettle et al. 2018). The numbering of the sugar units within the ligand starts from the point 

of cleavage and increases towards the reducing (+ -subsites) and non-reducing ends (– -subsites), 

respectively (Ficko-Blean et al. 2017). In sulfatases, this concept has been expanded with the 0-

subsite, which accommodates the monosaccharide and its sulfate group bound to the S-subsite2. 

Here, the point of cleavage is between the 0- and S- subsite. 



Chapter 2 – Mechanistic insights into fucoidan degradation 
 

- 70 - 

 

Figure 2. Overall structure of 21_S1_15. (A) Cartoon view and overall dimensions (Å): heart-like overall 

fold consisting of 12 helices and 12 strands. (B) surface view colour coded according to the degree of amino 

acid residue conservation predicted by ConSurf. (C) Surface view colour coded according to electrostatic 

potential calculate on PyMOL ranging from positive (blue) to negative (red) and (D) zoom into active site of 

21_S1_15: highly conserved residues, catalytic nucleophile Cys colored in green, calcium ion which binds 

and activates the sulfate group of the substrate. Superimposition of p-nitrophenyl sulfate (colored in cyan and 

yellow) from PDB: 1E2S (Von Bülow et al. 2001) into 21_S1_15. 
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In family S1, the active site or S-subsite is composed of 10 highly conserved residues (Fig. 

2D), which are located in six regions (Barbeyron et al. 2016a). In 21_S1_1_15 (Fig. S5), the first 

region, N-I/X-L/X-L/X-I/X-X-A/X-D-D/X, starts with a highly conserved N24 and ends with two 

D31/32 located in the active which are, together with D289 and N299 of the fifth region, N/X-T-

L/X-I/X-I/X-F/X-T/X-S/X-D-NX-G, responsible for metal binding. Sulfatases of family S1 acquire 

divalent cations such as Mg2+ or Ca2+, which are coordinated by negatively charged amino acids, 

whereas positively charged amino acids are responsible for substrate binding (Hanson et al. 2004). 

The second region, C/S-X-P-S/X-R-X-X-X-L/X-T/X-G/X-R/ X, starts with the C73 residue which 

is post-translationally modified to the catalytically active residue FGly (Schmidt et al. 1995; 

Lukatela et al. 1998; Dierks et al. 1998). With this cysteine, 21_S1_15 belongs to the C-FGE type, 

whereas its structural homologue PDB:6S20 belongs to the S-FGE type sulfatase. Moreover, this 

region contains R77, which is together with the other positively charged residues (K127/325 and 

H129/246 of the third, G-Y/V-X- S/T-X-X-X-G-K-X-X-H, fourth, P-F/X-F/X-L/X-Y/X-X-X-X-

X-X-P/X-H-X-P/X, and six, K-X-X-X) positioning and binding the tetrahedral sulfate for the 

nucleophilic attack by FGly (Von Bülow et al. 2001). 

The active site of exo-sulfatases have a small pocket architecture compared to open clefts for endo-

sulfatases (Hettle et al. 2018; Ndeh et al. 2020). The 0- and S-subsite are characterized by positively 

charged residues which bind to sulfated substrates. 21_S1_15 is not only characterized by a cationic 

active site but also with a highly cationic surface surrounding the active, indicating anionic glycans 

such as fucoidans as natural substrate (Reisky et al. 2019). Compared to endo- and exo-acting 

sulfatases, 21_S1_15 is neither possessing a typically open cleft for endo-acting sulfatases nor a 

small active site architecture for reducing end exo-acting sulfatases and so the mode of action of 

this enzyme remains unclear (Fig. 3). The structural homologue of 21_S_15 is characterized by a 

typical small pocket active site architecture and is exclusively active on GalNAc6S (Ndeh et al. 

2020). GalNac6S is not a known compound of fucoidans (Ale and Meyer 2013; Skriptsova 2015; 

Deniaud-Bouët et al. 2017), but part of other sulfated marine polysaccharides like chondroitin 

sulfate found in shark cartilage (Sim et al. 2007). The rather wide exposure of the active site in 

21_S1_15 might be an indication for the motif of a non-reducing end exo-acting sulfatase. 

Moreover, the active site of 21_S1_15 is surrounded by several cationic amino acids (His201, 

Arg202), which are facing towards the putative plus subsite (Fig 3). These amino acids cannot be 

found in the structural homologue PDB:6S20. It is likely, that these residues coordinate the 

negatively charged, sulfated backbone of a substrate in the active site.  
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Figure 3. Comparison of the active site architecture. Surface view and zoom into the active site of (A, D) 

reducing end exo-acting sulfatase from subfamily S1_15 (PDB: 6S20), (B, E) and 21_S1_15 (C, F) endo-

acting sulfatase of subfamily S1_19 (PDB: 6B1V). Structural differences of both members from subfamily 

S1_15 are highlighted in green and orange. Additional cationic residues of 21_S1_15 are shown in blue. 

Calcium ion is shown as yellow sphere, whereas the position of the catalytic FGly is shown in pink. The 

reducing end exo-acting and the endo-acting sulfatases are shown with their substrates in the active site 

 

Conclusion 

We have identified a sulfatase of subfamily S1_15 from the fucoidan-degrading marine 

Verrucomicrobium ‘Lentimonas’ sp. CC4. 21_S1_15 is located, together with other CAZymes, in 

an operon structure upregulated in the presence of macroalgal fucoidan from F. vesiculosus. We 

combined X-ray crystallography and intense activity screening to gain insights into the S1_15 

subfamily and its role in fucoidan utilization. The absence of activity towards any of the tested 

substrates can be explained by several factors: (i) The amount of cleaved sulfate is below the 

detection limit or (ii) the co-expression with the maturing enzyme did not activate 21_S1_15. More 

likely, 21_S1_15 might possess a specific substrate specificity like other known fucoidan sulfatases 

(Daniel et al. 2001; Berteau et al. 2002; Silchenko et al. 2018). In this case, the substrate specificity 

is not only influenced by (iii) the fucoidan source (i.e. algae species), but also by (iv) the 3D 

structure of the substrate. The active site of 21_S1_15 has a pocket-like topology known for exo-
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acting enzymes. Therefore, it is likely that 21_S1_15 requires enzymatic partners to cleave fucoidan 

into smaller fragments to be active. Thereby, the accommodation of the building blocks of the 

substrate backbone determines the recognition of the substrate and ultimately the mode of action 

(i.e. exo- vs. endo-acting sulfatases) (Hettle et al. 2018). This hypothesis would be in line with 

hydrolytic pathways found in bacteria utilizing polysaccharides like ulvan (Reisky et al. 2019) and 

carrageenan (Hettle et al. 2019). To answer the remaining uncertainty regarding the substrate of 

21_S1_15, natural substrates are. Generating defined oligos for complex glycans like fucoidans 

remains a challenging task, but in combination with structural biology provide detailed insights in 

the mechanistic motif of fucoidan sulfatases. 

 

Material and methods 

Cloning 

Recombinant plasmid of 21_S1_15 was produced and purified as described previously (Reisky et 

al. 2019). In short, 21_S1_15 was amplified by PCR (M0492, New England Biolabs) and 

constructed with a 6x-His Tag (Hochuli et al. 1988) at the N-terminus and ~30 bp overhang (Tab. 

S2) to be ligated into the restriction sites NheI and XhoI of expression vector pET28a(+) (69864, 

Merck Millipore). 

Recombinant plasmid of 21_S1_15 was transformed into E. coli BL21(DE3) (C2987I+C2527H, 

New England Biolabs) for protein overexpression. Bacterial cultures were grown in 5 L Erlenmeyer 

flasks with 1 L of ZYP5052 auto-induction medium (Studier 2005) and 100 µg mL-1 kanamycin 

(Sigma Aldrich) for four days at 20 °C and 150 rpm. Additionally, 21_S1_15 was co-expressed 

with pBAD vector containing FGE from M. tuberculosis (Hettle et al. 2018) to ensure maturation 

of the catalytic cysteine. Therefore, 21_S1_15 was grown in 5 L Erlenmeyer flasks with 1 L of LB, 

2 µM CuSO4, 50 µg mL-1 kanamycin and 50 µg mL-1 chloramphenicol (Sigma Aldrich) at 37 °C 

until OD600nm ~ 0.5. The expression of FGE was induced by 0.1 % L-arabinose (Sigma Aldrich) for 

2-5 h at 20 °C, followed by the induction of the sulfatase using 1 mM isopropyl-β-D-

thiogalactopyranosid (IPTG, Sigma Aldrich) at 16 °C overnight.  

Heterologous gene expression and purification 

Bacterial cells were lysed chemically and immobilized metal affinity chromatography (IMAC) was 

carried out in ÄKTATM start chromatography system (29-0220-94, GE Healthcare Life Sciences) 

with a 5 mL cobalt column (HiTrapTM Talon® crude, 28953766, GE Healthcare Life Sciences). 

Size exclusion chromatography (SEC) was performed for concentrated IMAC fractions in NGCTM 

Chromatography System (Biorad) using a HiPrep 16/60 SephacrylTM S-200 HR column (17116601, 

GE Healthcare Life Sciences) and 20 mM Tris pH 8 250 mM elution buffer. 
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IMAC and SEC fractions were verified for purity via sodium dodecyl sulfate polyacrylamide gel 

electrophoresis (SDS-PAGE) for soluble proteins (LAEMMLI 1970). Protein fractions purified via 

IMAC and SEC were concentrated in a stirred ultrafiltration unit (Amicon) using 70 psi nitrogen 

pressure and a 10 kDa membrane (Biomax®). The protein concentration was determined measuring 

the absorbance at 280 nm (BioSpectrophotometer basic, Eppendorf) using the molar extinction 

coefficient (Tab. S2) computed by ExPASy ProtParam (Wilkins et al. 2005). 

Analytical size exclusion chromatography 

To determine the molecular size and the state of oligomerization of the protein, analytical size 

exclusion chromatography (SEC) was performed using pooled and concentrated SEC fractions. 

SEC was carried out in NGCTM Chromatography System (Bio Rad) using a high-resolution column 

ENrich™ SEC 650 10 x 300 (Bio Rad) and 1 mL min-1 flow rate with 20 mM Tris pH 8, 250 mM 

NaCl. The absorbance at 280 nm of 60 µL Gel Filtration Standard (1511901, Bio Rad) and protein 

sample was measured. 

Thermal stability 

Prior enzymatic assays, dynamic light scattering (DLS) was performed to determine the thermal 

stability of the protein. Triplicates of 30 µL of SEC-purified protein were transferred into a 

microtiter plate (Aurora), centrifuged at 4500 g and 4 °C for 10 min and analyzed in a DynaPro 

plate reader-II (Wyatt Technology). Thermal stability was monitored using a temperature gradient 

of 25 – 80 °C with an increase of 0.1 °C min-1 and 5 acquisitions per sample each measured for 5 

seconds. 

Enzyme activity assays 

The activity of 21_S1_15 was tested photometrically (FLUOstar Omega microplate reader, BMG 

Labtech GmbH) at 405 nm using 4-nitrophenyl sulfate potassium salt (pNP-S, Sigma Aldrich). The 

activity towards sulfated marine oligo- and polysaccharides was observed by and modified thin 

layer chromatography (TLC) protocol (Vreeburg et al. 2014) and anion chromatography monitoring 

the release of sulfate and fucose (Engel and Händel 2011). In short, HPAEC-PAD was used to 

detect the release of fucose using a Dionex ICS5000+ system (Dionex) equipped with a CarboPac™ 

PA10 (2 mm x 250 mm, Dinoex) analytical column and a CarboPac™ PA10 (2 mm x 50 mm, 

Dinoex) guard column. Sulfate release was observed using a Metrosep Trap 1 100/4 column 

operated on an IC930 Flex (Metrohm) and quantified with 1 – 100 mM MgSO4 as internal standard. 

TLC was performed using 2:1:1 butanol:MilliQ:acetic acid as mobile phase and silica gel TLC 

plates size 4x8cm (Merck) as stationary phase. Digest products were labelled with 2-aminoacridone 

(AMAC) for 2 h at 37 °C. 
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Enzyme assays were set up in triplicates at 30 °C and 300 rpm overnight with 0.1 mg ml-1 21_S1_15, 

0.5 mg ml-1 substrate and 200 mM NaCl and 20 mM Na-citrate pH 5.8. The following substrates 

were used for activity screening: ulvan from Ulva sp. (Elicityl) and Enteromorpha sp. (Elicityl), 

ion exchange chromatography-purified fucoidans (Sichert et al. 2020) from the macroalgae species 

Fucus serratus (Carbosynth), Fucus vesiculosus (Carbosynth), Undaria pinnatifida (Carbosynth), 

Macrocystis pyrifera (Carbosynth), Ecklonia maxima (Carbosynth), Sargassum fusiforme 

(Carbosynth), Cladosiphon okamurans (Carbosynth) Lessonia nigrescens (Carbosynth), and 

Durvillaea potatorum (Carbosynth) as well as carrageenan oligosaccharides: neocarrabiose-4-O-

sulfate sodium salt (Dextra), neocarrabiose-4-O-sulfate sodium salt (Dextra Neocarratetraose-

41,43-di-O-sulfate sodium salt (Dextra), Neocarrahexaose-41,3,5-tri-O-sulfate sodium salt 

(Dextra), Neocarrahexaose-24,41,3,5-tetra-O-sulfate sodium salt (Dextra), D-Galactose-6-O-

sulfate sodium salt (Carbosynth). Additionally, we have used concentrated culture supernatant from 

the following microalgae species: Thalassiosira weissflogii, Thalassiosira psuedonana, 

Thalassiosira rotula, and Chaetoceros socialis. 

Phylogenetic and cluster analyses 

The SulfAtlas (Barbeyron et al. 2016a) database was accessed on 22.05.2020 and total number of 

1884 UniProtIDs (Bateman 2019) of S1_15 sulfatases were retrieved. 1685 identifiers could be 

directly matched to the UniprotKB database and notably, the remaining 199 UniProtIDs were 

obsolete (deleted or redundant) and only 165 of them could be accessed via UniParc. Alongside the 

protein sequences, we retrieved the TaxID of the corresponding organism. Additionally, 45 S1_15 

sequences from ‘Lentimonas’ sp. CC4 (Sichert et al. 2020) and 1P49 S1_3 sulfatase from H. sapiens 

(as outgroup) were manually added to the collection resulting in a total of 1896 sequences. To infer 

the habitat of microbes encoding S1_15 sulfatases, TaxIDs were queried in PATRIC (Wattam et al. 

2017) database to retrieve the habitat, salinity or isolation source. Ambiguities were manually 

resolved by looking up the habitat of isolates in culture collections.  

Next, we analyzed the domain architecture of sulfatases with hmmscan (Eddy 2011) and Pfam-A 

hmm modules. The domain architecture was analyzed with DAMA (Bernardes et al. 2016). 

Sulfatase domains (PF00884) were then blasted against the SulfAtlas database and assigned to S1 

subfamilies by their respective highest scoring blast hit. Along S1_15, S1_3 and S1_39 sulfatase 

domains, the different following domains were identified: Sulfatase_C, Alpha_L_fucos, Big_9, 

CBM_4_9, Cadherin_5, DHH, DHHA1, DUF1080, DUF229, DUF4976, DUF4994, 

Lipase_GDSL_2, Phosphodiest, TAT_signal and Yai. One protein had two S1_15 domains and 

other fusion proteins are listed together with additional metadata in supplementary Table S2. 

For phylogenetic analyses S1_15 domains were extracted and aligned with mafft-linsi (‘mafft --

localpair --maxiterate 1000’) (Nakamura et al. 2018). A phylogenetic tree was calculated using the 
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ete3 toolkit v3.1.1 (Huerta-cepas 2016) and the ete3 toolchain function ‘none-trimal_gappyout-

none-fasttree_full’. The tree was rooted using 1P49 as outgroup and clades were defined by 

sequences with a phylogenetic distance of less than 0.7. Then, we calculated the relative abundance 

of the different phyla or habitat per clades. For simplicity, habitats or phyla with less than 10 

occurrences were categorized as ‘other’. 

Sequence analyses 

Putative signal peptide was identified using the SignalP4 (Nielsen 2017) and neglected in the 

cloning process. Closely related sulfatases were found by NCBI pBLAST using the PDB data 

base(Berman 2000). Protein sequences of structurally characterized sulfatases were retrieved from 

SulfAtlas (Barbeyron et al. 2016a). Conserved amino acids were identified by multiple alignment 

using a MUSCLE alignment (Edgar 2004) analyzed in WebLogo (Crooks et al. 2004). 

Protein crystallization and X-ray data collection 

Sitting-drop vapor diffusion was set up with 96-well sparse matrix and grid screens at 16 °C to find 

conditions, which allow the protein to crystallize. Conditions that showed crystallized protein were 

repeated and, optimized with slight modifications to the original recipe using hanging-drop vapor 

diffusion at 16 °C. 24-well hanging drop crystal trials were set up containing 500 µL mother liquor 

and three different dilutions (1:2, 2:1 and 1:1) of protein and crystallization solution with a total 

volume of 3 µL. Protein crystals were soaked in 25-30 % glycerol in the mother liquor and flash-

frozen to cryo-temperatures using liquid nitrogen. Data collection was done at the PETRAIII 

(Burkhardt et al. 2016) beam line P11 (Meents et al. 2013) from Deutsches Elektronen Synchrotron 

(DESY, Hamburg). 

Structure solution and refinement 

Diffraction data were processed using XDS (Kabsch et al. 2010) and AIMLESS (Evans 2011) in 

CCP4i Cloud (Krissinel et al. 2018). The structures were solved by molecular replacement with 

PHASER (McCoy et al. 2007) and the structural homologue PDB:1E2S (Von Bülow et al. 2001). 

The model was built using CCP4Build (Winn et al. 2011), BUCCANER (Cowtan 2006) and 

PARROT (Cowtan 2010). Refinement was done based on a Maximum Likelihood method using 

REFMAC V5.5 (Murshudov et al. 2011), manually finalized in COOT V0.8.7.1 (Emsley et al. 

2010) and visualized in PyMOL Version 2.0 (Schrödinger, LLC). Data collection and refinement 

statistics are displayed in Tab. S2. The protein structure was analyzed using DALI (Holm and 

Elofsson 2019), ConSurf (Glaser et al. 2003) and PDBSum (Laskowski et al. 2018). The atomic 

coordinates and structure factors have been deposited in the Protein Data Bank, Research 

Collaboratory for Structural Bioinformatics, Rutgers University, New Brunswick, NJ 

(http://www.rcsb.org/). 
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Abstract 

Fucoidans are fucose-containing sulfated polysaccharides which are characterized by a great 

structural and compositional diversity. This class of glycans has been known for decades, but our 

knowledge on how marine organisms deal with such a complex carbon source is still limited. The 

backbone of fucoidans is mainly composed of 2,3-sulfated fucose, which is degraded by 

fucoidanases, sulfatases and fucosidases of the carbohydrate-active enzyme (CAZymes) families 

S1_17, S_25, GH29 and GH107. Here we describe a fucoidan-degrading CAZyme of family GH95. 

In total, we have tested 17 fucose- and galactose containing oligosaccharides, exudates of four 

microalgal species as well as structurally different fucoidans from nine macroalgal species. 

Chromatography of reaction products suggests that 30_GH95 is an exo-acting α-1,2/3-L-fucosidase 

with additional minor activity towards β-D-galactose. Fucosidase activity was confirmed using 

macroalgal fucoidans as substrates. 30_GH95 has a strong substrate specificity for fucoidan from 

Fucus vesiculosus, but is also active on Durvillaea potatorum, Sargassum fusiforme and Ecklonia 

maxima of the orders Fucales and Laminariales. Fucosidase activity was not observed for 

structurally different fucoidans from the same orders (e.g. Undaraia pinnatifida and Fucus 

serratus) or the order Ecotocarpales. Our study contributes to a better understanding of the 

enzymatic cascade of marine microbes to degrade fucoidans. 

 

Keywords: CAZyme, GH95, fucoidan, fucosidase, galactosidase 

 

Introduction 

Fucose-containing sulfated polysaccharides (FCSPs) or fucoidans are a structurally diverse class of 

glycans which can be found in seagrasses (Kannan et al. 2013), marine invertebrates (Ribeiro et al. 

1994; Mulloy et al. 1994) and the cell walls of brown macroalgae (Deniaud-Bouët et al. 2017). 

FCSPs can be grouped into homoglycans, which mainly consist of sulfated fucose, or heteroglycans 

whose backbone is enriched in other monosaccharides. The backbone of the brown algae order 

Fucales is dominated by L-fucose linked by α-1,3 and to a lesser extend α-L-1,2 and α-L-1,4 (Bilan 

et al. 2006; Holtkamp et al. 2009). Members of the orders Laminariales and Ectocarpales haven 

been described as galacto- and xylofucans as it is the case for U. pinnatifida (Lee et al. 2004; 

Hemmingson et al. 2006; Skriptsova et al. 2010; Synytsya et al. 2010; Zhao et al. 2018) as well as 

P. plantagenia (Bilan et al. 2014), respectively. However, there are also species in both orders 

which are considered as homofucans such as L. hyperborea (Kopplin et al. 2018) and C. okamurans 

(Lim et al. 2019). Differences in composition, linkage and branching derive not only from different 

algal species, but also due to seasonal and geographical parameters (Anastyuk et al. 2010; Fletcher 
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et al. 2017). This structural diversity requires an enzymatic counterpart to be utilized by marine 

microbes. Fucoidan-degrading bacteria belong to the superphylum Planctomycetes-

Verrucomicrobia-Chlamydiae (PVC) (Sakai et al. 2003; Wegner et al. 2013; van Vliet et al. 2019), 

Proteobacteria (Bakunina et al. 2002) and Bacteroidetes (Descamps et al. 2006; Barbeyron et al. 

2008; Chen et al. 2016). Recently, it has been shown that the marine Verrucomicrobium 

‘Lentimonas’ sp. CC4 performs a multistep enzymatic pathway which combines desulfation with 

the hydrolysis of the polysaccharide (Sichert et al. 2020). This enzymatic cascade involves dozens 

of enzymes from various sulfatase and carbohydrate-active enzyme (CAZyme) families of which 

only a limited number has been described yet. To date, only one esterase (Nagao et al. 2017), three 

exo-acting sulfatases of families S1_17 and S1_25 (Daniel et al. 2001; Silchenko et al. 2018), two 

exo-acting fucosidases (Tanaka and Sorai 1970; Berteau et al. 2002) and several endo-fucoidanases 

mainly belonging to family GH107 (Cao et al. 2018; Schultz‐Johansen et al. 2018) have been found 

to act on FCSPs. These enzymes are characterized by a pronounced substrate specificity and 

presumably act in synergy. For example, fucosidase GH29 from the marine mollusk Pecten 

maximus only cleaves fucose from Ascophyllum nodosum fucoidan and the addition of a sulfatase 

increases its hydrolysis yield by 75 % (Berteau et al. 2002). However, these studies represent only 

snapshots of the degradation pathway. We still require more detailed biochemical and structural 

investigations to elucidate the complete utilization process. 

So far, glycoside hydrolase (GH) family GH95 (E.C.3.2.1-, .51, .63) has not been shown to act on 

FCSPs yet represents a promising candidate. Similar to family GH29, GH95s are exo-acting 

enzymes that cleave terminal α-L-fucose and galactose (Katayama et al. 2004; Nagae et al. 2007; 

Guillotin et al. 2014; Rogowski et al. 2015). These families are crucial to initiate glycan degradation 

in the human gastrointestinal tract (Hobbs et al. 2019), but the role of GH95 in the marine 

environment remains greatly unknown. Fucosidases and galactosidases of families GH29 and 

GH95 are among the dominating genes in heterotrophic bacteria associated with particles (Sichert 

et al. 2020), macroalgae (Kim et al. 2016) and microalgae blooms (Teeling et al. 2012; Kappelmann 

et al. 2019), suggesting that algal glycans are potential substrates for marine GH95s. To shed light 

on the role of family GH95 in fucoidan degradation, we performed a biochemical characterization 

of a GH95 which stems from a marine Verrucomicrobium. ‘Lentimonas’ sp. CC4 grows on various 

macroalgal fucoidans and regulates glycan utilization in several specific polysaccharide utilization 

loci (PULs), including several GH95, which are mainly located on a plasmid (Sichert et al. 2020). 

We found 30_GH95 is an α-1,2/3-L-fucosidase with minor activity towards β-1,4-D-galactose and 

a pronounced substrate specificity for the fucoidan from the macroalgal species Fucus vesiculosus. 
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Material and methods 

Materials. All chemical and reagents were purchased from Sigma Aldrich (Germany) if not stated 

otherwise. 

Production of recombinant plasmid. The N-terminal signal peptide was predicted using SingalP 

V4.1 sever (Nielsen 2017) with default options. The forward and reverse primers (Tab. S1) were 

designed with a single N-terminal 6-His-Tag (Hochuli et al. 1988) and a ~30 bp overhang and 

complementary to the pet28a(+) expression plasmid (69864, Merck Millipore). Genes were 

amplified with Q5 High-Fidelity DNA Polymerase (M0492, New England Biolabs) from genomic 

DNA of ‘Lentimonas’ sp. CC4. Recombinant plasmids were assembled using Gibson Assembly 

(E2611, New England Biolabs). Purified plasmids were transformed into Escherichia coli NEB5α 

for subcloning and into Escherichia coli BL21(DE3) for overexpression according to the 

manufacturer’s instructions (C2987I+C2527H, New England Biolabs). Transformed cells were 

grown on lysogeny broth (LB) agar plates with 50 µg mL-1 kanamycin at 37 °C overnight. 

Protein expression and purification. Bacterial cultures were grown in 5 L Erlenmeyer flasks with 

1 L of ZYP5052 auto-induction medium (Studier 2005) and 100 µg mL-1 kanamycin for four days 

at 20 °C and 150 rpm or with 1 L LB and 100 µg mL-1 kanamycin at 37 °C until OD >0.6 and 

induced with 1 mM IPTG at 16 °C at 150 rpm overnight. Bacterial cultures were harvested at 4900 

g and for 30 minutes and chemically lysed. The cell pellet was resuspended in 15 mL buffer (25 % 

sucrose, 50 mM Tris pH 8), 30 mg of lysozyme (~ 7000 U mg-1) was added and the mixture was 

incubated at room temperature (~ 25 °C) for 15 minutes while stirring. 30 mL of deoxycholate 

solution (20 mM Tris pH 8, 1 % w/v deoxycholate, 100 mM NaCl, 1 % w/v Triton X-100), MgSO4 

(5 mM final concentration) and 100 µL of 10 mg ml-1 DNase I (≥ 400 Kunitz mg-1) were added. 

The mixture was incubated at room temperature (~ 25 °C) until it was no longer viscous and 

centrifuged at 30966 g and 4 °C for 30 minutes. 

Protein purification was done via immobilized metal affinity chromatography (IMAC) carried out 

in ÄKTATM start chromatography system (29-0220-94, GE Healthcare Life Sciences) with a 5 mL 

cobalt column (HiTrapTM Talon® crude, 28953766, GE Healthcare Life Sciences). The supernatant 

from chemical lysis was applied to the column equilibrated in binding buffer (20 mM Tris pH 8, 

500 mM NaCl) at a flow rate of 5 mL min-1. The column was subsequently washed with 40 mL 

binding buffer followed by elution with a linear gradient of 0 – 100 % elution buffer (20 mM Tris 

pH 8, 0.5 M NaCl, 0.5 M imidazole) over 25 mL. IMAC fractions were verified for purity 

via sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) for soluble proteins 

(LAEMMLI 1970). The 1 mm polyacrylamide gel was run at constant 200 V for 40 minutes in 1x 

Tris-Glycine-SDS (TGS) buffer. Purified protein fractions were concentrated in a stirred 

ultrafiltration unit (Amicon) using 70 psi nitrogen pressure and a 10 kDa membrane (Biomax®). 
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The concentration was determined measuring the absorbance at 280 nm (BioSpectrophotometer 

basic, Eppendorf) using the molar extinction coefficient of 151525 M-1 cm-1 computed by ExPASy 

ProtParam (Wilkins et al. 2005). 

Thermal stability. Thermal stability was determined via dynamic light scattering (DLS) using a 

DynaPro Plate reader and the according Dynamics Software (Wyatt).  Triplicates of 30 µl IMAC 

purified protein in 250 mM NaCl, 20 mM TRIS pH 8 were transferred into a microtiter plate 

(Aurora), centrifuged at 4500 g and 4 °C for 10 min and covered with an oil droplet (Zeiss). Thermal 

stability was monitored using a temperature gradient of 25 – 80 °C with an increase of 0.1 °C min-

1 and 5 acquisitions per sample each measured for 5 seconds. 

Analytical size exclusion chromatography. Molecular size and the state of oligomerization were 

determined via analytical size exclusion chromatography (SEC) using protein gel filtration 

standards (#151-1901, Bio-Rad). SEC was carried out at 1 ml min-1 using the ENrich™ SEC 650 

10 x 300 Column (#7801650, Bio-Rad) connected to a NGC™ chromatography system (Bio-Rad) 

and operated at room temperature. IMAC purified protein was centrifuged for 30 min at 13000 g 

and 4 °C and 200 µl protein in 250 mM NaCl, 20 mM TRIS pH 8 were analysed. Protein elution of 

standards and sample was monitored at 280 nm.  

Enzyme activity assay. The physiochemical properties of 30_GH95 were determined 

spectrophotometric by measuring enzyme activity at 405 nm in FLUOstar Omega microplate reader 

(BMG Labtech GmbH). The following substrates were prepared in 10 mM stock solution in Milli-

Q incubated with 0.05 mg enzyme ml-1: cNP-α-L-Fuc (Carbosynth), pNP-β-L-Fuc, pNP-β-D-Fuc, 

pNP-β-D-Gal and pNP-α-D-Gal. The influence of pH, NaCl and 1 mM divalent cations were 

investigated in triplicates in a total reaction volume of 100 µL and 1 mM cNP-α-L-Fuc.  

Substrate specificity via HPAEC-PAD. Substrate specificity and linkage specificity was analyzed 

via high-performance anion exchange chromatography with pulsed amperometric detection 

(HPAEC-PAD) as previously described (Engel and Händel 2011). In short, ~ 1.2 mg ml-1 enzyme 

in 250 mM NaCl and 20 mM TRIS pH 8 were incubated with 9 mgml-1 fucoidan or 0.5 mg ml-1 

oligosaccharides, 0.1 M NaCl and 20 mM Na-citrate pH 5. at 30 °C and 200 rpm overnight (18-22 

h) and the reaction was terminated at 99 °C for 10 min. HPAEC-PAD was carried out on a Dionex 

ICS5000+ system (Dionex) using a CarboPac™ PA10 (2 mm x 250 mm, Dinoex) analytical column 

and a CarboPac™ PA10 (2 mm x 50 mm, Dinoex) guard column. The following substrates were 

tested: 1,3/4/6-β-D-galactobiose (Megazyme), blood group H disaccharide (BGH, Carbosynth), 

blood group B tetraose type 5 (BGB, Elicityl), Lewisy tetraose (Ley, Elicityl), Lewisb tetraose (Leb, 

Elicityl), Lewisx triaose (Lex, Elicityl), Lewisa triaose (Lea, Carbosynth), 3-fucosyllactose (3-FL, 

Elicityl), reduced XFG xyloglucan (XFGol, Elicityl), 2‘-fucosyllactose (2’-FL, Carbosynth) as well 

as ion exchange chromatography-purified macroalgal fucoidans (Tab. S2). Additionally, we have 



Chapter 2 – Mechanistic insights into fucoidan degradation 
 

- 84 - 

used concentrated culture supernatant from the following microalgae species: Thalassiosira 

weissflogii, Thalassiosira psuedonana, Thalassiosira rotula, and Chaetoceros socialis. L-Fucose 

and D-galactose were used as internal calibration standards. The yield of fucosidase activity (%) 

was calculated based on the fucose content reported for macroalgal fucoidans elsewhere (Sichert et 

al. 2020).  

Multiple sequence alignment and homology modelling. Closely related GH95 were found by 

NCBI pBLAST using the PDB data base (Berman 2000). Structural homologues were retrieved 

from CAZy (Lombard et al. 2014b). Conserved residues of the active site were identified by 

multiple sequence alignment using MUSCLE (Edgar 2004) in ESPript V3.0 (Robert and Gouet 

2014). 30_GH95 was modelled using Phyre2 (Kelley et al. 2015) and visualized in PyMOL version 

2.2.3 (Schrödinger, LCC). Protein crystallization was set up at 16 °C with IMAC purified protein 

as described elsewhere (Reisky et al. 2019). 

 

Results 

Identification as putative fucoidan CAZyme and domain architecture 

30_GH95 is located on the plasmid of ‘Lentimonas’ sp. CC4 in an operon, which is upregulated in 

the presence of Fucus vesiculosus fucoidan as sole carbon source (Sichert et al. 2020). Neighboring 

CAZymes and associated enzymes of 30_GH95 include a putative endo-fucoidanase of family 

GH107, putative galactosidases of families GH97 and GH117 as well as a sulfatase of subfamily 

S1_28.  

NCBI pBLAST of 30_GH95 revealed 69 - 67 % sequence identity (99 - 97 % coverage) with GH95s 

from fucoidan-degrading bacteria Kiritimatiellales bacterium (WP_136078781.1), Planctomycetes 

bacterium (WP_146599266.1) and Rhodopirellula sp. (EMI42024.1) of the PVC superphylum. In 

contrast, 30_GH95 shared only 30 and 35 % sequence identity with structurally and biochemically 

characterized galactosidases (Rogowski et al. 2015) and fucosidases (Nagae et al. 2007), 

respectively.  

The functional domain architecture of 30_GH95 indicated a N-terminal signal peptide of 0-19 

amino acids and the catalytic domain of 20-819 amino acids. The signal peptide, which suggest a 

periplasmatic or extracellular location of the enzyme in ‘Lentimonas’ sp. CC4, was removed by 

cloning to produce the recombinant protein in E. coli. 30_GH95 has a theoretical molecular weight 

of 91.3 kDa and a predicted isoelectric point of pH 6.59. The molecular weight was confirmed by 

SDS-PAGE of IMAC-purified enzyme showing a single band of > 80 kDa. Analytical SEC 

indicated a monomeric oligomerization state of this protein in solution (Fig. 1A).  
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30_GH95 has dual fucosidase and galactosidase activity 

Family GH95 are exo-acting CAZymes that hydrolase the glyosidic bond of α-L-fucose or α-L-

galactose via the inverting hydrolysis mechanism (Katayama et al. 2004). To determine the 

substrate and linkage specificity of 30_GH95 we tested 17 fucose and galactose containing 

substrates including chromogenic glycoconjugates, human milk- and blood oligosaccharides. Prior 

activity assays, the thermal stability of 30_GH95 was determined to ~ 33 °C (Fig. 1B). Therefore, 

enzymatic digests were set up at 30 °C. 

First, we investigate the linkage and substrate specificity of 30_GH95 using chromogenic 

substrates. Spectrophotometric analysis revealed that 30_GH95 is active on cNP-α-L-fucose and to 

a lesser extent on pNP-β-D-galactose. β-D- and α-D-linked fucose as well as α-D-linked galactose 

were not cleaved by 30_GH95 (Fig. 1C).  

Next, we determined the physiochemical properties of 30_GH95 using cNP-α-L-fucose which were 

used in the following experiments. 30_GH95 has a pH optimum of 5.7 in Na-citrate buffer (Fig. 

1D) and the activity is boosted in presence of > 0.3 M NaCl (Fig. 1E), which suggests an 

extracellular localization exposed to the high salt concentration of seawater (3.5 % w/v ≈ 600 mM 

NaCl). The addition of inorganic salts or mono- and divalent cations prevalent in seawater had 

neither a weakening nor stimulating effect on enzyme activity (Fig. 1F). Similar to GH29, 

biochemical studies have reported acidic pH optima (Léonard et al. 2008) as well as the ability and 

disability (Fan et al. 2016) to utilize pNP substrates for GH95s.  

To expand the linkage specificity, we measured fucose and galactose release from nine human milk- 

and blood oligosaccharides monitored by HPAEC-PAD. 30_GH95 was most active on 1,2-linked 

fucose from 2’-fucosyllactose, blood group H and XFG xyloglucan and to a limited extend also on 

1,3-linked L-fucose of Lewisx and on 1,4-linked galactose of 2’-fucosyllactose. 1,3/4/6-β-D-

galactobiose was not cleaved by 30_GH95 as well as 3-fucosyllactose, Lewisa DP3, Lewisy, Lewisb 

and blood group B (Tab. S3). 
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Fig. 1. Activity screening of 30_GH95. (A) SDS-PAGE and analytical size exclusion of standards (●) and 

30_GH95 (▲). (B) Thermal stability via DLS. (C) Substrate and linkage specificity of chromogenic 

substrates. Physiochemical parameters using cNP-α-L-fucose: Influence of (D) pH using different buffers at 

20 mM, (E) NaCl using 20 mM Na-citrate pH 5.7 and (F) cofactors using 20 mM Na-citrate pH 5.7 and 200 

mM NaCl. 

 

Fucosidase activity on fucoidans 

Besides macroalgal fucoidans, fucose and galactose are dominant compounds of microalgae and 

their exudates (Gügi et al. 2015; Gaignard et al. 2019). To identify putative natural substrates of 

30_GH95, we tested nine structurally different fucoidans and the culture supernatant of four 

microalgal species. No activity was observed for the exudates of the microalgal species T. 

weissflogii, T. psuedonana, T. rotula and C. socialis.   

Fucosidase activity was confirmed for macroalgal fucoidans of the order Fucales and Laminariales. 

30_GH95 cleaved ~ 0.3, 0.22, 0.03 and 0.018 % of the total fucose content from F. vesiculosus, D. 

potatorum, S. fusiforme and E. maxima, respectively. No fucose release was observed for F. 
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serreatus or other members of the order Laminariales (U. pinnatifida, M. pyrifera, L. nigrescens) 

and Ectocarpales (C. okamurans). Galactosidase activity on macroalgal fucoidans was not detected 

(Fig. 2).  

 

Figure 2. Fucosidase activity against macroalgal fucoidans. 30_GH95 was incubated with fucoidans 

overnight and fucose release was measured via HPAEC-PAD. Fucosidase activity is shown as released µg 

fucose per mg fucoidan. Error bars represent standard deviation of technical triplicates. 

 

Sequence analysis indicates putative novel active site residue 

The active site of family GH95 is highly conserved, consisting of 11 charged and hydrophobic 

amino acids L-W-H/T-N-N-E-R-H-W-H-D (Fig. 3). In 30_GH95, the first conserved Asn, which 

orientates the side chain of the putative catalytic residue Glu522, is replaced by Asp398 (Fig. 3), 

which has not been reported so far. 

 The catalytic residues include glutamic acid (Glu) and asparagine (Asn) that act as acid / base pair 

as well as aspartic acid (Asp), which activates the base Asn and a second Asn orienting the side 

chain of Glu (Nagae et al. 2007). Recently, it has been proposed that the His/Thr polymorphism in 

GH95s determines substrate specificity within this family (Rogowski et al. 2015). In 30_GH95 and 

closely related fucosidases this residue is a histidine (His), which is replaced by threonine (Thr) in 

the galactosidase from B. ovatus (Fig. S1). Since 30_GH95 is characterized by a dual fucosidase 

and galactosidase activity, the His/Thr polymorphism in GH95 might be involved in substrate 

binding and recognition. To shed light on the substrate specificity within this family, we planned to 

perform X-ray crystallography but 30_GH95 did not crystallize in any of the > 760 conditions tested 

yet. Therefore, we combined multiple sequence alignment with a structural homology model. The 

structural model of 30_GH95 (94 % coverage modelled at > 90 % accuracy) indicated a small 
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pocket architecture of the active site with a negative electrostatic potential (Fig. S2), suggesting that 

only desulfated terminal fucose or galactose fit into the small pocket. Exo-acting enzymes are 

known for their small pocket-like active site (Davies et al. 1997; Hettle et al. 2018). CAZymes 

involved in the degradation of anionic polysaccharides are often characterized by a cationic surface 

charge surrounding the active site (Reisky et al. 2019). These local patches are oppositely charged 

to the anionic glycan and thus, establish electrostatic protein-carbohydrate interactions 

characterized by a neutral charge (de Kruif et al. 2004). 

 

 

Fig. 3. Novel active site residue D396 in 30_GH95. (A) Active site residues of 30_GH95 (magenta) in 

superimposition with α-fucose (yellow), β-fucose (green), and β-galactose (turquois). The residues were 

identified with multiple sequence and structural alignment. The model was generated by Phyre2. Confidence 

in the model: 769 residues (94 % coverage) modelled at > 90 % accuracy. (B) Structural alignment of active 

site residues from galactosidase (PDB: 4UFC, yellow), fucosidase (PDB: 2EAB, green) and uncharacterized 

GH95 (PDB: 2RDY, blue). Modified after (Rogowski et al. 2015). Structural differences are labeled with 

amino acid number. 

 

Discussion 

Fucoidan-degrading bacteria perform a multistep degradation pathway to utilize FCSPs. The 

enzymatic cascade depends on the source and type of fucoidan but involves several esterases, 

fucosidases, sulfatases and fucoidanases (Sichert et al. 2020). To shed light on the role of family 

GH95 in FCSP degradation, we performed a biochemical characterization of a GH95 originating 

from the fucoidan-degrading Verrucomicrobium ‘Lentimonas’ sp. CC4. 30_GH95 is an exo-acting 

α-1,2-L-fucosidase with minor activity towards α-1,3-L linked fucose and β-1,4-D-galactose. 
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We have tested fucoidans from nine different macroalgae species which differ in composition, 

linkage and the degree of sulfation. We observed a pronounced fucose release from F. vesiculosus, 

which is in line with proteomic analysis. We could detect minor fucosidase activity on D. 

potatorum, S. fusofirme and E. maxima. All species belong to the order Fucales and Laminariales 

and possess different structural features. While F. vesiculosus is characterized by an alternating α-

1,3/4-L-fucose backbone (Chevolot et al. 2001; Bilan et al. 2004; Bilan et al. 2006), α-1,2-L-linked 

fucose is found in C. okamurans, E. maxima and F. serratus (Bilan et al. 2006; Sichert et al. 2020). 

Based on our results using fucosylated oligosaccharide from human milk and blood, it is likely that 

30_GH95 cleaves α-1,2/3-linked fucose from F. vesiculosus, D. potatorum, S. fusiforme and E. 

maxima. The differences in the yield as well as no activity towards the other five fucoidans 

presumably reflects the amount of accessible fucose present in these four fucoidans. The highest 

yield was observed for F. vesiculosus, which has been considered a homofucan (Holtkamp et al. 

2009). Exo-acting enzymes can only cleave fucose from the terminus of the glycan backbone or 

branches attached to it. Fucose decorated with sulfate or acetyl groups are only accessible in the 

combination with enzymatic partners (Berteau et al. 2002). The type and degree of such decorations 

vary among fucoidan species. While fucoidans are sulfated between 20 – 40 % (Fitton et al. 2015; 

Sichert et al. 2020), only few species have been reported to contain O-acetylation. Fucoidan from 

C. okamurans for instance has a α-1,3-linked fucose backbone with branched of a α-1,2-fucose. 

The absence of activity of 30_GH95 might be explained by sulfated and acetylated fucose (Nagaoka 

et al. 1999; Lim et al. 2019; Sichert et al. 2020).  

Beside fucosidase activity, we also observed minor activity for β-D-galactopyranosidase and β-1,4-

galactose in 2’fucosyllactose. The absence of activity on β-1,3/4/6-galactobiose is most likely 

explained by the active site architecture of 30_GH95. The catalytic activity of glycoside hydrolases 

is affected by their substrate-binding sites. These subsites recognize and subsequently 

accommodate each monosaccharide of the substrate (Davies et al. 1997). Only if these criteria are 

fulfilled hydrolysis is taking place. In the case of galactobiose it could be that it is not recognized 

by the subsites of 30_GH95 and hence not cleaved. 

Galactose is a common monosaccharide found in many fucoidans (Fitton et al. 2015; Sichert et al. 

2020). S. fusiforme and E. maxima possess α-1,4 and α-1,3/4/6-linked galactose, respectively (Hu 

et al. 2014; Hu et al. 2016; Sichert et al. 2020). So far, β-linkages were only reported for U. 

pinnatifida containing 1,3/4/6-linked galactose. Galactose is heavily sulfated at C3, C3,4 and C3,6 

and by that presumably inaccessible for 30_GH95 (Lee et al. 2004; Hemmingson et al. 2006). Since 

we did not observe galactose release from macroalgal fucoidans, we were wondering for alternative 

natural substrates. Fucose and galactose are dominant compounds in microalgae cells and their 

exudates (Gügi et al. 2015; Gaignard et al. 2019) but little is known on their linkages. Therefore, 

we have tested the supernatant of four microalgae species. However, no fucose nor galactose release 
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was observed. This observation could be a result of the 3D structure of FCSPs. α-1,2/3 linked L-

fucose and β-1,4-D-galactose might either (i) not be present in the tested exudates or (ii) they remain 

shielded by any type of decoration, or (iii) are not accessible prior enzymatic hydrolysis of other 

CAZymes such as endo-acting GH107s or sulfatases generating smaller fragments. 

In conclusion, we report the biochemical characterization of a marine, bacterial GH95. 30_GH95 

is an exo-acting α-1,2-L-fucosidase with minor activity towards α-1,3-L-fucose and β-1,4-

galactose. Family GH95 has been previously described as fucosidases or galactosidases (Katayama 

et al. 2004; Nagae et al. 2007; Rogowski et al. 2015; Hobbs et al. 2019), but a dual activity of this 

family has not been reported yet. To the best of our knowledge this is the first study demonstrating 

activity on macroalgal fucoidan for family GH95. Our results contribute to the ongoing 

investigation on fucoidan utilization by marine microbes, but also lead the way for future 

biotechnological applications of FCSPs. In recent years, enzyme-assisted methods for the detection, 

extraction and quantification of glycans have become of raising interest (McCleary 1981; Vidal-

Melgosa et al. 2015; Becker et al. 2017). These methods take advantage of highly specific enzymes 

and are often less time-, lab- and cost-intensive than other techniques. Fucoidans are heavily studied 

for their medical and therapeutic properties (Ale et al. 2011; Fitton et al. 2015) and as additives for 

food (Vo and Kim 2013; Zeuner et al. 2019) and cosmetics (Ale and Meyer 2013). Substrate specific 

enzymes like 30_GH95 can not only be used to investigate the structure of FCSPs (Ale and Meyer 

2013; Nguyen et al. 2020), but also to modify the glycan, which can be then used in industry and 

pharmacy (Holtkamp et al. 2009).  
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Abstract 

Fucoidans are a diverse class of fucose-containing sulfated polysaccharides. Owing to their 

structural diversity, fucoidans can only be degraded by highly specialized bacteria such as the 

marine Verrucomicrobium ‘Lentimonas’ sp. CC4 possessing over 100 enzymes. Since these 

enzymes are interlocked in a complex degradation cascade, each enzyme only yields minuscule 

amounts of product challenging the characterization of fucoidan active enzymes without their 

cognate partner. To circumvent this, we have biochemically characterized 15 fucosidases of family 

GH29 from ‘Lentimonas’ sp. CC4 of which four were also analyzed by X-ray crystallography. The 

analyses of reactions products of in total 14 chromogenic substrates and oligosaccharides by 

chromatography and spectrophotometry showed distinct substrate and linkage specificity. 

Moreover, we investigated the putative natural substrates by using structurally different fucoidans 

originating from nine macroalgal species. The pronounced substrate specificity of each enzyme 

suggest that they are part of several enzymatic pathways specialized on a specific fucoidan. Our 

findings not only gain further insights into the microbial remineralization of fucoidan, but also into 

the role of ‘Lentimonas’ sp. CC4 as resource for novel fucoidan active enzymes.  

 

Key words: GH29, fucosidase, fucoidan, X-ray crystallography, galactosidase, marine 

 

Introduction 

Fucoidans are diverse class of sulfated cell wall polysaccharide from brown algae with complex 

degradation pathway and a high environmental importance. Fucoidans, which make up 23% of algal 

dry weight, are highly branched and sulfated and their structure varies depending on algal species 

of origin and growth season (Skriptsova et al. 2010; Deniaud-Bouët et al. 2014; Deniaud-Bouët et 

al. 2017). For example, fucoidan from Fucus vesiculosus has a backbone of alternating α-1,3/α-1,4 

linked L-fucose with sulfate esters on O-2 or O-3 with additional mannose and xylose residues 

(Nishino et al. 1994; Chevolot et al. 2001). Due to this structural complexity, fucoidans can only 

be degraded by highly specialized microbes such as the marine Verrucomicrobium ‘Lentimonas’ 

sp. CC4 employing over 100 enzymes (Sichert et al. 2020). Consequently, fucoidans accumulate 

e.g. over a diatom spring bloom and have a high potential to sequester carbon in the ocean (Vidal 

et al. in preparation). Although previous studies identified potential pathway for fucoidans, we lack 

the biochemical characterization of fucoidan active enzymes hampering our understand why 

fucoidans are difficult to turn-over in the environment. 

The enzymatic degradation of fucoidan is a multi-step reaction with several interlocked enzymes 

only active with their cognate enzyme partner. The activity of characterized fucoidanases is 
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typically low, yielding only a few percent degradation, but the yield can increase by the adding 

enzymes (Vickers et al. 2018; Schultz‐Johansen et al. 2018). For example, the carbohydrate esterase 

(CE) increases the activity of an endo-enzyme and sulfatase the activity of a GH29 exo-fucosidases 

(Berteau et al. 2004; Nagao et al. 2017). This mutual dependency of enzymes complicates the 

biochemical analyses of a single fucoidanase without its cognate partner. Enzymes that act together 

on a polysaccharide are regulated in polysaccharide utilization loci (PUL) and therefore, PULs 

provide an opportunity to identity cognate enzymatic partners. For example, the marine 

Bacteroidetes Wenyingzhuangia fucanilytica CZ1127T has a PUL encoding a S1_17 and S1_25 

exo-sulfatases that stepwise degrade 2,3-di-O-sulfated fucooligosacchrides (Silchenko et al. 2018). 

The Verrucomicrobium ‘Lentimonas’ sp. CC4 organizes its enzymes in operons, and therefore, 

these operons represent a resource to identify enzymes that act in synergy on fucoidan. 

The degradation of fucoidan or fucoidan-derived oligosaccharides is catalyzed by exo-acting 

fucosidases and sulfatases. Proteomics on the marine Verrucomicrobium ‘Lentimonas’ sp. CC4 

revealed 35 homologs of GH29 fucosidases suggesting those enzymes are key to degrade fucoidans 

(Sichert et al. 2020). GH29 (EC 3.2.1.51 and .111) hydrolyze terminal α-1,2/3/4 or /6-linked fucose 

using a retaining mechanism (White Jr. et al. 1987; Eneyskaya et al. 2001b; Cobucci-Ponzano et al. 

2003b). While the mechanistic motif of terrestrial fucosidases involved in glycan degradation is 

well studied (Hobbs et al. 2019), our knowledge on marine fucosidases is very limited. It appears 

that fucosidases, similar to other fucoidan-degrading enzymes, are characterized by a high substrate 

specificity. For instance, GH29 from the marine mollusk Pecten maximus is exclusively active on 

Ascophyllum nodosum fucoidan (Berteau et al. 2002), while the fuscosidase from the marine 

bacterium Wenyingzhuangia fucanilytica is only able to act on partially degraded fucoidan but not 

on the polysaccharide (Dong et al. 2017). These results suggest that the ability of exo-acting 

fucoisidases is limited to the amount of accessbile fucose. Therefore, it is likely that fucosidases 

require enzymatic partners to act synergistically such as sulfatases (Berteau et al. 2002; van Vliet 

et al. 2019) and/or endo-acting fucoidanases which generate fucoidan oligosaccharides. 

Interestingly, GH29s share the overall fold with endo-acting fucoidanases of family GH107 

(Vickers et al. 2018). The catalytic active site is highly conserved in a (β/α)8 triosephosphate 

isomerase (TIM) barrel domain (Sulzenbacher et al. 2004; Sela et al. 2012; Summers et al. 2016). 

Typically, the catalytic residue Asp acts as nucleophile and Glu as Bronsted acid/base 

(Sulzenbacher et al. 2004). Since the catalytic are located on different loops up to 50 amino acids 

apart, they are difficult to identify, and these insights can only be derived from protein structures. 

Only recently, the first substrate-complex of GH29 with LewisX, LewisY and LewisA 

oligosaccharides revealed unusual substrate binding pockets with a selectivity for Gal in the +2 

subsite, GlcNAc in the +1 subsite and flexible cleavage of 1,3 and 1,4 L-Fucose in the -1 subsite 
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(Hobbs et al. 2019). Notably, no marine GH29 was crystallized with a native substrate, illustrating 

our limited understanding of marine fucosidases. 

In this study, we have structurally and biochemically characterized 15 GH29s from the marine 

Verrucomicrobium ‘Lenitmonas’ sp. CC4. This is the first in-depth study within this family. Our 

findings lead the way for a reclassification of family GH29 into subfamilies reflecting their substrate 

and linkage specificity. 

 

Results and discussion 

Domain architecture and expression of marine GH29s 

‘Lenitmonas’ sp. CC4 possess 35 GH29s of which 13 are no regulated / expressed, while the 

remaining ones are regulated in four operons specialized on fucoidans from brown macroalgae 

(Sichert et al. 2020). GH29s from ‘Lenitmonas’ sp. CC4 are characterized by a similar domain 

architecture consisting of a putative N-terminal signal peptide and a linker connecting the catalytic 

domain harboring the active site with a C-terminal binding domain of families 6, 32 or 35.  

We produced 24 GH29s as recombinant plasmids of which 15 were soluble expressed in E. coli 

BL21, purified by IMAC and further analyzed to reveal mechanistically and structurally differences 

among marine GH29s. Besides LCC4_2_71, all GH29s possess an N-terminal signal peptide, 

suggesting a periplasmic or extracellular location. All recombinant proteins possess a theoretical 

molecular mass of 53 – 68 kDa (Tab. S1), which was confirmed by SDS-PAGE as well as analytical 

SEC. LCC4_2_293 and LCC4_2_169 are characterized by a dimeric and trimeric oligomerization 

state, respectively. All other GH29s are monomers except LCC4_2_171, which partially exhibits a 

dimeric oligomerization state presumably due to protein aggregation. 

 

Marine GH29s are fucosidases and galactosidases 

GH29s are exo-acting α-L-fucosidases with a broad substrate and linkage specificity. While some 

GH29s exclusively cleave α-1,3 or α-1,4-linked fucose, others are capable to hydrolyze both 

linkages. Interestingly, the GH29 from the gut bacterium B. thetaiotamicron exhibits weak activity 

against α-L-fucose, while pNP-β-D-galactopyranose is efficiently hydrolyzed. Compared to 

fucosidases, GH29 from B. thetaiotamicron possess a second pocket to bind β-D-galactose 

(Guillotin et al. 2014). As fucose and galactose are abundant compounds of macroalgal fucoidans, 

we tested 14 fucose- and galactose containing substrates to shed light on the mechanistic motif of 

marine GH29. 
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Prior activity screening, the thermal stability of each enzymes was determined varying from 33 – 

46 °C (Tab. S1). All enzyme digests were performed at 30 °C. None of the 15 GH29s from 

‘Lentimonas’ sp. CC4 exhibited detectable activity against pNP-α-D-galactopyranose, pNP-β-D-

fucopyranose or pNP-β-L-fucopyranose. LCC4_2_103, LCC4_2_67, LCC4_2_71, LCC4_2_293 

and LCC4_2_269 only hydrolyzed pNP-α-L-fucopyranose, whereas six GH29s (LCC4_1_2701, 

LCC4_2_230, LCC4_2_169, LCC4_2_171, LCC4_2_22, LCC4_2_218) are characterized by a 

dual activity towards pNP-α-L-fucopyranose and pNP-β-D-galactopyranose. GH29s LCC4_2_210 

showed no activity against any of the five 4-nitrophenyl substrates, whereas LCC4_2_211 

exclusively hydrolyzed pNP-β-D-galactopyranose (Fig. S1). 

A similar pattern for linkage specificity was also observed using nine human blood and milk 

oligosaccharides (Tab. 1). LCC4_2_67, LCC4_2_293 and LCC4_2_211 were not able to cleave 

any of the tested substrates despite their ability of hydrolyzing pNP-α-L-fucopyranose and -β-D-

galactopyranose, respectively. LCC4_2_210 was not active ony any of the pNP-substrates, but 

cleaves α-L-1,2/3-linked fucose from reduced XFG xyloglucan, 2’-fucosyllactose and 3-

fucosyllactose. LCC4_1_2701, LCC4_2_71 and LCC4_2_269 exclusively cleave α-L-1,2-linked 

fucose, whereas LCC4_2_22 and LCC4_2_169 hydrolyze α-L-1,3 linkages. Besides LCC4_2_210, 

LCC4_2_171 and LCC4_2_230 are capable of cleaving α-L-1,3- and α-L-1,4-linkages. The activity 

of the GH29s 

Lastly, we used pNP-α-L-fucopyranose to determine the biochemical specs of each enzyme (Tab. 

S1). GH29s from ‘Lentimonas’ sp. CC4 are most active in acidic pH of 5.4 or 5.7, which has been 

reported for other GH29s (Cao et al. 2014). LCC4_2_71, LCC4_2_171 and LCC4_2_218 are 

characterized by a broader pH tolerance of pH 5.4 to 6.6 or even pH 8. Based on the signal peptide 

prediction, GH29s are probably excreted and located in the periplasm or extracellular. Therefore, 

we tested the effect of sodium chloride as well as divalent cations present in the seawater on enzyme 

activity. However, the activity of only two-thirds of the GH29s was increased in the presence of ≧ 

0.2 M NaCl. A screening of co-factors showed that CuCl2, ZnCl2, MnCl2 and Cu(II)SO4 reduced 

the enzyme activity of most GH29s, whereas MnCl2 increased the activity of LCC4_2_71. The 

activity of LCC4_2_293, LCC4_2_269, LCC4_2_230, LCC4_2_211 and LCC4_2_210 was 

unaffected, suggesting that the enzymes do not require any co-factors to be active. 

 

Marine GH29s cleave fucose from macroalgal fucoidans 

Enzymes involved in the utilization of fucoidans are characterized by a pronounced substrate 

specificity (Berteau et al. 2002). Therefore, we tested the activity of GH29s towards structurally 

different fucoidans from nine macroalgal species. Fucose release was observed by HPAEC-PAD 
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(Tab. 2). Most GH29s from ‘Lenitmonas’ sp. CC4 were active on F. vesiculosus fucoidan, which 

is considered a homofucan mainly consisting of α-1,3/4-linked fucose (Nishino et al. 1994) and 30 

– 50 % sulfate (Fitton et al. 2015; Sichert et al. 2020). While most GH29s are characterized by a 

pronounced substrate specificity, some enzymes act on several macroalgal species. For instance, 

LCC4_1_2701, LCC4_2_67 and LCC4_2_210 act on F. vesiculosus as well as D. potatorum, U. 

pinnatifida and C. okamurans, respectively. C. okamurans and U. pinnatifida are heteroglycans, 

characterized by a greater structural and compositional complexity than F. vesiculosus. C. 

okamurans is composed of α-1,3-fucose, which contains branches of α-1,2-fucose, acetylation as 

well as sulfate groups at O4 (Nagaoka et al. 1999; Lim et al. 2019). In contrast, U. pinnatifida is a 

galactofucan consisting of α-1,3-fucose and β-1,3/4/6-galactose (Lee et al. 2004; Hemmingson et 

al. 2006; Skriptsova et al. 2010; Synytsya et al. 2010; Zhao et al. 2018). Even though several GH29s 

can act on U. pinnatifida, the yield of fucosidase activity differs. For instance, LCC4_2_269, 

LCC4_2_103, LCC4_2_67, and LCC4_2_293 hydrolyze 1.8, 1.1, 0.98, and 0.52 µg fucose per mg 

fucoidan, respectively. As U. pinnatifida contains ~ 35.7 % fucose  (Sichert et al. 2020), these 

enzymes are only capable of cleaving ≤ 0.5 % of the total fucose content, suggesting that their 

activity is limited to the amount of terminal fucose. Presumably, the yield of exo-acting GH29s 

increases in the presence of enzymatic partners such as sulfatases (Berteau et al. 2002). 

 

Tab. 1. Activity screening against fucose-containing oligosaccharides. GH29s were incubated with 

oligosaccharides overnight and digestion products were analyzed with HPAEC-PAD. ND: not determined, - 

: indicates absence of activity. 

Enzyme α-1,2-fucose α-1,3-fucose α-1,4-fucose 
LCC4_1_2701 BG-H DP2 - - 
LCC4_2_22 - LewisX DP3 - 
LCC4_2_67 - - - 
LCC4_2_71 BG-H DP2 - - 
LCC4_2_103 LewisY DP4 - 
LCC4_2_161 ND ND ND 

LCC4_2_169 - 
3-fucosyllactose 

DP3 
- 

LCC4_2_171 BG-H DP2 
3-fucosyllactose 

DP3 
- 

LCC4_2_210 

2’-fucosyllactose 
DP3 

Reduced XFG 
DP7 

3-fucosyllactose 
DP3 

- 

LCC4_2_211 - - - 
LCC4_2_218 ND ND ND 

LCC4_2_230 
Reduced XFG 

DP7 
3-fucosyllactose 

DP3 
- 

LCC4_2_233 ND ND ND 

LCC4_2_269 
BG-H DP2 

Reduced XFG 
DP7 

- - 

LCC4_2_293 - - - 
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Tab. 2. Activity screening against macroalgal fucoidans. GH29s were incubated with fucoidans overnight and digestion products were analyzed with HPAEC-PAD. ND: 

not determined, +/- : indicates presence/absence of activity. 

Enzyme 
Fucales Laminariales Ectocarpales 

F. vesiculosus F. serratus D. potatorum S. fusiforme E. maxima U. pinnatifida M. pyrifera L. nigrescens C. okamurans 

LCC4_1_2701 + - + ND - - ND ND - 

LCC4_2_22 + - - - - - - - - 

LCC4_2_67 + ND ND ND ND + ND ND - 

LCC4_2_71 - - - ND - - ND ND - 

LCC4_2_103 - ND ND ND ND + ND ND - 

LCC4_2_161 ND ND ND ND ND ND ND ND ND 

LCC4_2_169 - - - ND - - ND ND - 

LCC4_2_171 + - - ND - - ND ND - 

LCC4_2_210 + - - ND - - ND ND + 

LCC4_2_211 + - - ND - - ND ND - 

LCC4_2_218 ND ND ND ND ND ND ND ND ND 

LCC4_2_230 + - - ND - - ND ND - 

LCC4_2_233 ND ND ND ND ND ND ND ND ND 

LCC4_2_269 - ND ND ND ND + ND ND - 

LCC4_2_293 - ND ND ND ND + ND ND - 
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Crystal structures of GH29s 

Of the 15 GH29s, 10 were expressed in suitable amounts to perform protein crystallization. For five 

out of eight crystallized GH29s diffraction data was collected. The structures for LCC4_2_22, 

LCC4_2_71, LCC4_2_169 and LCC4_1_2701 were solved by molecular replacement to 1.8, 2.1, 

1.6 and 2.7, respectively (Fig. 2). In addition, mutants of LCC4_2_22 were soaked with the human 

blood oligosaccharides LewisX and LewisA, resulting in an apo-structure with α-L-fucose in the 

active site (Fig. 3). All four structures possess a characteristic pocket-like active site for exo-acting 

enzymes (Davies et al. 1997; Hettle et al. 2018). The active site is formed by twelve conserved 

sterically residues. Based on the dimensions as well as the anionic electrostatic potential of the -1 

subsite, these GH29s hydrolyze desulfated fucose from the glycan backbone. 

LCC4_2_22, LCC4_2_169 and LCC4_1_2701 adopt a two domain-fold composing of a β-

sandwich domain consisting of 7-8 antiparallel β-strands packed in two β-sheets at the C-terminus 

and the N-terminal (β/α)8/6 TIM-barrel domain containing the active site. In contrast, LCC4_2_71 

is missing the C-terminal domain. Compared to other GH29 structures, 22_GH29 possess an 

additional loop at the very C-terminus consisting of 48 aa, which is stretching above the β-sandwich 

and facing towards the active site (Fig. S2A). Overall, the C-terminus is the most variable regions 

in GH29s (Fig. S2B) and often characterized by a putative CBM. About 51 % of the GH29s from 

‘Lentimonas’ sp. CC4 possess a C-terminal domain. Putative N- and/or C-terminal binding domains 

have been reported for GH29s (Summers et al. 2016; Dong et al. 2017), but their mechanistic motif 

remains unsolved. 

 

Novel catalytic residue in marine GH29s 

Previous studies reported the catalytical residues to be a highly conserved Asp and Glu as 

nucleophile and Bronsted acid/base (Sulzenbacher et al. 2004), respectively. In ‘Lentimonas’ sp. 

CC4, 20 out of 35 GH29s are characterized by a pair of aspartic acids as putative catalytic residues 

(Fig. 2). For instance, 22_GH29 possess Asp259 which is sterically conserved at the same position 

as the catalytic Glu from other GH29 structures. This residue is located one flexible loop facing 

towards the active site. In 22_GH29, the catalytic residues are 6.2 Å apart (Fig. 3). To verify both 

catalytic residues, we constructed mutants of 22_GH29. Compared to the wild type, both mutants 

have between 20-30% residual activity (Fig. S3), strongly suggesting that 259Asp is indeed a new 

catalytic Bronsted acid/base. The DNA base triplet of the 22_GH29 gene encoding the Asp259 is 

GAC and might have evolved by one-point mutation from GAA or GAG encoding Glu to GAC 

encoding Asp. This is the first study reporting the Bronsted acid/base to be an Asp instead of a Glu. 
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Fig. 2. Crystal structures of GH29s from ‘Lentimonas’ sp. CC4. Secondary structures are shown in cartoon 

representation from N- (blue) to C- (red) terminus. Magnesium ion is shown as grey sphere. 

 

 

Fig. 3. Insights into active site of marine GH29s. (A) LCC4_2_22_GH29 in complex with α-L-fucose 

(yellow). (B) Superimposition of active site residues of solved GH29s structures LCC4_2_22 (purple) and 

LCC4_2_169 (green). Active site residues are shown as sticks. Catalytic residues are highlighted with 

sequence position. 
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Conclusion  

Family GH29 is extensively studied investigating their role in the degradation of fucosylated 

glycans by the gut microbiota (Hobbs et al. 2019), whereas marine GH29s remain poorly studied. 

Nevertheless, together with the exo-acting family GH95, GH29s account to one of the most 

abundant CAZyme families in marine bacteria associated with algal degradation (Teeling et al. 

2012; Kim et al. 2016; Sichert et al. 2020). ‘Lenitmonas’ sp. CC4 encodes 35 GH29s, of which 15 

were biochemically characterized in the present study. We identified striking differences among 

GH29s regarding their substrate and linkage specificity, suggesting that these enzymes are involved 

in several enzymatic pathways specialized on the source of fucoidan. ‘Lenitmonas’ sp. CC4 possess 

GH29s, which exclusively hydrolyze α-1,2- or α-1,3-, whereas others are capable of cleaving both 

linkages as well as β-D-galactose. A similar mechanistic motif was also overserved for their 

putative neutral substrate. While some GH29s can only act one specific macroalgae species, others 

are capable of cleaving fucose from structurally different fucoidans. ‘Lentimonas’ sp. CC4 is a 

valuable resource for the discovery of enzymes with a high biochemical and biotechnological 

novelty. In particular, the GH29s which are characterized by the pair of aspartic acids as novel 

catalytic residues represent interesting candidates with potential undescribed substrate and linkage 

specificity. This underpins that ‘Lentimonas’ sp. CC4 can be further explored to get obtain new 

fucoidan active enzymes. 

 

Experimental procedure 

Materials 

All chemicals were purchased from Sigma Aldrich (Germany) if not stated otherwise. 

Production of recombinant plasmid and protein purification. Fucosidases of interested were 

cloned (Tab. S2), expressed and purified as previously described (Gerlach et al. 2020). In short, 

fucosidases were fused to a hexa polyhistidine tag at the N-terminus (Hochuli et al. 1988), 

neglecting the signal peptide (Nielsen 2017) and ligated into expression vector peT28a (69864, 

Merck Millipore). Protein expression was performed using E. coli BL21(DE3) (C2987I+C2527H, 

New England Biolabs) using either 1 mM IPTG induction in LB medium or autoinduction in ZYP 

medium (Studier 2005).  E. coli cells were harvested by centrifugation and chemically lysed. Protein 

purification was done via immobilized affinity metal chromatography (IMAC) using 5 ml Talon 

column (GE Healthcare) operated at Äkta start (GE Healthcare).   
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Enzyme characterization.  

Thermal stability 

To ensure that all following enzymatic assays were performed under suitable temperature 

conditions, the thermal stability was investigated by dynamic light scattering (DLS). Therefore, 

triplicates of 30 µl purified protein were sealed with oil and measured from 25 – 80 °C with 0.1° 

min-1 increase in a DynaPro plate reader-II (Wyatt Technology). 

State of oligomerization 

Analytical size exclusion chromatography (SEC) was performed to confirm the theoretical 

molecular weight and to determine the state of oligomerization. ~ 100 µl IMAC purified protein 

was loaded onto a high-resolution column ENrich™ SEC 650 10 x 300 (Bio Rad) operated at 

NGCTM Chromatography System (Bio Rad) at 1 mL min-1 flow rate of 20 mM Tris pH 8, 250 mM 

NaCl. The absorbance at 280 nm of ~100 L Gel Filtration Standard (1511901, Bio Rad) and 

protein sample was measured (Fig. S5). 

pH, temperature, NaCl and cofactor screening 

The biochemical characteristics of each fucosidase was determine photometrically at 405 nm in 

FLUOstar Omega microplate reader (BMG Labtech GmbH). 0.05 mg ml-1 enzyme was incubated 

for 15 or 30 minutes with 1 mM substrate at 30 °C. First, the effect of pH, followed by NaCl and 

divalent cations were determined in triplicates. The following chromogenic substrates were used: 

cNP-α-L-fucopyranoside (Carbosynth), pNP-β-L-fucopyranoside, pNP-β-D-fucopyranoside, pNP-

β-D-galactopyranoside and pNP-α-D- galactopyranoside. 

Substrate and linkage specificity via HPEAC-PAD 

Substrate and linkage specificity were analyzed via high-performance anion exchange 

chromatography with pulsed amperometric detection (HPAEC-PAD). The following substrates 

were tested: blood group H disaccharide (BGH, Carbosynth), blood group B tetraose type 5 (BGB, 

Elicityl), Lewisy tetraose (Ley, Elicityl), Lewisb tetraose (Leb, Elicityl), Lewisx triaose (Lex, 

Elicityl), Lewisa triaose (Lea, Carbosynth), 3-fucosyllactose (3-FL, Elicityl), reduced XFG 

xyloglucan (XFGol, Elicityl), 2‘-fucosyllactose (2’-FL, Carbosynth), as well as ion exchange 

chromatography-purified fucoidans (Sichert et al. 2020) from different macroalgal species: Fucus 

serratus (FS, Carbosynth), Fucus vesiculosus (FV, Carbosynth), Undaria pinnatifida (UP, 

Carbosynth), Macrocystis pyrifera (MP, Carbosynth), Ecklonia maxima (EM, Carbosynth), 

Sargassum fusiforme (SF, Carbosynth), Cladosiphon okamurans (CO, Carbosynth) Lessonia 

nigrescens (LN, Carbosynth), and Durvillaea potatorum (DP, Carbosynth). 
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1 mg ml-1 GH29 was incubated with 9 mg mL-1 substrate, 20 mM Na-cirtrate pH 5.7 1 mg ml-1 

BSA, 0.2 M NaCl at 30 °C and 250 rpm and the reaction was terminated at 99 °C for 10 min. 

HPAEC-PAD was carried out on a Dionex ICS5000+ system (Dionex) using a CarboPac™ PA10 

(2 mm x 250 mm, Dinoex) analytical column and a CarboPac™ PA10 (2 mm x 50 mm, Dinoex) 

guard column. Separation of neutral and acidic monomers was carried out using a previous 

described protocol (Engel and Händel 2011). In short, neutral monosaccharides were separated by 

a linear flow of 18 mM NaOH for 20 minutes, followed by a gradient of to 100 mM NaOH and 500 

mM NaAc for 15 minutes to elute acidic sugars. To quantify the released monosaccharides, we used 

an external standard mixture composed of fucose, rhamnose, galctosamine, arabinoase, 

glucosamine, galactose, glucose, mannose, xylose, muramic acid, galacturonic acid, glucuronic acid 

and mannuronic acid.  

Identification and mutagenesis of catalytic residues from 22_GH29 

The catalytic residues of family GH29 are highly conserved as Asp as nucleophile and Glu/Asp as 

Bronsted acid/base (Sulzenbacher et al. 2004) arranged in the TIM barrel domain of the enzyme. 

The nucleophile was identified via multiple sequence alignment using ESPript V3.0 (Robert and 

Gouet 2014), whereas the Bronsted acid/base can only be found via structural alignment, which 

was performed in PyMOL Version 2.0 (Schrödinger, LLC). 

The putative catalytic residues were identified via structural alignment as Asp210 and Asp259 with 

2wvs. Single-side directed mutagenesis of each catalytic residue into a Ala residue was performed 

according to Liu & Naismith (2008) using purified recombinant plasmid of 22_GH29 (Tab. S1). 

Mutated recombinant plasmids were verified by gel electrophoresis and Sanger-sequencing prior 

transformation into E. coli BL21(DE3). 

Protein crystallization and X-ray data collection 

Fucosidases were screen for suitable crystallization conditions using a crystallization robot 

(Phoenix, ARI) and the sitting-drop vapor diffusion approach. Conditions that showed crystallized 

protein were repeated and, optimized with slight modifications to the original recipe using hanging-

drop vapor diffusion at 16 °C. 24-well hanging drop crystal trials were set up containing 500 L 

mother liquor and three different dilutions (1:2, 2:1 and 1:1) of protein and crystallization solution 

with a total volume of 3 L. 

Protein crystals were soaked in 25-30 % glycerol in the mother liquor and flash-frozen to cryo-

temperatures using liquid nitrogen. 22_GH29 was soaked with substrate prior freezing. Data 

collection was done at the PETRAIII (Burkhardt et al. 2016) at the beam line P13 (Cianci et al. 

2017) from European Molecular Biology Laboratory (EMBL, Hamburg), beam line P11 (Meents 
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et al. 2013) from Deutsches Elektronen Synchrotron (DESY, Hamburg) and beam line MX from 

the Diamond Light Source. 

Structure determination 

Structures were solved by molecular replacement using the following software packages in CCP4i2 

(Winn et al. 2011) and CCP4 Cloud (Krissinel et al. 2018): iMOSFLM (Battye et al. 2011), DIALS 

(Winter et al. 2018), AIMLESS (Evans 2011), MrBUMP (Keegan and Winn 2007), and PHASER 

(McCoy et al. 2007). The structural homologues were identified by protein blast in NCBI using 

PDB data base (Berman 2000). The models were built using AUTOBUILD and REFINE in the 

Phenix crystallography suite (Adams et al. 2010) as well as BUCCANER (Cowtan 2006), PARROT 

(Cowtan 2010), and CCP4build (Winn et al. 2011). Refinement was done based on a Maximum 

Likelihood method using REFMAC V5.5 (Murshudov et al. 1997) and COOT V0.8.7.1 (Emsley et 

al. 2010) for manual finalization. Data processing and statistics are shown in Table S3. The degree 

of conserved residues was determined using ConSurf (Glaser et al. 2003) and DALI (Holm and 

Elofsson 2019). 

 

Data availability 

Refined crystal structure coordinates and experimental structure factors are available at the Protein 

Data Bank. 
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Discussion and future perspectives 

The overall goal of this dissertation was to gain molecular insights into the utilization of anionic 

polysaccharides by marine heterotrophic bacteria. This work combines biochemical 

characterization with structural biology to shed light on the mechanistic motif of ulvan- and 

fucoidan-degrading enzymes.  

 

X-ray crystallography as a powerful tool for glycobiochemistry 

Structural biology explores the structure of macromolecules such as proteins or nucleic acids. This 

research field requires the combination of molecular biology, biochemistry and biophysics to 

enhance our understanding of the function and interaction of molecules. In the last three decades, 

technical innovations have led to an explosion of structure determinations in the PDB (PDB 

Statistics). X-ray crystallography is the most commonly used approach to study the 3D structure of 

proteins and to gain insights into their function on a molecular level (PDB Statistics). The 

fundamental step of this technique is at the same time often the bottleneck – generating highly 

diffracting protein crystals. Protein crystallization is a complex, multiparametric process, which can 

be very challenging and time-consuming (Smyth 2000; Chayen and Saridakis 2008). Progress in 

experimental procedures range from protein purification (Magnusdottir et al. 2009) to the usage of 

novel phasing and nucleation agents (Engilberge et al. 2017; Engilberge et al. 2018; Engilberge et 

al. 2019), streaking and seeding techniques (Stura and Wilson 1991; Bergfors 2003; Stewart et al. 

2011) and in vivo crystallization (Koopmann et al. 2012; Gati et al. 2014). 

 In chapter 1, the enzymatic pathway to degrade the cell wall polysaccharide ulvan of green 

seaweed has been elucidated. The collaboration of biochemistry, proteomic and transcriptomic 

approaches in combination with structural biology revealed detailed and novel insights into ulvan 

utilization. The enzymatic machinery from Formosa agariphila KMM3901T consists of seven 

glycoside hydrolases, three sulfatases, and two polysaccharide lyases that sequentially break down 

ulvan into fermentable monosaccharides (Reisky 2019). The structures of three of the 12 enzymes 

was solved including an endo-acting GH39 with a novel activity towards α-1,4-L-rhamnose (Fig. 

8), an exo-acting β-glucuronidase of family GH2, and an arylsulfatase of subfamily S1_8, which 

removes the sulfate group of an ulvan disaccharide. However, the structure of key enzymes from 

the pathway still remains unsolved. 

I focused on the two ulvan lyases, that initiate the hydrolytic process (Reisky et al. 2019). 

Even though both lyases crystallized and diffraction data was collected, it was not possible to solve 

the structures. A combination of several factors impeded structure determination. (i) Crystallization 
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conditions: In order to find suitable crystallization conditions, multiple protein concentrations are 

screened against a large variety of crystallization solutions, resulting in hundreds of possible 

combinations (Chayen and Saridakis 2008). Both enzymes did crystallize in a variety of conditions, 

but only two to three yielded moderate diffraction after several, time-consuming optimization steps 

(Fig. S1), while the quality of the diffraction data remained moderate. Poorly crystallizing or 

flexible regions can be removed by protein engineering, i.e. truncation of the enzyme, to improve 

protein expression and/or diffraction (Collins et al. 2018). For ulvan lyase P30_PL28, the full 

construct without the N-terminal signal peptide resulted into weak expression, whereas the 

truncated version also missing the C-terminal signal peptide for the type IX secretion system (T9SS) 

showed high expression (Reisky et al. 2018). To obtain better diffracting crystals, PL28 was further 

truncated to its catalytic domain only. Removing its C-terminal binding domain resulted in weak 

expression that was not suitable for protein crystallization. In addition, I attempted different 

techniques (i.e. hanging drop and sitting drop vapor diffusion vs. microbatch method), (streak) 

seeding, co-crystallization with ulvan as well as additives and nucleation agents to improve the 

crystallization process and consequently, the resolution. Finally, I was able to collect medium 

resolution data sets at 2.2 – 3 Å for both enzymes. (ii) Structure determination: The 3D structure of 

enzymes can be solved using different approaches. If the structure of a distant relative is known, 

molecular replacement is the most suitable technique. As a rule of thumb, a successful structural 

homologue covers ~ 50 % of the target enzymes, which should diffract to ≤ 2 Å. The amino acid 

sequence identity between both enzymes determines the lower limit for molecular replacement and 

should be > 25-30 % (Chothial and Lesk 1986; Abergel 2013; Brito and Archer 2020). However, 

sequence identity is only an indication. Structures have been solved via molecular replacement with 

sequence identity of less than 20 % (Simpkin et al. 2019), whereas in other cases much higher 

values remained much more challenging. P30_PL28 shares 66 % sequence identity with its closest 

structural homologue, whereas there is no such homologue for P10_PLnc. Therefore, the second 

approach of experimental phasing was pursued. I performed selenomethionine incorporation, co-

crystallization and soaking with heavy metals and lanthanides, but regardless of the technique used 

to determine the structure, the (iii) data quality is the decisive factor. The quality of a crystal is 

impacted during the freezing process, throughout data collection in form of radiation damage 

(Pflugrath 2015) and by its crystallization conditions. All of this results in a variety of challenging 

protein specimen regardless of the resolution. Such factors include intrinsic disorder, data 

pathologies (e.g. anisotropy, twinning, translational non-crystallographic symmetry (tNCS)), high 

non-crystallographic symmetry (NCS), alerted confirmations of target and model protein, etc. In 

conclusion, the challenges associated with both lyases impaired determination of their structures 

and reflect challenging cases for macromolecular crystallography.  
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Another riveting case is the endo-acting α-1,4-L-rhamnosidase. P31_GH39 crystallized in 

a variety of conditions, but the obtained crystals were clustered and too small for macromolecular 

crystallography, regardless of the protein concentration or the ratio of protein and crystallization 

condition. Only one condition resulted into big, hexagonal crystals (Fig. S1) diffracting to ~ 2 Å. 

However, the growth of these crystals took roughly one year, demonstrating the uncertainty of 

success in protein crystallization. Eventually, the structure of the P31_GH39 was solved. This is 

the first structure of a GH39 with an endo-acting α-1,4-L-rhamnosidase activity. So far, family 

GH39 has only been described as β-xylosidases (EC 3.2.1.37), β-galactosidases (EC 3.2.1.23), β-

glucosidases (EC 3.2.1.21), α-L-arabinofuranosidase (EC 3.2.1.55) and α-L-iduronidase (EC 

3.2.1.76) (Lombard et al. 2014a). 

P31_GH39 consists of a β-sandwich domain at the C-terminus and a N-terminal TIM-barrel domain 

harboring the active site (Fig. 8A). Comparable to the other ulvan-utilizing enzymes from F. 

agariphila (Reisky et al. 2019), P31_GH39 is characterized by a cationic active site (Fig. 8B+D), 

reflecting the interaction of the enzymes with anionic substrates. The overall fold of GH39s can be 

also found in other CAZymes such as fucosidases of family GH29 (Lombard et al. 2014a). In both 

enzyme families, the acid/base of the catalytic pair can be found by multisequence alignment, 

whereas the nucleophile can only be found by structural alignment, again underlining the 

importance of structural biology. Families GH29 and GH39 are retaining enzymes, whose catalytic 

residues are typically ~ 5.5 Å apart (McCarter and Stephen Withers 1994). In P31_GH39, this 

distance is only 3.8 Å (Fig. 8C). For a detailed understanding of the endo-acting α-L-rhamnosidase 

activity of P31_GH39, enzyme-substrate complexes are needed. Holo-structures do not only clarify 

the catalytic mechanism, but also resolve the mechanistic motifs of the C-terminally β-sandwich 

domain. Bioinformatic analyses identified this domain as putative carbohydrate-binding module 

(CBM) of families CBM32 and CBM35 as well as CBM9, CBM13 and CBM35 for families GH29 

(Abbott et al. 2007; Dong et al. 2017) and GH39 (Yu et al. 2015), respectively. Many GHs are 

multimodular enzymes, which often possess surface binding sites (SBS) located close to the 

catalytic domain with a certain distance to the active site or CBMs, which are auxiliary binding 

sites in addition to the catalytic domain. For many CAZyme families, such putative carbohydrate-

binding domains are reported to be involved in substrate recognition or binding, but they are not 

well studied yet (Cuyvers et al. 2012; Ficko-Blean and Boraston 2012; Cockburn et al. 2014). To 

date, no biochemical or structural study elucidated the mechanistic motif of putative CBMs for 

neither family GH29 nor GH39. Presumably, this domain is involved in substrate recognition or 

binding (Yu et al. 2015).  

Even though the tertiary structure of families GH29 and GH39 has already been described (Yang 

et al. 2004; Ramos Santos et al. 2012; Maita et al. 2013; Yu et al. 2015; Ali-Ahmad et al. 2017; 

Jones et al. 2017), each additional structure points out structural differences and enhances our 
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knowledge and thus improves the accuracy and reliability of other tools predicting substrate binding 

and protein-protein interaction (Laskowski et al. 2018; Holm and Elofsson 2019) or building 

models (Guex et al. 2009; Kelley et al. 2015).  

 

 

Figure 8. Structure of 31_GH39 with novel endo α-1,4-L-rhamnosidase activity. (A) Cartoon 

representation of 31_GH39. Degree of conservation is shown as colour score. (B, D) Surface view identifies 

highly cationic (blue) active site. (C) Catalytic residues Glu199 and Glu307 (blue) identified by structural 

alignment with GH39 β-D-xylosidase (PDB:1PX8, magenta) from T. saccharolyticum B6A-RI in complex 

with β-D-xylopyranose (green). 

 

Unpuzzling fucoidan degradation by ‘Lentimonas’ sp. CC4 

‘Lentimonas’ sp. CC4 is an extraordinary glycan degrader, specialized on the sulfated algal 

polysaccharides carrageenan and fucoidan. Fucoidan utilization by this isolate is almost exclusively 

coordinated on a 0.89 mbp plasmid harboring 113 sulfatases, 100 glycoside hydrolases and 17 

carbohydrate esterases. These putative fucoidan-degrading enzymes are individually upregulated 
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depending on the type and source of fucoidan. The regulation of these enzymes in several operons 

as well as its ability to utilize several fucoidans at different rates (Sichert et al. 2020) are strong 

indicators for the existence of several fucoidan-utilizing pathways. The complete enzymatic 

pathway to catabolize fucoidan has not been elucidated for any organisms yet. In order to unpuzzle 

fucoidan utilization by ‘Lentimonas’ sp. CC4, I propose three possible strategies for future studies. 

(i) In-depth characterization of specific CAZyme families: The genomes of the fucoidan-

degrading bacteria ‘Lentimonas’ sp. CC4 and Kritimatiellales sp. F21 are highly enriched in the 

families GH29, GH95, GH141, S1_15, S1_16, S1_17, S1_25 and CE7, suggesting that these 

families are crucial for the degradation process (van Vliet et al. 2019; Sichert et al. 2020). Thus, 

focusing on these families is a valuable starting point to elucidate fucoidan degradation. 

The present work focused on exo-acting enzymes, which have been shown to initiate the 

degradation of fucosylated glycans in the human gut microbiome (Hobbs et al. 2019). ‘Lentimonas’ 

sp. CC4 possess 50 homologues of fucosidases of the families GH29 and GH95 alone (Sichert et 

al. 2020). In chapter 2, the substrate specificity of 15 GH29s and one GH95 towards nine macroalgal 

fucoidans was determined. Based on the biochemical characterization, I hypothesize that GH95s 

mainly cleave α-1,2-linked fucose, whereas GH29s target α-1,3 and α-1,4 linkages in fucoidans. 

However, their ability to act on fucoidan is limited. Single exo-acting enzymes were only capable 

of removing less than one percent of the total ~ 20 – 50 % fucose content available in macroalgal 

fucoidans (Fitton et al. 2015; Sichert et al. 2020). Exo-acting GH29s and GH95s can only be active 

on accessible fucose either located at the terminus of the glycan backbone or attached to it as 

branches. Decorated fucose with regards to sulfation or acetylation is not accessible for these 

enzymes and requires enzymatic partners such as esterases or sulfatases (Berteau et al. 2002) to act 

first. Fucoidan-degraders such as Rhodopirellula baltica SWK7, Lentisphaera araneosa 

HTCC2155T and Kiritimatiellales F1 encode between 200 and more than 500 sulfatases (Thrash et 

al. 2010; Wegner et al. 2013; van Vliet et al. 2019). Previous studies showed, that S1_17 cleaves 

Fuc3S, whereas family S1_25 acts on Fuc2S (Silchenko et al. 2018). Subfamilies S1_16 and S1_15 

might be specialized on other linkages and thus, increase the overall yield of desulfation similar to 

fucosidases of families GH29 and GH95. The substrate and/or linkage specificity of GHs and 

sulfatases is a result of the active site architecture (Davies et al. 1997; Hettle et al. 2018). For 

example, the human blood oligosaccharides LewisA and LewisX both consist of fucose, glucose and 

galactose. Therefore, they are widely used as substrates to test activity of fucosidases and 

galactosidases. In LewisX, fucose is linked via an α-1,3-linkage to glucose, whereas LewisA exhibits 

an α-1,4-linkage at this position. Several studies reported linkage specificities not only between the 

families GH29 and GH95, but also within these families (Katayama et al. 2004; Ashida et al. 2009; 

Hobbs et al. 2019). 
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Bacteria encoding several families with the same activity (e.g. fucosidases) plus having many 

homologues of the same family with complementary linkage specificities enables organisms to 

exploit a wide range of glycans (Hobbs et al. 2019). As fucoidans form a versatile glass of glycans, 

a similar scenario is possible for fucoidan-degraders targeting structurally different FCSPs. Not 

many bacteria possess the enzymatic repertoire to utilize fucoidans. It appears that these bacteria 

adapted to a complex ecological niche presumably to limit or even avoid interspecies competition 

for carbon sources. However, enzymatic pathways to utilize complex glycans is cost intensive. For 

instance, Bacteriodetes and Proteobacteria specialized on sulfated mannan-, xylose- or fucose-

containing polysaccharides possess PULs which harbor more enzyme families and homologue of 

the same families compared to simpler glycans such α- and β-glucans or alginate. Consequently, 

this results into larger genome sizes and higher energy demands (Krüger et al. 2019; Kappelmann 

et al. 2019). Such substrate-specialized niche partitioning is not only foung among species but also 

within species such as Alteromonas (Ivars-Martínez et al. 2008; Ivars-Martinez et al. 2008), 

Polaribacter (Avcı et al. 2020) and Vibrio (Hehemann et al. 2016; Corzett et al. 2018). 

Eventually, the combination of several exo-acting enzymes such as esterases, fucosidases and 

sulfatases leads to the de-branching and un-decoration of fucoidans. Thereby, the unbranched 

polymer is accessible for other enzymes such as endo-acting enzymes of family GH107 producing 

fucoidan-oligosaccharides.  

(ii) Identification of endo-fucosidases: Focusing on endo-acting enzymes that initiate the 

glycan degradation might serve an alternative to the exo-strategy. For example, in Formosa 

agariphila KMM3901T, the catabolism of the anionic polysaccharide ulvan is encoded in a PUL of 

39 enzymes (Mann et al. 2013), of which 12 CAZymes and sulfatases sequentially degrade the 

glycan into fermentable monosaccharides (Reisky 2019). In spite of branches and sulfation, the 

utilization process is initiated by three endo-acting CAZymes, including two polysaccharide lyases 

and a glycoside hydrolase of family GH39. These enzymes generate similar, yet structurally 

different oligosaccharides, which are the starting point of an enzymatic cascade of substrate specific 

endo- and exo-acting proteins (Reisky et al. 2019). A similar enzyme cascade may be possible for 

fucoidan catabolism. 

‘Lentimonas’ sp. CC4 possess four GH107s, which are co-located (Fig. 8A) together with other 

fucoidan-degrading CAZyme families and sulfatases (Sichert et al. 2020). Via heterologous gene 

expression, I produced these four GH107s together with four hypothetical enzymes sharing certain 

sequence similarities. I investigated various expression system (IPTG vs. auto-induction and codon 

optimized vs. non-optimized enzymes in the expression strains E.coli BL21, Rosetta, Shuffle and 

Lemo21) and found insoluble expression in form of inclusion bodies. For none of the eight putative 

endo-fucoidanases any of the tested expression conditions yielded significant amounts of active 
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enzyme. Similar observations were also reported for GH107 FFA2 from F. algae (Silchenko et al. 

2016). These results might be explained by the multimodular domain architecture of family GH107. 

Family GH107 consists of an N-terminal secretion signal, the catalytic domain and different 

immunoglobulin (Ig)-like domains. Some members have additional C-terminal PorSS signals and 

polycystic kidney disease (PKD) domains (Vickers et al. 2018; Schultz‐Johansen et al. 2018). So 

far, this complex domain architecture has been barely investigated. Some studies report that 

heterologous gene expression was successful or enhanced by truncated versions without other 

domains than the catalytic domain (Vickers et al. 2018; Schultz‐Johansen et al. 2018). Hence, future 

studies focusing on endo-fucoidanases from ‘Lentimonas’ sp. CC4 should start by investigating the 

impact of different enzyme boundaries on protein expression first.  

Alternatively, native purification or gene knockout might be successful ways to investigate in vivo, 

which enzymes are crucial to initiate fucoidan degradation. Native purification from marine bacteria 

and invertebrates identified several endo-fucoidanases (Silchenko et al. 2013; Silchenko et al. 2014; 

Kim et al. 2015) as well as a fucoidan-esterase (Nagao et al. 2017), whereas single and double 

mutants of Zobellia galactanivorans helped to reveal the complete utilization system of carrageenan 

(Ficko-Blean et al. 2017), glycosaminoglycans (Ndeh et al. 2020) and RG-II/pectin (Ndeh et al. 

2017). 

 

Figure 9. Fucoidan-utilizing gene clusters from ‘Lentimonas’ sp. CC4. (A) Putative endo-acting 

fucoidanases of family GH107. (B) Two fucoidan-operons of chapter 2.1 (left) and 2.2 (right). Glycoside 

hydrolases are shown in blue, sulfatases in green and carbohydrate esterases in grey. Operons characterized 

by (A) endo-acting and (B) exo-acting fucoidanases. 

 

(iii) Focus on fucoidan operons: The structural complexity of fucoidans and the 

theoretically high number of putative fucoidan-degrading enzymes is at the same time fascinating 

and exciting but also challenging and overwhelming. If I could start the fucoidan project all over 

again, but with the knowledge about ‘Lentimonas’ sp. CC4 that we have now, I suggest focusing 

on single operons. In my opinion, the most promising approach to unravel fucoidan degradation by 

this isolate is by choosing one source of fucoidan, which upregulates CAZymes and sulfatases in 
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an operon-like cluster. Even if these synergistic enzymes would not lead to the complete 

degradation, they might produce defined oligosaccharides that could be further used in biochemical 

and structural experiments to investigate the mechanistic motif of other enzymes. The two operons 

harboring 21_S1_15 and 22_GH29 as well as 30_GH95 from chapters 2.1. and 2.2 appear as 

promising candidates (Fig. 9B). These regions stand out by encoding putative exo-acting fucoidan-

degrading enzymes of various CAZyme and sulfatase families. In chapter 1, fucosidase activity was 

observed for 22_GH29 and 30_GH95 with a pronounced substrate specificity for macroalgal 

species. Promising candidates in these operons include families S1_8, GH97, GH117 and GH141. 

To date, all four enzyme families contain a high number of identified members of which only few 

have been biochemically and structurally characterized. For instance, families GH97 and GH141 

have 2033 and 424 entries in the CAZy database of which only eight and two enzymes have been 

characterized, respectively. Families GH97 and GH117 are α-galactosidases and α-glucosidases 

(Lombard et al. 2014a), and galactose is an abundant monosaccharide in certain fucoidans (Tab. 1). 

For instance, fucoidans from S. fusiforme contains α-1,3/4/6-linked galactose (Hu et al. 2014; Hu 

et al. 2016), whereas U. pinnatifida possess β-1,3/4/6- linked galactose (Lee et al. 2004). Fucoidan-

degrading bacteria like ‘Lentimonas’ sp. CC4 possess a high number of enzymes from family 

GH141 (Sichert et al. 2020), which are endo-acting xylanases (Heinze et al. 2017) and α-L-

fucosidases with an unknown mechanism (Ndeh et al. 2017). Endo-acting galactosidases or 

xylanases such as family GH141 are alternative candidates to endo-acting family GH107, which 

might act on galacto- and xylofucans found in U. pinnatifida (Lee et al. 2004; Hemmingson et al. 

2006; Skriptsova et al. 2010; Synytsya et al. 2010; Zhao et al. 2018) and P. plantagenia (Bilan et 

al. 2014). P32_S1_8 from Formosa agariphila KMM3901T is an exo-acting xylose 2-sulfate 

sulfatase (Reisky et al. 2019). Even though sulfated xylose has not been reported for fucoidans yet, 

subfamily S1_8 remains an interesting candidate. 

  

To conclude, all the presented strategies have potential to resolve fucoidan catabolism in 

‘Lentimonas’ sp. CC4. The most promising approach might be a research team working on multiple 

strategies to generate an enzyme cocktail that can degrade fucoidan into fermentable 

monosaccharides.  
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Classification of glycoside hydrolase subfamilies 

Fucoidan-degrading bacteria enriched in specialized CAZyme and sulfatase families are not only a 

clear indication that these enzymes play an important role in fucoidan degradation, but also raise 

the question why so many homologues of the same families are needed. The structural diversity of 

fucoidans and the substrate specificities of known fucoidan-degrading enzymes suggest that 

bacteria perform an individual multistep pathway adapted to the type and source of fucoidan 

(Sichert et al. 2020). 

In chapter 2, exo-acting fucosidases of families GH29 and GH95 were biochemically and 

structurally characterized to gain insights into fucoidan degradation by Lentimonas sp. CC4. Even 

though both families have been proposed as important CAZymes involved in the utilization of 

macroalgal polysaccharides by heterotrophic bacteria (Teeling et al. 2012; Kappelmann et al. 2019), 

I demonstrated the fucoidan-degrading capacity of family GH95 for the first time. Moreover, the 

comparative approach of 15 GH29s provides advanced knowledge on substrate and linkage 

specificity for marine members. The data adds to the knowledge that the diversity of CAZyme and 

sulfatase families cannot only be explained by their sequence identity (Lombard et al. 2014a; 

Barbeyron et al. 2016a), but also reflects other aspects of their function and role in their respective 

environment. For instance, alginate lyases of family PL7 are divided into six subfamilies, which 

partially reflect their substrate specificity as well as the habitat they originate from (Thomas et al. 

2013). In contrast, sulfatases have been only classified into subfamilies of S1 based on substrate 

specificity (Barbeyron et al. 2016a). GHs have been extensively studied and further grouped into 

clans, reflecting the tertiary structure (Lombard et al. 2014a), or into subfamilies based on sequence 

ident and similar substrate specificities. However, the number of families which have been studied 

in detail is low when compared to the total number of families and members known. Out of the 163 

GH families known to date, only the families GH5, GH13, GH16, GH30, GH43 and GH128 are 

further classified into subfamilies (Andrews et al. 2000; Stam et al. 2006; St John et al. 2010; 

Aspeborg et al. 2012; Mewis et al. 2016; Viborg et al. 2019).  

To date, fucoidan-utilizing CAZymes of families GH29 and GH95 have not been classified into 

subfamilies (Lombard et al. 2014a). Previous studies proposed two subfamilies for family GH29 

based on substrate specificity and phylogenetic clustering. The proposed subfamily A is active on 

4-nitrophenyl-α-L-fucopyranoside (pNP-α-L-Fuc), whereas the proposed subfamily B hydrolyzes 

the α-L-1,3/4-fucosidic bond but not pNP (Ashida et al. 2009; Sakurama et al. 2012a; Sakurama et 

al. 2012b). This classification however has not been implemented in the CAZy database yet 

(Lombard et al. 2014a). The biochemical and structural characterization of marine GH29s in chapter 

2.3. may provide a first step for the classification of GH29s. 
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In contrast to family GH29, GH95s even are less studied. To date, there are only ten entries in the 

CAZy data base of which two also contain structural details. Family GH95 is characterized by a 

similar substrate specificity to families GH29 or GH27 but adopts an overall fold as a (α/α)6-helical 

barrel fold shared with those others of the GH-L clan (GH15, GH65 and GH125), and the β-linkage-

cleaving mode of GH94. The active site is highly conserved, consisting of glutamic acid (E) and 

asparagine (N) as acid / base pair (Nagae et al. 2007). So far, GH95s were either described as α-L-

fucosidases or -galactosidases (Rogowski et al. 2015; Hobbs et al. 2019). In chapter 2.2., I showed 

novel biochemical and structural features of 30_GH95 which have not been reported for this family 

yet. 30_GH95 possess a dual activity towards 1,2/3-linked fucose and β-D-galactose. It has been 

proposed that the so-called H/T polymorphism of the active site determines the substrate specificity 

of GH95s (Rogowski et al. 2015). 30_GH95 is the first described member of the family who 

deviates from the highly conserved active site architecture: L-W-H/T-N-N-E-R-H-W-H-D. It is 

characterized by a histidine besides its dual activity and the first aspartic acid residue, which 

orientates the side chain of the catalytic acid (Nagae et al. 2007), is replaced by an asparagine. 

Based on these two novel structural features, I extended the sequence analysis of GH95s including 

all homologues from ‘Lentimonas’ sp. CC4. The preliminary analysis of 85 sequences resulted in a 

revised active site residue architecture: X-X-X-N/D-N-D/E-R-H-Y/W-X-D/E, of which X 

represents amino acids with more than two alternative residues. I propose that the orientation of the 

side chain of the acid and the activation of the base are not exclusively carried out by a D and N, 

respectively. In 6 and 54 % of the sequences, these residues are exchanged by E and D, respectively. 

The catalytic pair of N and E are highly conserved among GH95s. Only one GH95 from the agar-

degrading, marine Gammaproteobacterium Gayadomonas joobiniege possess an aspartic acid at the 

position of the catalytic acid. The amino acid which determines the previously proposed H/T 

polymorphism is, together with the second histidine, the most versatile residue in the active site. In 

about 80 % of both positions a histidine is found, followed by ~ 10 % threonine and glycine, 

respectively, as well as other polar and hydrophobic amino acids (W, M, G, L and R, S, Y, T). 

The preliminary phylogenetic analyses revealed that GH95s fall in several clades and can be further 

distinguished into two subgroups (Fig. 10). Subgroup A contains only marine bacteria from the 

superphylum PVC and the phylum Bacteroidetes which possess an extended loop linking the (α/α)6-

helical barrel harboring the active site with the C-terminal β-sandwich domain. In addition, they are 

characterized by a histidine for the H/T polymorphism and the residue which orientates the side 

chain of the catalytic acid is an D. In contrast, subgroup B possess a H, T or other another residue 

for the H/T polymorphism and is characterized by an N instead of a D. GH95s belonging to 

subgroup B originate from marine and terrestrial bacteria, fungi and eukaryote and are missing the 

linker. GH95s from ‘Lentimonas’ sp. CC4 belonging to clades 11, 12 and 13 are interesting cases 

as they are the only members which are not characterized by a H or T but M, W, L and G instead. 



Discussion, future perspectives, conclusion 
 

- 117 - 

This structural feature together with our biochemical analyses of 30_GH95 in chapter 2.2. suggest 

that the H/T polymorphism does not determine the substrate specificity but is presumably involved 

in substrate binding and/or recognition. Moreover, clade 13 is the only clade which possess an E 

instead of a D, which activates the catalytic base, and both tryptophans are replaced by Y, A or F. 

In conclusion, the in-depth characterization of families GH29 and GH95 is the basis to divide these 

families into subfamilies. Investigating special cases such as clade 13 from family GH95 might 

reveal novel functions. 

 

 

Figure 10. GH95s cluster into clades. (A) The unrooted phylogenetic tree is based on a CLUSTALW 

alignment  and the maximum likelihood approach using the WAG model (Whelan and Goldman 2001) 

constructed in MEGA V7 (Kumar et al. 2016). A discrete Gamma distribution was used to model evolutionary 

rate differences among sites (5 categories (+G, parameter = 1,1994)). The rate variation model allowed for 

some sites to be evolutionarily invariable ([+I], 0,21% sites). The tree is drawn to scale, with branch lengths 

measured in the number of substitutions per site. Marine isolates are indicated by a blue branch. The activity 

of the enzymes: fucosidase (●), galactosidase (▲), no activity against pNP (star), pNP activity against fucose 

(○) and galactose (∆). (B) Cartoon representation of model 30_GH95 from ‘Lentimonas’ sp. CC4: super 

sandwich at N-terminus (blue) and loop (turquois, amino acid ~ 707 – 746) connecting the (α/α)6-helical 
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barrel harboring the active site (grey) with the C-terminal β-sandwich domain (red). The model was generated 

by Phyre2 (Kelley et al. 2015). Confidence in the model: 769 residues (94 % coverage) modelled at > 90 % 

accuracy. (C) Multiple sequence alignment: Conserved resides at 90 % level or higher are indicated with a 

black background. 

 

Quantification of anionic polysaccharides in the oceans 

Anionic polysaccharides have been detected in DOC and POC from various water depths all over 

the world as well as in in situ cultures of e.g. single algal species or mesocosms experiments 

(Verdugo et al. 2004; Hirokawa et al. 2005; Thornton 2009; Underwood et al. 2010). The most 

commonly used detection method is staining using alcian blue (Alldredge et al. 1993) or ruthenium 

red (Mitulla et al. 2016), which bind to negatively charged polysaccharides. Alternatively, the 

content of sulfate and uronic acids (Li et al. 2007a; Lee et al. 2016) as well as the ability to bind 

cations (De Jong et al. 1976) can be considered as proxies for anionic polysaccharides. These 

methods do not distinguish between individual polysaccharides and thus, cannot be used as 

analytical techniques to determine the amount of specific anionic polysaccharides in marine 

samples. In contrast, enzyme-based approaches are structure-specific and allow quantification of 

individual polysaccharides within marine organic matter samples (Becker et al. 2017; Scheschonk 

et al. 2019; Becker et al. 2020). To be able to use the enzymatic approach, the complete degradation 

pathway of the particular glycan needs to be solved. Anionic polysaccharides like fucoidans and 

ulvan are complex glycans characterized by a high structural and compositional variety. Their 

complete degradation by heterotrophic bacteria is either not completely elucidated yet, as it is the 

case for fucoidans, or requires a multistep enzymatic hydrolysis as it is the case for ulvan utilization 

(Reisky et al. 2019). An ideal anionic model glycan must be simpler in its structure and degradation 

pathway. Alginate originated from brown macroalgae is a promising candidate to start developing 

an enzymatic assay for the quantification of anionic polysaccharides in the ocean. 

Alteromonas macleodii is a globally distributed Gammaproteobacterium (Ivars-Martinez et al. 

2008), which reaches high abundance in bacterial blooms when organic nutrients are present (Allers 

et al. 2008; McCarren et al. 2010). Its hydrolytic capacity to degrade easily accessible substrates 

such as glucose (Allers et al. 2007) and laminarin, complex glycans like alginate and pectin 

(Neumann et al. 2015; Wietz et al. 2015; Koch et al. 2019a) as well as gel particles (Mitulla et al. 

2016), makes it an attractive model organism for alginate degradation. The alginolytic utilization 

system (AUS) in A. macleodii is highly conserved among several strains. AUSs are similar 

organized to PULs in Bacteroidetes species but missing the characteristic SusCD pair. The model 

strain A. macleodii 83-1 possesses an AUS located on a 24 kp genomic island, which harbors among 

other enzymes five alginate lyases (Aly) of families PL6, PL7, and PL17 (Neumann et al. 2015). 
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Each Aly family was produced as recombinant plasmid and biochemical characterized (Fig. S2). 

The biochemical characterization is crucial to develop the enzymatic kit with maximum robustness, 

efficiency and accuracy. Since alginate is a heteroglycan consisting of β-D-mannuronate (M) and 

α-L-guluronate (G), the substrate specificity of each Aly was determined using self-made 

oligosaccharides enriched in M-, G- or mixed linked MG-resides (Haug et al. 1966). The Alys of 

families PL6, PL7, and PL17 were active on all tested substrates, but exhibited specificity towards 

G-enriched alginate (Fig. S3). 

Next, different types and sources of alginate were used including bacterial alginate derived 

from Azotobacter vinelandii, alginate particles, DOM samples from a mesocosm microalgae bloom 

in Bergen, Norway and POM samples extracted from anoxic sediment core from the Shaban Deep, 

Red Sea. The Alys were incubated with bacterial alginate, alginate particles and OM-samples and 

analyzed via HPEAC-PAD (Ballance et al. 2005), light microscopy and carbohydrate microarrays 

(Vidal-Melgosa et al. 2015), respectively. Our preliminary experiments showed that these enzymes 

are not only active on dissolved alginate but also capable of degrading alginate gel particles (Fig. 

S4), whereas no activity was detected using bacterial alginate or for DOM and POM samples (data 

not shown). The absence of activity towards bacterial alginate indicates the need of enzymatic or 

chemical deacetylation prior to hydrolysis. 

The carbohydrate microarray analysis of the POM and DOM samples showed a positive 

signal for the monoclonal antibody BAM7, which recognizes MG-regions of alginate (Torode et al. 

2016), revealing the presence of this polymer in the sample. The enzyme treatment of the 

carbohydrate arrays should abolish or diminish the BAM7 binding to the sample. However, BAM7 

binding remained for the enzyme treatment. These results were surprising and raised the question 

which exact regions of the carbohydrate are recognized by BAM7. It is likely, that the regions of 

an acetylated alginate backbone are recognized by the monoclonal antibody BAM7 resulting in a 

positive signal, while Alys would not be able to degrade the same structure. Alginate detected in 

sediment samples might not have an algal-derived origin but could be the result of bacterial biofilm 

production similar to alginate-producing pathogens associated with lung diseases (Sabra et al. 

2001). Nevertheless, this hypothesis requires additional experimental data. 

To further validate our alginate enzyme kit, the yield of the enzymatic kit was compared 

with the classic approach of acid hydrolysis and subsequent reducing sugar assay. Samples with 

high content of uronic acids such as alginate require a harsh hydrolysis (Manns et al. 2014). 

However, the exact hydrolysis conditions must be controlled carefully, because too harsh condition 

easily degrade monosaccharides, whereas too mild lead to low hydrolysis yields (Panagiotopoulos 

and Sempéré 2005). Previous studies, focusing exclusively on alginates, observed unequal rates of 

release of M and G (Lu et al. 2015). I compared mild (1 h at 100 °C) and harsh (24 h at 100 °C) 
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acid hydrolysis using two different acids (HCl vs. TFA). Quantification using the reducing sugar 

assay PAHBAH showed that the harsh acid hydrolysis resulted in higher concentration of alginate 

than the initial concentration, suggesting the degradation of the monosaccharides. These results are 

in line with previous experiments showing that 1 h at 100 °C is sufficient for pure alginate (Lu et 

al. 2015). The mild acid hydrolysis with both acids as well as the enzymatic digestion using all 

three Alys resulted in near complete hydrolysis (Fig. 11). 

In conclusion, our preliminary experiments indicate that the enzymatic kit will result in an accurate 

quantification of alginate as a near complete hydrolysis is achieved even with three guluronate-

specific Alys. The enzyme-based method has the potential to distinguish between different sources 

of alginates (i.e. macroalgal and bacterial), which is not possible with other methods so far. 

Moreover, this kit would allow specific quantification of macroalgal alginate in environment 

samples containing complex organic matter mixtures, which remains challenging with currently 

used approaches which cannot trace individual glycans without prior purification. For future 

experiments I suggest investigating the time of incubation needed, as for this study, we only 

analyzed overnight digestion of alginates. Additionally, it is important to test whether the usage of 

a mannuronante-specific Aly increases the hydrolysis time. Finally, the enzyme-based method can 

be applied to environmental samples such as crude extracts of brown algae. 

  

Figure 11. Comparison of (A)acid hydrolysis vs. (B) enzymatic hydrolysis. Low viscosity alginate from 

brown algae was dissolved in MQ and used in a final concentration of 5 mg ml-1. The enzymatic digest was 

carried out overnight at 30 °C. Alginate hydrolysis was measured using the reducing sugar assay PAHBAH. 

Error bars indicate technical triplicates. Enzyme digestion was not setup in triplicates. 
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Conclusion 

The remineralization of algal biomass by heterotrophic bacteria is a crucial step in the marine 

carbon cycle, but so far little is known about the enzymatic pathways of key degraders. The present 

study provides detailed insights into the biochemistry, function and structure of bacterial enzymes 

involved in the degradation of anionic polysaccharides from macroalgae. Anionic polysaccharides 

are an abundant but at the same time challenging food source for many marine bacteria. Key 

degraders have adapted and specialized enzymatic machinery to tackle these types of glycans. 

Consequently, scientists must combine multiple research disciplines ranging from microbial 

ecology to analytical chemistry, molecular and structural biology to shed light on bacterial glycan 

utilization. Ultimately, this work provides a better understanding of species interactions and food 

web dynamics, but also how enzymes can be used as analytical tools to investigate biogeochemical 

cycles and applied in other field of research. CAZymes and sulfatases represent a fascinating 

research topic with lots of potential for many more generations of curious scientists to come.
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Appendix 

Supplementary information – Discussion and future perspective 

Figure S1. Protein crystals of ulvan lyase PL28 and GH39 from F. agariphila KMM3901T. A-C: Optimization 

of crystal growth of 30_PL28. C+D: Variations in crystal morphology of 31_GH39. 
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Figure S2. Biochemical spectra of Alys PL6-1, PL7-1CD and PL17 from Alteromonas macleodii 83-1. (A-C) 

Thermal stability. Thermal stability of the protein was indicated by a constant radius (nm). Increasing 

hydrodynamic radius indicates unfolding and aggregation of the protein. (D-F) Influence of pH on 0.1 % poly G 

using 0.1 M ♦:Na-acetate, ▼:Na-citrate, ▲:Na-cacodylate ■:HEPES, ◊:TRIS, ●:CAPSO, (G-I) Influence of 

sodium chloride concentration on 0.1 % poly G and 0.1 M HEPES pH 7.8 (J-L) Influence of cations on 0.1 % poly 

G, 0.1 M HEPES pH 7.8 and 0.2 M NaCl. Error bars indicate the standard deviation of replicates. 



Appendix 
 

- 151 - 

 

Figure S3. Alys from A. macleodii 83-1 are L-guluronate specific. Enzymatic activity was determined on 0.1% 

substrate in 250 mM NaCl, 20 mM TRIS pH 8 at 25 °C. Error bars indicate measurement of triplicates. 

 

 

  

Figure S4. Degradation of alginate particles by Alys. Enzyme digestion at room temperature overnight (left): 

Endo-acting Alys PL6 and PL7 degraded alginate particles, whereas no activity was found for exo-acting PL17. 

Enzyme buffer was used as negative control (right) to demonstrate particle stability.  

PL6 PL7 

 

 

 

 

PL17 
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Supplementary information – Chapter 1.2.  

 

 
C 

 

Figure S1. (A) Annotation and relative abundance in (B) phyla. (C) Comparison between marine 

metagenomes (left) and NCBI (right) with total abundance (middle). 
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Figure S2. Secondary structure of FaGH2CBM. Image produced by PDBSum(Laskowski et al. 2018) showing 

α-helices as red barrels and β-strands as pink arrows. Blue arrows indicate the direction from N- to C-terminus.  

 

 

Figure S3. Clefts identified by PDBSum(Laskowski et al. 2018). Volume is given in Å3. Colour code for residue 

types: positive (blue), negative (red), neutral (green), aliphatic (grey), aromatic (purple) and others (yellow and 

orange). 
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Figure S4. Potential binding regions identified by multiple sequence and structural alignment. Catalytic 

(light grey) and putative binding domain (dark grey) of P17_GH2 are shown in cartoon representation. Proposed 

catalytic residues of P17_GH2(Reisky et al. 2019) are shown in red and proposed binding residues are shown in 

green and blue. 

 

 

Figure S5. Retention of FaGH2CBM on (A) terrestrial and (B) marine polysaccharides. BSA was used as 

negative control and shows no retention to any of the tested glycans during affinity gel electrophoresis. The control 

gels contain no glycan. 
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Table S1. Identified β-turns by PDBSum (Laskowski et al. 2018).  

No Turn Sequence Turn type H-bond 
1 Ser848-Pe851 SELF IV Yes 
2 Glu849-Arg852 ELFR IV Yes 
3 His869-Lys872 HWGK II No 
4 Tyr875-Leu878 YTDL I Yes 
5 Leu889-Ser892 LNES II No 
6 Asp901-Tyr904 DNRY I No 
7 Ala906-Gln909 ARDQ IV No 
8 Asp908-Gln911 DQLQ VIII Yes 
9 Ala914-Lys917 AGKK IV Yes 

10 Asp925-Val928 DDTV I No 
11 Asn946-Gly949 NVVG IV Yes 
12 Val947-Ala950 VVGA I No 
13 Glu969-Glu963 EEGE II No 
14 Gly969-Asp972 GNSD VIII Yes 
15 Ser971-Asp974 SDGD IV Yes 
16 Pro976-Cys979 PENC I no 

 

Table S2. Identified β-bulges by PDBSum (Laskowski et al. 2018).  

No. Bulge type Res X Res 1 Res 2 Res 3 
1 Antiparallel wide Phe912A Lys853A Phe854A  
2 Antiparallel G1 Ala914A Gly962A Glu963A  
3 Antiparallel special Val954A Thr941A Gly942A Asp943A 
4 Antiparallel classical Met967A Gln909A Leu910A  

 

Table S3. Amino acid composition. 

Residue 
abundance 

total % 
Al 8 5.6 

Arg 10 7 
Asn 9 6.3 
Asp 11 7.7 
Cys 1 0.7 
Gln 2 1.4 
Glu 11 7.7 
Gly 9 6.3 
His 4 5.6 
Ile 4 4.9 

Leu 9 4.2 
Lys 8 3.5 
Met 7 5.6 
Phe 6 5.6 
Pro 5 3.5 
Ser 8 5.6 
Thr 8 5.6 
Trp 2 1.4 
Tyr 10 7 
Val 11 7.7 
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Table S1. Protein sequence and primer sequences of FaGH2CBM. 

Amino acid 
sequence 

SELFRKFSYTGDGKAMLRTNMHWGKKAYTDLEYNYTVLPRYLNESEYVRTP 
NSDNRYWARDQLQFIAGKKMHIYVLHDDTVPRPEFLLRDYEDTG 
DNVNVVGASMSVFHRVAEEGESIIMAGNSDGDAPENCRMYTVMVKEFK* 

Molar extinction 
coefficient 

25900 

F primer (5‘’3) 
CTG GTG CCG CGC GGC AGC CAT ATG GCT AGC CCA AAT GTT ATC TAT 
ATC CTC GCC 

R primer (5‘’3) 
ATC TCA GTG GTG GTG GTG GTG GTG CTC GAG CTA TTT GAA GCG TTT 
CTT GAA ATT TAC ATT 

 

Table S2. Statistics of data collection and refinement.  

Data collection FaGH2CBM 
PDB Not submitted yet 

Data set 3964 pos12 
X-ray source PETRA III, DESY, P11 
Molecules in the ASU 3 

Wavelength (Å) 1.0332 
Resolution range (Å) 39.16-1.22 
Space group P1 21 1 
Unit cell (Å) 
Unit cell (°) 

34.91   37.10  157.06 
90.00   94.09   90.00 

Rsym(%) 0.113 (1.22) 

Completeness (%) 96 (86.3) 
Redundancy 5.7 (4.7) 

<I/(I)> 4.8 (0.6) 

No. of Reflections 686684 (24845) 

No. Unique 121078 (5306) 

Mosaicity 0.21 
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Table S3. Polysaccharides used in binding analyses. 

Polysaccharide Source Origin Supplier AGE ELISA CM 

Polygalacturonic acid (α-(1→4)-D-galacturonic acid) Citrus pectin Land plants Megazyme + + + 

Rhamnogalacturonan I Soy bean Land plants Megazyme + + + 

Glucomannan (β-(1→4)-D-mannose and D-glucose backbone) Konjac Land plants Megazyme + + + 

Laminarin (β-(1→3)-D-glucan) Eisenia bicyclis Macroalgae Carbosynth + + + 

Alginate Brown algae Macroalgae Sigma Aldrich + + + 

Ulvan Ulva armoricana Macroalgae Carbosynth + - + 

α-(1→5)-L-arabinan Sugar beet Land plants Megazyme - + + 

β-(1→4)-D-galactan Potato Land plants Megazyme - + + 

Galactomannan (β-(1→4)-D-mannan backbone) Carob Land plants Megazyme - + + 

Arabinoxylan Wheat flour Land plants Megazyme - + + 

Carboxymethyl cellulose (β-(1→4)-D-glucan) not available Land plants Megazyme - + + 

Xyloglucan  Tamarind seed Land plants Megazyme - + + 

Partially acetylated alginate Azotobacter vinelandii Bacteria Megazyme - - + 

Glucurono-Xylomannan (α-(1→3)-D-mannan backbone) Tremella fuciformis Fungi Elicityl - - + 

Pullulan (α-(1→4)(1→6)-D-glucan) Pullularia pullulans Fungi Megazyme - - + 

Pachyman (β-(1→3)-D-glucan) Poria cocos  Fungi Megazyme - - + 

Scleroglucan (β-(1→3)-D-glucan backbone) Sclerotium rolfsii Fungi Carbosynth - - + 

Mannan (β-(1→4)-D-mannan) Ivory nut Land plants Megazyme - - + 

β-(1→4)-D-xylan Beechwood Land plants Megazyme - - + 

β-glucan (β-(1→3)(1→4)-D-glucan) Barley Land plants Megazyme - - + 

Lichenan (β-(1→3)(1→4)-D-glucan) Icelandic moss Lichen (Fungi) Megazyme - - + 

Pustulan (β-(1→6)-D-glucan) Lasallia pustulata Lichen (Fungi) Elicityl - - + 

Laminarin (β-(1→3)-D-glucan) Laminaria digitata Macroalgae   - - + 

Fucoidan  Fucus vesiculosus Macroalgae Sigma Aldrich - - + 

Fucoidan  Sargassum fusiforme Macroalgae Glycomix - - + 

Fucoidan  Laminaria Macroalgae Glycomix - - + 

Galactofucan Undaria pinnatifida Macroalgae Elicityl - - + 
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Fucoidan  Cladosiphon okamurans Macroalgae Carbosynth - - + 

Fucoidan  Ascophyllum nodosum Macroalgae Carbosynth - - + 

Fucoidan Fucus serratus Macroalgae Carbosynth - - + 

Porphyran Porphyra umbilicalis Macroalgae - - - + 

Mannan (α-(1→6)-D-mannan backbone) Saccharomyces cerevisiae Yeast (Fungi) Sigma Aldrich - - + 

Ulvan Enteromorpha sp. Macroalgae Elicityl - + - 

Ulvan Ulva sp. Macroalgae Elicityl - + - 

purified fucoidan Fucus serratus Macroalgae Carbosynth - + - 

purified fucoidan Fucus vesiculosus Macroalgae Carbosynth - + - 

purified fucoidan Undaria pinnatifida Macroalgae Carbosynth - + - 

purified fucoidan Macrocystis pyrifera Macroalgae Carbosynth - + - 

purified fucoidan Ecklonia maxima Macroalgae Carbosynth - + - 

purified fucoidan Sargassum fusiforme Macroalgae Carbosynth - + - 

purified fucoidan Cladosiphon okamurans Macroalgae Carbosynth - + - 

purified fucoidan Lessoia nigresecens Macroalgae Carbosynth - + - 

purified fucoidan Durvilaea potatorum Macroalgae Carbosynth - + - 

GM-block alginate Brown algae Macroalgae Sigma Aldrich - + - 

G-block alignate Brown algae Macroalgae Sigma Aldrich - + - 

M-block alginate Brown algae Macroalgae Sigma Aldrich - + - 

λ-carrageenan    Macroalgae Sigma Aldrich - + - 

κ-carrageenan    Macroalgae Sigma Aldrich - + - 

ι-carrageenan    Macroalgae Sigma Aldrich - + - 

hyaluronic acid     Sigma Aldrich - + - 

chondritin sulfate marine - Sigma Aldrich - + - 

total - - - 6 30 32 
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Supplementary information – Chapter 2.1. 

 

Table S1. Data collection and refinement statistics. 

Data collection 21_S1_15 
PDB Not submitted yet 

Structural homologue PDB: 1E2S 
Data set 21S1_15/21S1_15_011  

X-ray source PETRA III, DESY P11 
Molecules in the ASU 1 
Wavelength (Å) 1.0332 

Resolution range, Å 48.94 - 1.70 
Space group P212121 
Unit cell (Å) 
Unit cell (°) 

61.72 80.31 97.25 
90.00 90.00 90.00 

Rsym(%) 0.072 (0.486) 

Completeness (%) 99.4 (92.6) 
Multiplicity 12.8 (12.6) 

<I/(I)> 20.0 (4.2) 

CC(1/2) 0.999 (0.952) 
No. of Reflections 687391 (33048) 
No. Unique 53780 (2627) 

Mosaicity 0.16 
Wilson B.-factor 20.6 

 

Table S2. Overview over cloned constructs. 

Locus tag LCC4_2_21 
Signal peptide  0-19 
Molar extinction coefficient 1.364 
F primer (5‘’3) CTG GTG CCG CGC GGC AGC CAT ATG GCT AGC CCA AAT 

GTT ATC TAT ATC CTC GCC 
R primer (5‘’3) ATC TCA GTG GTG GTG GTG GTG GTG CTC GAG CTA TTT 

GAA GCG TTT CTT GAA ATT TAC ATT 
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Figure S1. Operon for sulfated fucan degradation on the plasmid of ‘Lentimonas’ sp. CC4. The genomic 

region surrounding the 21_S1_15 sulfatase and the 22_GH29 fucosidase located on the plasmid of 

‘Lentimonas’ sp. CC4 is shown. Sulfatases, CAZymes, and hypothetical proteins are shown in orange, blue 

and grey. Gene transcription from cells grown on iota-carrageenan or fucoidan from Fucus vesiculosus is 

represented as transcript per million (TPM) averaged over 10 bp.
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Figure S2. Dendrogram and sequence alignment of subfamily S1_15. The Arylsulfatase of subfamily S1_3 from Homo sapiens was used as outgroup.  Bar charts show 

relative abundance of phyla and habitat.
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Figure S3. TLC of AMAC-labeled carrageenan oligosaccharides. Gal: D-galactose, Gal6S: D-Galactose-

6-O-sulfate sodium salt, k-DA-G4S: Neocarrabiose-4-O-sulfate sodium salt DP2, -: no enzyme, +: with 

enzyme. 

 

 

Figure S4. Correlation matrix of PDB matched structures along positions of 21_S1_15. Correlation is 

undefined if a position is invariantly occupied or empty; in these cases, correlation is set to one (two 

invariantly occupied columns) or zero (otherwise). X axis labels are PDB residue numbers and Y axis labels 

are sequential residue numbers (Holm and Elofsson 2019). 
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Figure S5. Regions and signature sequences of arylsulfatases active site residues. Sequences derive from 

structures of different S1 subfamilies. Degree of conservation is displayed as size of the amino acids. 

Positively charged residues: blue, hydrophobic residues: black, negatively residues: red. Stars indicated 

conserved residues of the active site. 
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Table S1. Primer sequences of 30_GH95. 

LCC4_2_30_GH95 

MKITSSLALLALSLVGLNASDERYVLQYDSPAANDLIKAKGKSKEPKFIKTALPLGNGRLGAMFSG

GVDEEHLCINDITLWMNTRRGQDEVAQSAARSVTPEDYEKVREAYREERMGSGPESMESISTKYL

STKQKVGNYAPFTNVVIATGHDAASVSNYQRSLDTRTGLGRVSYSANGGQFTREYFCSYPNDVM

GARYTAEGAKLNLTIQTITYHKVNVLKATGNRILLEAETNMTQDNMHYAQIIEVDAADGKVTAQA

DGSIKVSGATDVSIYLVGYTDYLPNYPTFKGRDFRGDAEKAINAASKLGYHALKQAHVADFTALM

DRCRLELDFKPSGKTTDELTKNPSLELENLYFHHSRYLQISCSRGAPVPSNLQGLWNASLKPAWNA

DYHWDINVAMNYWMVETANLPESFAPYMEFMKVMAVSGQHTARETFGINQGWSMGLNGNIFG

WTAQNEHGRRMQQSGHWAAQHLLEHYAFGGDKEYLEEAYPIMKGAAEFFVEHLSPWKDGTLVV

YPTWSPENNYAKGKLNKQTYGAAWDQQLILGLFTDCIEASYILNRDAEFRATLQKMIPQLSPQKIG

KHGQLQEWIDDYDDPKNKHRHISHLIALHPGRDISPLTTPELHQAALVTMKHRGDASTGWSTGWK

TNFWSRLHDGDHAHKIYQFLTSKRAYPNLFDFHPPFQIDGNFGGGAGVCEMLLQSHLRSVNPNAA

TVSEAAFIAYQQSPENPKHFVPVVPGESLVSAPFILHLLPALPSEWATGKVKGLRARGGFEVDIEW

VNGQLVEATIHATRDSACRVYSNGKISDTITLKKGESKVWK* 

Forward primer:  

CTGGTGCCGCGCGGCAGCCATATGGCTAGC GATGAGCGTTATGTCCTACAA 

R primer: 

ATCTCAGTGGTGGTGGTGGTGGTGCTCGAG TTACTTCCAAACCTTCGATTC 

 

 

Table S2. IEX-purified fucoidans from macroalgae. The fucose content is given in % and mg ml-1 in 9 mg 

ml-1 fucoidans used for enzymatic digests. 

Species Fucose (%) Fucose (mg) Supplier 

Fucus vesiculosus 52 4.68 Carbosynth 

Fucus serratus 13.62 1.23 Carbosynth 

Durvillaea potatorum 22.82 2.05 Carbosynth 

Sargassum fusiforme 29.08 2.62 Carbosynth 

Ecklonia maxmima 42 3.76 Carbosynth 

Lessonia nigrescens 51.72 4.65 Carbosynth 

Undaria pinnatifida 35.7 3.21 Carbosynth 

Macrocystis pyrifera 49.8 4.48 Carbosynth 

Cladosiphon okamuranus 32.87 2.96 Carbosynth 
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Table S3. Activity screening using human milk and blood oligosaccharides. 

Substrate Structure Fucose Galactose 

Blood group H 

 

  

1,3-galactobiose 
 

n.d. n.d. 

1,4-galactobiose 
 

n.d. n.d. 

1,6-galactobiose 
 

n.d. n.d. 

2-fusosyllactose 

 

  

3’-fucosyllatose 

 

n.d. n.d. 

Lewisx 

 

 n.d. 

Lewisa 

 

n.d. n.d. 

Lewisy 

 

n.d. n.d. 

Lewisb 

 

n.d. n.d. 

Blood group B type 5 

 

n.d. n.d. 

Reduced XFG xylogucan 

 

 n.d. 
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Figure S1. Multiple sequence alignment of 30_GH95 identifies putative catalytic residues. Catalytic 

residues are marked with a triangle (▲), whereas other highly conserved active site residues are marked with 

a star (★). 
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Figure S1. Multiple sequence alignment of 30_GH95 identifies putative catalytic residues. Continued. 
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Figure S2. Structure model of 30_GH95. Surface representation of (A) 30_GH95 and (B) closeup of active 

site. Negatively charged small pocket-structure of the active site indicates exo-acting mechanism of 

desulfated substrate. Blue: negatively charged amino acids, red: positively charged amino acids. 

Superimposition of α-Fuc (yellow), β-Fuc (green) and Gal (turquois) from PDB: 4UFC and 2EAE into the 

active site. This model was generated by Phyre2. Confidence in the model: 769 residues (94 % coverage) 

modelled at > 90 % accuracy. 
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Supplementary information – Chapter 2.3.  

 

 

Fig. S1. Activity screening using chromogenic substrates. 0.05 mg ml-1 GH29s were incubated 

at 30°C with 1 mM substrate (A) fucopyranose or (B) galactopyranose. The reaction was stopped 

with the same volume of 250 mM NaOH.  
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Tab S1. Biochemical characterization of GH29s using α-L-pNP-fucopyranoside. ND: not determined. -: 

absence of activity. 

Locus tag 
Molecular 

weight 
(kDa) 

Thermal 
stability 

(°C) 

pH and buffer 
optimum 

NaCl 
optimum 

[mM] 
Cofactors 

LCC4_2_22 54.5 38 
pH 5.7 

Na-citrate 
0.2 - 1 ↓ Cu(II)SO4 

LCC4_2_71 62.7 33.5 pH 5.4 - 8 0.4 ↑ MnCl2 

LCC4_2_169 51.1 41 
pH 6.6 

Na-cacodylate 
- 

↓ CuSO4
2-

 

↓ CuCl2 

↓ ZnCl2 

LCC4_2_171 56.8 35 pH 5.7 – 6.6 0.7 
↓ MnCl2 

↓ ZnCl2 

↓ CuSO4
2- 

LCC4_2_210 56 40 - - - 
LCC4_2_211 56.5 37 - - - 

LCC4_2_230 54.6 36.5 
pH 5.4 

Na-citrate 
1 - 

LCC4_2_67 53.6 46 
pH 5 

Na-citrate 
- ↓ MnCl2 

LCC4_2_233 65.4 30 ND ND ND 

LCC4_2_269 68.2 40 
pH 5 

Na-citrate 
- - 

LCC4_2_293 73 40 
pH 5.7 

Na-citrate 
0.2 - 

LCC4_2_103 66.9 46 
pH 5.7 

Na-citrate 
- ↓ MnCl2 

LCC4_2_161 68.7 ND ND ND ND 

LCC4_1_2701 60.6 ND 
pH 5.7 

Na-citrate 
0.7 

↓ CoCl2 

↓ CuCl2 

↓ ZnCl2 

LCC4_2_218 60 37 pH 5.4 - 6 ND 
↓ CuSO4

2-
 

↓ MnCl2 

↓ ZnCl2 
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Fig. S2. Marine GH29s have a structurally diverse C-terminus. (A) Cartoon representation of 

LCC4_2_22: Conserved residues among GH29s from ‘Lentimonas’ sp. CC4 are color-coded from variable 

(green) to conserved (purple). Magnesium ion is shown as sphere. (B) Match correlation matrix: Correlation 

of matched structures from PDB (x-axis) along positions of 22_GH29 (y-axis). Structural domains show 

strong positive correlation (red) within domains and negative correlation (blue) between domains. 

 

 

Fig. S3. GH29s from ‘Lentimonas’ sp. CC4. Bootstrap values are shown at branch node of dendrogram. 

Structural alignment revealing conserved aspartic acid (D) as nucleophile and aspartic or glutamic acid (D/E) 

as acid/base. Family GH107 was used as outgroup. 
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Fig. S4. Single-site mutagenesis of catalytic residue pair of 22_GH29. Relative activity of 22_GH29D210A 

and 22_GH29D259A on pNP-α-L-Fuc in comparison with wildtype. Error bars indicate standard deviation of 

technical triplicates.  
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Tab. S2. Primer list of cloned GH29s. 

Locus tag 
Signal 
peptide 

Molecular 
Extinction 
coefficient 

F primer 
(5‘’3) 

R primer 
(3‘’5) 

LCC4_2_22 0-22 2.021 
CTG GTG CCG CGC GGC AGC 
CAT ATG GCT AGC GCC GAC 
CAG ACG GAC GAT 

ATC TCA GTG GTG GTG GTG GTG GTG 
CTC GAG CTA GTG ACG TGC GGC TTT 
AAC 

LCC4_2_22 
Asp210mutant 

0-22 2.021 
TGGTTCGCTGTCGGTGGT 
AATAATGTCGTCGAAGCC 

CGACAGCGAACCACAACACGG 
CCATATCGC 

LCC4_2_22 
Asp259mutant 

0-22 2.021 
CTTCCAGCCCGCATGCTA 
CCAGCGAAGCGTAT 

GCGGGCTGGAAGGGAGTTAAA 
GTCAGCATATTTTTGCTG 

LCC4_2_71 / 2.344 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCATGGACAAGATGTG
GGGCG 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTATTAGAGCTCGTTGACGGGT
G 

LCC4_2_169 0-26 1.548 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCCGCATCGGGCCACT
ATTGAA 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTATTATTTCACAAACTCTACA
TGATC 

LCC4_2_171 0-29 2.564 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGACGAACTCGGCGA
AGACC 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTACTAGAACACAATCTTCACC
ATGTC 

LCC4_2_210 0-20 2.064 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGAGGAGTTTGACTA
TGCAGCG 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTATTATTTCGATCGAACGGTA
TCGC 

LCC4_2_211 0-26 1.919 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCAAGCAAGAACTCAC
GCAAGAG 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTATTATTTGGATCGAATCGCA
TCCC 

LCC4_2_230 0-24 2.024 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGAGCGTTCAGAATG
GCAAGTG 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTATTAAAATTCTAAACAAACA
ACGGT 

LCC4_2_67 0-22 1.465 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCAATACCAAAAAGGC
GCCCAA 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTAGAGGGTAACTTTAATCACC 

LCC4_2_233 0-21 2.387 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGCAAAGCCTGAGAC
CGAAGT 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTACTAATCTGAAACGGGAAC 

LCC4_2_269 0-21 1.859 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCAATAGCGGTTCAGA
GGCGC 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTCAATTGAATGGAATCAGCCT 

LCC4_2_293 0-30 1.322 

CTGGTGCCGCGCGGCAGCCATA
TG 
GCTAGCCAAACCGATTCAAAAC
CGAAA 

CTGGTGCCGCGCGGCAGCCATA 
TGGCTAGCCAAACCGATTCAAAACCG
AAA 

LCC4_2_103 0-29 1.966 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGTGTCTCAGCGAGC
AGAC 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGCTACTGACTTAGTATTACTTCC 

LCC4_2_161 0-21 1.508 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGCCGGTAAACCTTC
AACGA 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTCAATCGCGTTCGCTGGAT 

LCC4_2_218 0-23 2.342 
CTGGTGCCGCGCGGCAGCCATA
TGGCTAGCGACAGCTCGAATCA
ACCGT 

ATCTCAGTGGTGGTGGTGGTGGTGCT
CGAGTTATTTTTTCTTCTGTTTCTTGG 

LCC4_1_2701 0-23 2.249 
CTG GTG CCG CGC GGC AGC 
CAT ATG GCT AGC TCT GGA 
ACA CCT TAT GAC GG 

ATC TCA GTG GTG GTG GTG GTG GTG 
CTC GAG TTA ACG ATA CGG TTC GAG 
CGT 
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Fig. S5. Calibration curves of analytical SEC. Logarithmic scale of the molecular mass (kDa) in 

dependence of the elution volume (ml). 
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Tab. S3. X-ray data collection and structure statistics. 

  

Data collection LCC4_2_22 LCC4_2_71 LCC4_2_169 LCC4_1_2701 

Structural homologue 2WVS Ensemble 6GN6 Ensemble 

Data set GH29 1018 3967 pos6 3967 pos14 3692 pos11 

X-ray source 
PETRA III, 
EMBL P13 

DLS 

MX 

DLS 

MX 

PETRA III, 

DESY P11 

PDB Not submitted yet 
Not submitted 

yet 
Not submitted yet Not submitted yet 

Molecules in the ASU 1 4 2  

Wavelength (Å) 1.033 1.0332 1.0332 1.0332 

Resolution range, Å 59.63-1.778 58.59-2.11 62.54-1.63 69.55-2.74 

Space group P21 21 21 P212121 P 63 2 2 P1 21 1 

Unit cell (Å) 

Unit cell (°) 

74.99 76.03 
96.09 

90 90 90 

95.94 112.86 
391.98 

90 90 90 

144.43 144.43 
61.25 

90 90 120 

67.86 139.11 
93.94 

90 102.12 90 

Rsym(%) 0.167 (0.652) 0.158 (1.668) 0.25 (6.348) 0.192 (3.538) 

Completeness (%) 98.5 (98.9) 97.4 (76.5) 93.5 (57.0) 99.9 (99.1) 

Redundancy 7.2 (7.5) 11 (4.7) 37.2 (29.9) 6.8 (7.0) 

<I/(I)> 7.9 (3.3) 8.3 (0.6) 11 (0.4) 6.4 (0.5) 

No. of Reflections 377820 (22268) 2747462 (44574) 1733159 (40508) 331924 (31089) 

No. Unique 52571 (2959) 249131 (9572) 46579 (1355) 49074 (4462) 

Mosaicity 0.44 0.0 0.0 0.0 
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